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Abstract 

This study presents a groundbreaking microcapsule-mediated delivery platform 

that addresses two critical challenges in cellular nanomaterial engineering: (i) strategies 

for enhancing intracellular transport kinetics of rigid nanoparticles following endosomal 

escape, and (ii) development of biodegradation approaches for internalized environmental 

nanoplastics. By employing layer-by-layer (LbL) assembled polyelectrolyte capsules 

with stimuli-responsive release capabilities (photothermal or pH-triggered), we have 

established a robust spatiotemporal control system for nanodrug delivery while 

simultaneously enabling enzymatic degradation of plastic particulates within 

endolysosomal compartment. 

On one hand, we systematically investigated the cytoplasmic diffusion behavior 

of rigid nanoparticles (core diameter: 1.5-100 nm) following photoinduced release from 

microcapsules. High-resolution confocal laser scanning microscopy (CLSM) with 

superior temporal resolution revealed four significant findings regarding intracellular 

transport: (a) PEGylation effects: Compared to non-PEGylated rigid nanoparticles, those 

with PEG coatings exhibited markedly enhanced diffusion, as confirmed by molecular 

dynamics simulations demonstrating stronger interaction forces between PEG-coated 

nanoparticles and water molecules; (b) Size-dependent transport characteristics: Smaller 

nanoparticles displayed significantly greater diffusion capacity than their larger 

counterparts; (c) Terminal group chemistry: Experimental results demonstrated that 

methoxy-terminated PEG coatings facilitated faster diffusion compared to carboxyl-

terminated equivalents; (d) Co-loading phenomenon: Calcein co-encapsulation within the 

capsules enhanced nanoparticle-water interactions through unstable calcein-mediated 

binding, suggesting that calcein-doped PEGylated nanoparticles could overcome low 

diffusion performance. Consequently, calcein-mediated PEGylated nanoparticle delivery 

may represent a potential solution to the cytosolic delivery bottleneck, enhancing 

intracellular release of nanoparticles from endosomes to target sites and further improving 

nanoparticle delivery efficiency. 

On the other hand, we demonstrated that enzyme-loaded capsules (PETase@caps) 

can effectively degrade internalized PET nanoparticles, providing proof-of-concept for 

cellular-level plastic clearance. The capsule-based system enabled enzyme enrichment 

and intracellular delivery, achieving co-localization of enzymes and plastic nanoparticles 

within endolysosomal compartments. The PEI-mediated proton buffering effect 
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successfully neutralized the acidic lysosomal environment, facilitating intracellular 

plastic nanoparticle degradation. These findings suggest the potential for translating this 

plastic degradation capability into cellular systems. 
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Zusammenfassung 

Diese Studie stellt eine bahnbrechende, mikrokapselvermittelte Lieferplattform 

vor, die zwei kritische Herausforderungen in der zellulären Nanomaterialtechnik 

adressiert: (i) Strategien zur Verbesserung der intrazellulären Transportkinetik starrer 

Nanopartikel nach dem endosomalen Entkommen und (ii) die Entwicklung von 

Biodegradationsansätzen für internalisierte Umwelt-Nanoplastikpartikel. Durch den 

Einsatz von Schicht-für-Schicht (LbL) assemblierten Polyelektrolytkapseln mit stimuli-

responsiven Freisetzungsfähigkeiten (photothermisch oder pH-getriggert) haben wir ein 

robustes raumzeitliches Kontrollsystem für den Nanowirkstofftransport etabliert, das 

gleichzeitig die enzymatische Degradation von Plastikpartikeln im endolysosomalen 

Kompartiment ermöglicht. 

Einerseits untersuchten wir systematisch das zytoplasmatische 

Diffusionsverhalten starrer Nanopartikel (Kerndurchmesser: 1,5-100 nm) nach der 

photoinduzierten Freisetzung aus Mikrokapseln. Hochauflösende konfokale Laser-

Scanning-Mikroskopie (CLSM) mit überlegener zeitlicher Auflösung enthüllte vier 

bedeutende Erkenntnisse zum intrazellulären Transport: (a) PEGylierungseffekte: Im 

Vergleich zu nicht-PEGylierten starren Nanopartikeln zeigten PEG-beschichtete 

Nanopartikel eine deutlich verbesserte Diffusion, was durch 

Molekulardynamiksimulationen bestätigt wurde, die stärkere Wechselwirkungskräfte 

zwischen PEG-beschichteten Nanopartikeln und Wassermolekülen demonstrierten; (b) 

Größenabhängige Transporteigenschaften: Kleinere Nanopartikel wiesen eine signifikant 

größere Diffusionskapazität auf als ihre größeren Gegenstücke; (c) Endgruppenchemie: 

Experimentelle Ergebnisse zeigten, dass methoxy-terminierte PEG-Beschichtungen eine 

schnellere Diffusion ermöglichten als carboxy-terminierte Äquivalente; (d) Co-Loading-

Phänomen: Die Co-Encapsulation von Calcein in den Kapseln verstärkte die 

Nanopartikel-Wasser-Wechselwirkungen durch instabile Calcein-vermittelte Bindungen, 

was darauf hindeutet, dass Calcein-dotierte PEGylierte Nanopartikel die geringe 

Diffusionsleistung überwinden könnten. Folglich könnte die Calcein-vermittelte 

PEGylierte Nanopartikel-Lieferung eine potenzielle Lösung für den zytosolischen 

Lieferengpass darstellen, indem sie die intrazelluläre Freisetzung von Nanopartikeln aus 

Endosomen zu Zielorten verbessert und die Nanopartikel-Liefereffizienz weiter steigert. 

Andererseits zeigten wir, dass enzymbeladene Kapseln (PETase@caps) 

internalisierte PET-Nanopartikel effektiv abbauen können, was einen 
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Machbarkeitsnachweis für die plastikabbauende Wirkung auf Zellebene liefert. Das 

kapselbasierte System ermöglichte eine Enzymanreicherung und intrazelluläre Lieferung, 

wodurch eine Kolokalisation von Enzymen und Plastiknanopartikeln innerhalb 

endolysosomaler Kompartimente erreicht wurde. Der PEI-vermittelte 

Protonenpuffereffekt neutralisierte erfolgreich das saure lysosomale Milieu und 

erleichterte so den intrazellulären Abbau von Plastiknanopartikeln. Diese Ergebnisse 

deuten auf das Potenzial hin, diese Plastikabbaufähigkeit in zelluläre Systeme zu 

übertragen. 
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1 Introduction 

1.1 Nanodrugs 

The targeted delivery of therapeutic agents to specific diseased tissues or cellular 

compartments is a critical objective in modern diagnostics and treatment strategies [1]. 

Nanomedicine has emerged as a highly promising platform for the precise delivery of a 

diverse range of therapeutic and diagnostic agents, including drugs, contrast agents, 

immunotherapies, and gene-editing tools [2-4]. By leveraging nanotechnology, these 

delivery systems can be meticulously engineered to exhibit tailored physical and chemical 

properties, which govern their interactions with biological environments and determine 

their ultimate delivery destinations [5, 6]. This capability enables nanotechnology to 

address the inherent limitations of conventional drug delivery systems, such as poor 

bioavailability, non-specific distribution, and suboptimal cellular uptake, by facilitating 

the transport of cell-specific targeting molecules to precise organelles or tissues [7, 8]. 

Nanodrugs represent a significant and rapidly advancing frontier in the field of 

modern drug delivery [9, 10]. Within this domain, nanoparticles (NPs) are categorized 

into multiple subclasses, each with distinct structural and functional characteristics [11, 

12]. Among these, several subclasses have garnered substantial attention due to their 

unique properties and therapeutic potential. These include lipid-based NPs [13], 

polymeric NPs [14], and inorganic NPs [15], each of which can be further subdivided into 

specialized categories tailored for specific applications. Each subclass offers unique 

advantages in terms of biocompatibility, payload capacity, and targeting efficiency, 

making them indispensable tools in the development of next-generation nanomedicines 

[16-18]. 

 

 

1.1.1 Lipid -based nanoparticles (NPs) 

Lipid-based NPs encompass a diverse array of nanostructures, predominantly 

characterized by spherical configurations featuring at least one lipid bilayer enveloping 

an internal aqueous compartment (Figure 1.1) [19]. These NPs are highly regarded as 

drug delivery systems due to their formulation simplicity, self-assembly properties, 
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biocompatibility, high bioavailability, and capacity to carry substantial payloads [20-22]. 

Additionally, their physicochemical properties can be finely tuned to modulate biological 

interactions, making them the most prevalent class of FDA-approved nanomedicines [23, 

24]. 

 

 

Figure 1.1. Each class of nanoparticle (NP) features multiple subclasses, with some of 

the most common highlighted here. Each class has numerous broad advantages and 

disadvantages regarding cargo, delivery, and patient response [19]. 

 

Liposomes 

Liposomes, a prominent subset of lipid-based NPs, are primarily composed of 

phospholipids, forming unilamellar or multilamellar vesicular structures. This 

architecture enables the encapsulation and delivery of hydrophilic, hydrophobic, and 

lipophilic drugs, often simultaneously within the same system, thereby broadening their 

therapeutic applications [25, 26]. The stability of liposomes, both in vitro and in vivo, is 

influenced by factors such as NP size, surface charge, lipid composition, lamellae 

number, and surface modifications (e.g., ligands or polymers), which can be precisely 

controlled during synthesis [27-30]. To mitigate rapid uptake by the reticuloendothelial 

system (RES), liposomes are often surface-modified to prolong circulation time and 

enhance targeted delivery, facilitating their clinical utility [30, 31]. 

 



 

3 

 

Lipid nanoparticles (LNPs) 

LNPs, another significant subset, are liposome-like structures primarily utilized 

for nucleic acid delivery parameters [32, 33]. Unlike traditional liposomes, LNPs form 

micellar structures within their core, a morphology that can be adjusted based on 

formulation parameters [34, 35]. LNPs typically consist of four key components: (1) 

cationic or ionizable lipids for complexing with negatively charged genetic material and 

facilitating endosomal escape, (2) phospholipids for structural integrity, (3) cholesterol 

for stability and membrane fusion, and (4) PEGylated lipids to enhance stability and 

circulation [36, 37]. Their efficacy in nucleic acid delivery, coupled with straightforward 

synthesis, small size, and serum stability, has positioned LNPs as critical tools in 

personalized genetic therapies [38, 39]. Ionizable LNPs, in particular, exhibit a near-

neutral charge at physiological pH but become charged in acidic endosomal 

environments, promoting intracellular delivery [40]. However, challenges such as low 

drug loading and preferential biodistribution to the liver and spleen remain limitations 

[41, 42]. 

 

 

1.1.2 Polymeric nanoparticles (NPs) 

Polymeric NPs are synthesized from natural or synthetic materials, including 

monomers or preformed polymers, enabling a wide range of structures and functionalities 

(Figure 1.1) [43, 44]. These NPs are highly versatile, offering precise control over 

physicochemical properties, biocompatibility, and straightforward formulation 

parameters [14, 45]. Synthesis techniques such as emulsification, nanoprecipitation, ionic 

gelation, and microfluidics yield NPs with distinct characteristics [46-49]. Polymeric NPs 

can encapsulate therapeutics within their core, entrap drugs in the polymer matrix, 

chemically conjugate payloads to the polymer, or bind drugs to the NP surface [50, 51]. 

This versatility allows for the delivery of hydrophobic and hydrophilic compounds, as 

well as macromolecules such as proteins, vaccines, and genetic material making them 

ideal for co-delivery applications [52, 53]. By modulating properties like composition, 

stability, responsivity, and surface charge, drug loading efficiency and release kinetics 

can be finely controlled ) [11, 54]. 
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Nanocapsules and nanospheres 

Polymeric NPs are broadly categorized into nanocapsules (featuring a polymeric 

shell surrounding a cavity) and nanospheres (solid matrix systems) [55]. Subcategories 

include polymersomes, micelles, and dendrimers [56]. Polymersomes, composed of 

amphiphilic block copolymers, resemble liposomes but exhibit enhanced stability and 

cargo retention, making them effective for cytosolic delivery [57]. Common polymers 

used include poly(ethylene glycol) (PEG) [58] and poly(dimethylsiloxane) (PDMS) [59]. 

Polymeric micelles, formed from responsive block copolymers, self-assemble into 

nanospheres with a hydrophilic core and hydrophobic coating, protecting aqueous drug 

cargo and extending circulation times. These micelles have been employed in clinical 

trials for cancer therapeutics [60, 61]. 

 

Dendrimers 

Dendrimers are hyperbranched polymers with highly controllable mass, size, 

shape, and surface chemistry [62]. Their exterior functional groups enable conjugation of 

biomolecules or contrast agents, while drugs can be loaded within their interior. 

Dendrimers are particularly explored for nucleic acid and small molecule delivery, with 

charged polymers like poly(ethylenimine) (PEI) and poly(amidoamine) (PAMAM) being 

commonly used [63-65]. Several dendrimer-based products are in clinical trials for 

applications such as theranostics, transfection, and contrast imaging [66]. 

Polyelectrolytes, another class of charged polymers, exhibit pH-dependent charge and are 

used to enhance bioavailability and mucosal transport [67, 68]. 

 

Despite their advantages, polymeric NPs face challenges such as particle 

aggregation and potential toxicity. While only a limited number of polymeric 

nanomedicines are FDA-approved, numerous candidates are under clinical investigation 

[69]. 

 

 

1.1.3 Inorganic nanoparticles (NPs) 

Inorganic NPs, synthesized from materials such as gold, iron, and silica, are 

engineered for drug delivery and imaging applications (Figure 1.1). These NPs exhibit 
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unique physical, electrical, magnetic, and optical properties, enabling niche applications 

unattainable with organic materials. 

 

Gold nanoparticles (Au NPs) 

Au NPs, the most extensively studied inorganic NPs, are utilized in various forms, 

including nanospheres, nanorods, nanostars, nanoshells, and nanocages [70, 71]. Their 

surface plasmon resonance, resulting from oscillating free electrons, confers 

photothermal properties, making them valuable for imaging and photothermal therapy 

[72]. Au NPs are also easily functionalized, enhancing their delivery capabilities [73-75]. 

 

Iron oxide nanoparticles 

Iron oxide NPs, primarily composed of magnetite (Fe3O4) or maghemite (Fe2O3), 

exhibit superparamagnetic properties at specific sizes, making them effective as contrast 

agents, drug delivery vehicles, and thermal-based therapeutics [76]. They constitute the 

majority of FDA-approved inorganic nanomedicines [77, 78]. 

 

Other inorganic NPs 

Calcium phosphate and mesoporous silica NPs are also widely used for gene and 

drug delivery [79]. Quantum dots, typically composed of semiconducting materials like 

silicon, are primarily employed in in vitro imaging but show promise for in vivo 

diagnostics [80, 81]. 

While inorganic NPs offer unique advantages for diagnostics, imaging, and 

photothermal therapies, their clinical application is limited by low solubility and toxicity 

concerns, particularly with heavy metal-based formulations [82, 83]. 

Despite significant advancements in nanomedicine, the efficacy of therapeutic 

delivery is often compromised by formidable biological systems that impede the 

therapeutic effect of nanotherapeutic agents at diseased sites [12]. Although substantial 

research efforts have been directed toward the integration of multifunctional components 

into nanoparticle design to enhance their delivery capabilities, many of these strategies 

remain insufficient in overcoming the complex biological challenges inherent in vivo 

[84]. Understanding the intricate interplay between nanoparticles and biological 

environments is essential to address these challenges and optimize therapeutic outcomes 

[6, 85]. 
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1.2 The fate of delivery drugs in biological systems 

The primary objective of drug delivery is the delivery of drugs in the form of free 

molecules into targeted cells, thereby exerting their pharmaceutical effects [13, 86]. 

Nanoparticle delivery systems undergo a series of complex interactions with various 

biological components, including molecules, cells, tissues, and organs, as they traverse 

the body (Figure 1.2) [87, 88]. These interactions, collectively referred to as nanoparticleï

biological (nanoïbio) interactions, critically determine the fate and behavior of 

nanomaterials within biological systems [6, 85].  

The hierarchical nature of nano-bio interactions presents a series of formidable 

biological barriers that significantly impede the targeted delivery of nanoparticles to their 

intended site of action [12, 89]. At each physiological interface, nanoparticles are 

susceptible to various elimination mechanisms, including reticuloendothelial system 

(RES) sequestration, enzymatic degradation, protein corona formation, and immune-

mediated clearance, which collectively contribute to a substantial attrition rate throughout 

the delivery trajectory [90, 91]. A comprehensive understanding of the complex interplay 

between nanoparticle physicochemical properties (size, shape, surface charge, and 

hydrophobicity) and biological components (plasma proteins, endothelial cells, 

extracellular matrix, and cellular membranes) at each hierarchical level is crucial for the 

rational design of advanced nanocarriers [5, 92]. The optimization of nanoparticle 

characteristics specifically navigates the intricate biological milieu of the delivery 

pathway, thereby enhancing targeting efficiency and therapeutic outcomes [7]. 
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Figure 1.2. Biological levels of nanoparticle barriers [88]. 

 

In a seminal work on nanomedicine-based cancer therapeutics, Sun et al. 

introduced the conceptual framework of the CAPIR cascade, which delineates the 

sequential biological barriers encountered in tumor-targeted drug delivery systems [93, 

94]. The fundamental objective of anticancer nanomedicine delivery is to facilitate the 

transport and subsequent liberation of therapeutic agents as bioactive molecules within 

the intracellular compartment of malignant cells to exert their pharmacological activity. 

From a pharmacokinetic perspective, systemically administered nanomedicines must 

successfully navigate through five critical physiological stages: (1) systemic circulation 

within vascular compartments, (2) extravasation and tumor-specific accumulation 

mediated by the enhanced permeability and retention (EPR) effect through the aberrant, 

hyperpermeable neovasculature, (3) interstitial transport and deep tissue penetration 
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within the tumor microenvironment to reach target cells, (4) cellular internalization via 

endocytic pathways, and (5) intracellular drug release from the nanocarrier system - 

collectively termed the CAPIR cascade (Figure 1.3). Consequently, the overall delivery 

efficiency (Q), defined as the percentage ratio of intracellularly liberated drug molecules 

to the total administered dose, can be expressed as the product of individual efficiencies 

at each stage (QC × QA × QP × QI × QR). This multiplicative relationship underscores the 

critical importance of maintaining optimal efficiency at each sequential step, as any single 

efficiency approaching zero would constitute a rate-limiting bottleneck, dramatically 

compromising the entire delivery cascade. 

 

 

Figure 1.3. A sketch of the CAPIR cascade of nanomedicine to deliver a free drug into 

cancer cells: circulation in the blood compartments, tumor accumulation and penetration, 

and subsequent cellular internalization and intracellular drug release. Reproduced with 

permission. The overall efficiency Q is the product of the five steps' efficiencies [94].  
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The intracellular liberation of therapeutic payloads from nanocarrier systems 

represents a critical determinant in optimizing therapeutic efficacy and constitutes an 

essential component of the drug delivery cascade [8, 95]. Following receptor-mediated 

endocytosis or other internalization pathways, nanocarriers must demonstrate remarkable 

stability against lysosomal degradation while preserving the structural integrity and 

pharmacological activity of their encapsulated cargo within the acidic (pH 4.5-5.5) and 

enzyme-rich endosomal compartment [96]. Subsequently, successful endosomal escape, 

mediated through mechanisms such as the proton sponge effect, membrane fusion, or 

photochemical disruption, is prerequisite for the nanocarriers to access their designated 

subcellular targets, whether in the cytosol, nucleus, or specific organelles, thereby 

enabling precise spatiotemporal control of drug release at the intended site of 

pharmacological action [97]. 

 

 

1.3 Nanoplastics 

The widespread use of plastics has led to the pervasive presence of micro- and 

nanoplastics (MNPs) in the environment, making human exposure inevitable (Figure 1.4) 

[98]. These particles enter the human body through multiple pathways, including 

inhalation (e.g., airborne MNPs in urban and indoor environments, with concentrations 

up to four orders of magnitude higher than in aquatic systems) [99, 100], ingestion (e.g., 

contaminated seafood, bottled water, and even fruits and vegetables) [101, 102], dermal 

absorption (e.g., personal care products containing <100 nm nanoplastics that penetrate 

the skin) [103, 104], and medical exposure (e.g., drug delivery systems and plastic-based 

medical devices) [105]. Notably, studies have detected MNPs in human tissues, including 

lungs, blood, and even the placenta, confirming systemic distribution [106].  
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Figure 1.4. Potential sources of microplastics in the human body [98]. 

 

Once inside the body, nanoplastics pose significant health risks due to their ability 

to cross biological barriers (e.g., blood-brain and placental barriers) and induce oxidative 

stress, inflammation, and cellular damage [107-109]. For instance, inhaled 100 nm 

polystyrene nanoplastics were found to accumulate in the liver, kidneys, and heart of rats 

within just 2 h of exposure [110, 111]. Chronic exposure may lead to metabolic disorders, 

cardiovascular diseases, and even carcinogenesis, exacerbated by adsorbed pollutants 

(e.g., heavy metals and persistent organic pollutants) and leaching plastic additives (e.g., 

bisphenol A and phthalates) [112-114].  

Current strategies to mitigate nanoplastics in humans remain limited [115]. While 

enzymatic degradation (e.g., PETase for polyethylene terephthalate) shows promise in 

environmental contexts, its application in human physiology is constrained by challenges 

such as low endocytosis efficiency, lysosomal pH incompatibility, and enzyme stability 

[116, 117]. For example, free enzymes are poorly internalized by cells, and their activity 

often diminishes in the acidic environment of lysosomes [118]. Additionally, the spatial 

segregation of enzymes and nanoplastics within cells further reduces degradation 

efficiency [119].  
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Given these limitations, there is an urgent need to develop bioinspired intracellular 

degradation systems, mimicking organisms like waxworms and bacteria that naturally 

digest plastics. For instance, the superworm Zophobas morio can degrade polystyrene via 

gut microbiota-derived enzymes [120, 121]. Translating this mechanism into human 

cellsðsuch as by engineering lysosomal enzymes or utilizing nanoparticle-encapsulated 

biodegradation agentsðcould offer a breakthrough in mitigating nanoplastic toxicity. 

Future research should focus on optimizing enzyme delivery, stability, and compatibility 

with human cellular environments to achieve effective in situ degradation [122, 123]. 

 

 

1.4 Polyelectrolyte microcapsules 

Initially conceptualized in 1998 as a novel physicochemical phenomenon, 

polyelectrolyte microcapsules have undergone significant technological evolution, 

emerging as sophisticated delivery platforms for diverse molecular payloads, including 

therapeutic agents and diagnostic probes [124, 125]. These microcapsules, fabricated 

through the layer-by-layer (LbL) assembly technique, involve the sequential deposition 

of oppositely charged polyelectrolytes onto a sacrificial template core, followed by core 

decomposition, resulting in hollow structures with precisely engineered shells for targeted 

drug delivery and diagnostic applications (Figure 1.5) [126-128]. The LbL assembly 

process, fundamentally driven by electrostatic interactions between alternately adsorbed 

charged species, offers unparalleled advantages in terms of fabrication simplicity and 

multifunctional versatility [129, 130]. This technique enables precise surface engineering 

through the incorporation of various functional groups, lipid bilayers, and nanoparticles, 

allowing for tailored physicochemical and biological properties [131, 132]. 
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Figure 1.5. Polyelectrolyte multilayers microcapsules are obtained as described in [128]. 

Consecutive adsorption of layer-by-layer assembled polyelectrolyte multilayers (red and 

blue) onto calcium carbonate microspheres (gray) is followed by dissolution of core 

templates by EDTA, and successive incubation with anticancer drug (IM, in yellow) in 

water solution for drug loading in the polymeric shells. SEM (left) and AFM (right) 

images of typically folded and air-dried hollow capsules are shown herein [128]. 

 

The morphological and functional characteristics of polyelectrolyte multilayer 

(PEM) capsules are predominantly determined by the template core architecture, making 

core selection a critical parameter in capsule development [133, 134]. The choice of 

template significantly influences key parameters such as core dissolution kinetics, shell 

stability, and colloidal behavior, which collectively determine the capsules' performance 

in specific applications [135, 136]. Template materials can be broadly categorized into 

nonporous and porous architectures, each with distinct advantages and limitations. 

Nonporous templates include organic variants such as melamine formaldehyde (MF) and 

polystyrene (PS), as well as inorganic materials like nonporous silica [124, 137]. Porous 

templates, particularly inorganic materials such as mesoporous silica (MS) and calcium 

carbonate (CaCO3), offer unique advantages due to their high surface area and 

nanoporous structures. Calcium carbonate templates have garnered significant attention 
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due to their cost-effectiveness, biocompatibility, and biodegradability, coupled with 

relatively straightforward synthesis protocols (Figure 1.6) [138]. However, challenges in 

precise size control and aggregation behavior of CaCO3 particles may limit their 

application in certain scenarios requiring narrow size distributions and colloidal stability 

[139]. The dissolution kinetics of these templates under mild conditions, without 

compromising the integrity of encapsulated biomaterials in biomedical applications [140]. 

In addition to above mentioned templates, one also has other classes: Anisotropic 

templates; Biological templates: cells, viruses, and lipid-based; Gel, microgel and 

nanogel templates; Emulsions like oil-in-water and hydrophobic templates; Air-bubble 

based capsules for different application [141-143]. 

 

 

Figure 1.6. Confocal laser scanning fluorescence images of spherical (a), ellipsoid-like 

(b) and square (c) CaCO3 microparticles. The microparticles were embedded with 

fluorescein isothiocyanate (FITC)ïdextran molecules by co-precipitation and 

subsequently covered by several oppositely charged polyelectrolyte layers through the 

LbL assembly; (d) SEM images of CaCO3 rhombohedral microcrystals (calcite); (eïl) 

fabrication of microparticles of different geometries using the hydrogel template 

approach [144-146]. 
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The fabrication of polyelectrolyte microcapsules has evolved significantly 

through the utilization of diverse polyelectrolyte systems, as illustrated in Figure 1.7, with 

distinct developmental phases reflecting advancements in materials science and 

biomedical applications [125, 129]. In the initial phase, synthetic polyelectrolytes such as 

polyallylamine hydrochloride (PAH), polystyrene sulfonate (PSS), 

polydimethyldiallylammonium chloride (PDADMAC), and subsequently polyacrylic 

acid (PAA), polyvinyl siloxane (PVS), polyvinylpyrrolidone (PVP), poly(N-

isopropylacrylamide) (PNIPAAm), polyethylene glycol (PEG), poly(vinyl caprolactam) 

(PVCL), and poly(N,N-dimethylacrylamide) (PDMAAm) were predominantly employed 

[147]. These materials, initially developed for LbL assembly on planar surfaces, provided 

fundamental insights into capsule formation mechanisms and enabled precise control over 

capsule properties, including surface charge, permeability, and mechanical stability 

[148]. 

The subsequent phase witnessed a paradigm shift towards biologically relevant 

applications, driving the adoption of biocompatible and biodegradable polyelectrolytes. 

This included natural and synthetic biopolymers such as poly-arginine (PARG), poly-L-

lysine (PLL), polylactic acid (PLA), hyaluronic acid (HA), chitosan (CHT), and dextran 

sulfate (DS) [149, 150]. Recent advancements have incorporated multifunctional 

biomolecules such as tannic acid and bovine serum albumin, enhancing the clinical 

translatability of these systems [151, 152]. 

In parallel, the integration of nanoparticles into capsule walls has emerged as a 

transformative approach, enabling the creation of hybrid nanostructures with enhanced 

functionality. Nanoparticles, including metallic (e.g., gold, silver) [153], magnetic (e.g., 

iron oxide) [154], and quantum dots [155], can be incorporated into the polyelectrolyte 

layers or adsorbed onto the capsule surface. These nanoparticle-functionalized capsules 

exhibit unique properties such as stimuli-responsiveness (e.g., pH, temperature, magnetic 

field), enhanced mechanical strength, and optical or magnetic properties for imaging and 

targeted delivery. The strategic incorporation of nanoparticles into the capsule 

architecture has expanded the potential applications of these systems in theranostics, 

where diagnostic and therapeutic functions are combined within a single platform [156, 

157]. Dingcheng et al. demonstrate the use of photothermal heating mediated by 

plasmonic nanoparticle-mediated polymer capsules to precisely trigger localized 

cytosolic calcium release, enabling controlled investigation of intra- and intercellular 
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calcium wave propagation in biological systems [158]. The approach offers 

spatiotemporal precision in modulating calcium signaling, with potential applications in 

neurological research and targeted therapeutic delivery. Sathi et al. provide the first 

single-particle-level evidence of PEI's proton buffering capacity in lysosomes by co-

encapsulating polyethyleneimine (PEI) with pH-sensitive fluorescent probes in 

polyelectrolyte microcapsules, conclusively demonstrating its "proton sponge effect" 

mechanism through inhibition of lysosomal acidification to enhance nucleic acid delivery 

[159]. 

 

 

Figure 1.7. Structure of some polyelectrolytes showing polyallylamine hydrochloride 

(PAH), polyacrylic acid (PAA), polylactic acid (PLA), poly-arginine (PARG), 

polydimethyldiallylammonium chloride (PDADMAC), polystyrene sulfonate (PSS), 

hyaluronic acid (HA) and poly-L-lysine (PLL) [144]. 

 

 

1.5 Two-photon microscopes for single-cell imaging 

The growing demand for high-fidelity visualization of nanoparticle dynamics in 

biological systems has driven the adoption of two-photon excitation microscopy (TPEM) 

as a premier imaging modality [160, 161]. Its unique optical characteristics enable deep-

tissue, low-phototoxicity, and high-resolution imaging, making it indispensable for 

studying cellular uptake, intracellular trafficking, and nanomaterial interactions [162]. 

TPEM addresses these requirements through several key advantages: 1) Enhanced tissue 

penetration depth: Utilizing near-infrared (NIR) excitation wavelengths (typically 700ï
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1100 nm), TPEM significantly reduces light scattering in biological tissues compared to 

single-photon microscopy. This allows for imaging depths exceeding several hundred 

micrometers, making it particularly suitable for in vivo and ex vivo studies of thick 

specimens, such as brain tissue or tumor microenvironments. In brain tissue, TPEM 

achieves ~500ï1000 µm imaging depth, whereas single-photon confocal microscopy is 

typically limited to ~100ï200 µm [163]. 

For tumor spheroids, TPEM permits 3D reconstruction up to ~300ï500 µm, 

compared to ~50ï150 µm with single-photon methods [164]. 2) Reduced phototoxicity 

and photodamage: The lower energy per NIR photon (~1.2ï1.8 eV) minimizes single-

photon absorption by endogenous fluorophores (e.g., NADH, flavins), thereby decreasing 

photoinduced cellular stress [165, 166]. Empirical studies demonstrate that TPEM 

improves cell viability by 3ï5-fold compared to conventional confocal microscopy under 

equivalent imaging conditions [167]. 3) Spatially confined photobleaching: The nonlinear 

nature of two-photon absorption (proportional to the square of excitation intensity) 

restricts fluorescence excitation to a highly localized focal volume (~0.1ï1 fL) [168]. This 

intrinsic optical sectioning not only reduces out-of-focus photobleaching but also 

enhances axial resolution (1ï2 ɛm), enabling prolonged time-lapse imaging with ~60ï

80% less signal degradation than widefield techniques [169]. 

A standard TPE microscopy system shares fundamental components with a 

conventional laser-scanning confocal microscope, with the critical distinction being the 

absence of a confocal pinhole (Figure 1.8) [161]. The system employs a high-intensity, 

pulsed near-infrared (NIR) laser source, typically a mode-locked Ti:sapphire laser 

emitting femtosecond (fs) pulses, which is raster-scanned across the specimen using a 

pair of galvanometer-driven mirrors (galvos). This scanning mechanism sequentially 

illuminates discrete spatial points within the focal plane, with emitted fluorescence 

signals being detected pixel-by-pixel to reconstruct a high-resolution optical section. 

Detection is achieved using high-sensitivity photodetectors such as photomultiplier tubes 

(PMTs), avalanche photodiodes (APDs), or hybrid detectors (e.g., GaAsP), which are 

optimally positioned in a non-descanned configuration immediately behind the objective 

lens. Unlike one-photon confocal systems, where fluorescence must be rescanned through 

the galvanometer mirrors and filtered through a pinhole, TPE microscopy employs non-

descanned detection (NDD). This configuration minimizes photon losses by: 1) 

Eliminating the pinhole, thereby maximizing signal collection efficiency. 2) Reducing the 
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number of optical interfaces (e.g., scan lenses, tube lenses, and additional mirrors) that 

could attenuate the emitted fluorescence. 3) Capturing scattered emission photons that 

would otherwise be rejected in a confocal system. Furthermore, in a microscope setup, 

fluorescence can be collected epi-detected (i.e., through the same objective used for 

excitation), allowing efficient capture of both ballistic and scattered photons propagating 

along the optical axis. This approach enhances signal collection by utilizing photons that 

would be lost in traditional descanned confocal detection scheme [170, 171]. 

 

 

Figure 1.8. Scheme of a typical TPE laser scanning microscope. Depicted are beam path, 

TPE laser properties, non-descanned detection, and digital image reconstruction. For 

comparison with conventional confocal LSM, the position of the descanned detection 

(before the galvo mirror) is indicated by a green dashed line (meaning in descanned 

detection the main dichroic mirror and the detectors would be moved to this position) 

[161]. 
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2 An intriguing polymeric modification strategy for solid 

nanoparticles to investigate endosomal escape of cargos 

from polyelectrolyte microcapsule 

2.1 Introduction  

In recent years, new methods based on nanomaterials have shown great promise 

in disease treatment, nanoparticles have therefore been extensively investigated to 

improve the delivery efficiency of therapeutic [19, 172, 173]. Although the main pathway 

for cellular entry of nanoparticles is through endocytosis (initially captured within 

vesicles [174-176]), cytosolic delivery of nanoparticles via these vehicles is still a 

complicated cascade [177, 178]. Basically, endosomal escape is the major bottleneck in 

the delivery of therapeutics within cells [179], and becomes a critical success factor for 

delivery strategies involving intracellular targets [180-182]. The mechanism of 

endosomal escape and enhancement of endosomal escape approaches for nanoparticles 

have been extensively studied, such as fusion with the endosomal membrane [183], or 

endosomal membrane rupture [184], dissociation/instability in the endosome's acidic 

cavity [185]. However, since the therapeutic activity of these nanoparticles often occurs 

in other subcellular compartments outside the cytoplasm or the lysosome (i.e., 

cytoskeleton, nuclei, mitochondria, etc [186]), the delivery systems remain limited by 

inefficient trafficking of the particles to the active regions [177, 187]. Unfortunately, the 

impact of intracellular diffusion process on delivery efficiency for nanoparticles is not 

sufficiently appreciated.5 So far, robust design guidelines for nanoparticles to improve 

intracellular diffusion and a methodology for spatially and temporally controlling and 

monitoring the release kinetics are lacking. Hence, it is important to note that the 

intracellular diffusion process of nanoparticles escaping and reaching the target position 

must be taken into consideration when focusing on endosomal escape studies. A new 

strategy to investigate and improve the intracellular diffusion of nanoparticles is highly 

sought. 

To improve the outcomes of intracellular diffusion of nanoparticles and improve 

the delivery efficiency of therapeutic, combining fundamental nanoparticle studies with 

the design of better techniques to sense endosomal escape events is indispensable [188-

190]. One approach is based on polymer capsules assembled from polyelectrolytes in a 
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layer-by-layer (LbL) fashion [124, 147, 191]. It was presented recently, that by 

incorporating plasmonic nanoparticles into the capsule walls, a light-triggered release 

with micrometer spatial resolution can be achieved [177]. Successful intracellular release 

was demonstrated with > 40 different molecules, ranging from small fluorophores to 

proteins. With confocal laser scanning microscopy (CLSM), the diffusion of the cargos 

in the cells could then be tracked with ~100 ms temporal resolution. The design of the 

capsules and the experiments were optimized to ensure cell viability, maximum loading 

and a robust controlled release. The feasibility of the approach was demonstrated in 2D 

mono- and co-cultures as well as in 3D cell spheroids [158]. Taken together, the approach 

is very promising for spatiotemporally controlled release of molecular cargos into the 

cytosol. This ability would also be useful to study the structure, dynamics and effects of 

nanomaterials inside living cells. However, the approach described above failed for all 

particles tested (gold nanocluster (Au NC) with a core diameter dcore ~ 1.5 nm, quantum 

dot (QD), dcore ~ 7 nm, and Fluorospheres, dcore ~ 20 nm). Considering that the high 

diffusion coefficient and the complexity of surface ligands of those nanoparticles cause 

the interaction attractive interactions with components of the capsules or lysosome, the 

rapid diffusion of nanoparticles to the final target location within the cell is a grand 

challenge. The capability to improve nanoparticles' stealth properties is a key issue.  

PEGylation provides stability and stealth effects to nanoparticles through steric 

inhibition and the formation of an aqueous layer around the nanoparticle due to its 

hydrophilic nature [192]. In addition, PEG backfilling can prevent nanoparticle targeting 

moieties from sterically blocking the binding of the biorecognition molecule to the 

receptor target [193]. The initial goal of our study therefore was to study that the 

feasibility of PEGylated nanoparticles that can be released within the cell upon 

photothermal heating and develop a quantitative analysis, investigate the tailored surface-

chemistry that can enable control cytosolic delivery of nanomaterials to reverse the 

resistance caused by low diffusion coefficients of nanomaterials. 

In this work, we tested the triggered release of PEGylated nanoparticles with core 

diameters ranging from dcore ~ 1.5 nm ï 100 nm. A robust and controlled release was 

achieved with all tested nanomaterials with a PEG coating and the intracellular diffusion 

was quantified. Interestingly, we observed a clear dependence of the diffusion on the co-

loading of additional molecular cargo. The intracellular diffusion of PEGylated 

nanoparticles was faster when the PEG-polymers were terminated methoxy-groups (-
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OCH3) compared to carboxylic acid termini (-COOH). Calcein co-encapsulation 

significantly enhanced the intracellular release of the PEGylated nanoparticles. The work 

provides a valuable quantitative tool for intracellular studies addressing the fate of 

nanomaterials on diffusion and a reliable basis for developing design guidelines to 

improve the crucial diffusion issues in cytosolic delivery of nanoparticles.  
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2.2 Experimental section 

2.2.1 Regents and materials 

Hydrochloric acid (HCl, #4625.1), sodium hydroxide (NaOH, #6771.1), 

trisodium citrate dihydrate (#3580.4) and Sodium chloride (NaCl, #HN00.2) were 

purchased from Carl Roth (Germany). 6-Aza-2-thiothymine (ATT, #A14167.06) was 

purchased from ThermoFisher (Germany). Isoprene (#I19551), 2,2ǋ-Azobis(2-methyl-

propionitrile) (AIBN, #441090), nitric acid (HNO3, #30709), calcein (#C0875), gold(III) 

chloride trihydrate (HAuCl4·3H2O, #520918), thioctic acid (TA, #63320), sodium 

borohydride (NaBH4, #71320), N-hydroxysuccinimide (NHS, #130672), N-(3-

Dimethylaminopropyl)-Nǋ-ethylcarbodiimide hydrochloride (EDC, #03450), silver 

nitrate (AgNO3, #204390), ascorbic acid (AA, #33034), Poly(sodium 4-styrenesulfonate) 

(PSS, Mw = 70 kDa, #243051), poly(allylamine hydrochloride) (PAH, Mw = 56 kDa, 

#283223), calcium chloride dihydrate (CaCl2 · 2H2O, #223506), sodium carbonate 

(Na2CO3, #S7795) and ethylenediamine-tetra-acetic acid disodium salt dihydrate (EDTA 

disodium salt, #E5134) were purchased from Sigma-Aldrich (Germany). Tetrahydrofuran 

(THF, #32468.K2), n-hexane (#326920010) and ethanol (#07025.1700) were purchased 

from VWR. NH2-PEG2kOCH3 (Mw = 2 kDa, #122000-2), HSC2H4CONH-

PEG3kOC3H6COOH (Mw = 3 kDa, #133000-4-32) and HSC2H4CONH-

PEG2kOC3H6OCH3 (Mw = 2 kDa, #122000-40) were purchased from Rapp Polymere. 

Ultrapure double distilled water (ddH2O, MilliQ) with a resistivity greater than 18.2 Mɋ 

cm-1 was used for all experiments. 

. 

 

2.2.2 Synthesis of non-PEGylated and PEGylated solid nanoparticles  

ATT -Au NCs 

According to the published protocol [194], ATT-Au NCs were prepared for the 

introduction of 15 mL of HAuCl4 (10 mg/mL) aqueous solution into 15 mL of ATT 

solution containing 0.2 M NaOH. The solution was kept vigorous stirring at 1,000 rpm in 

the dark at room temperature for more than 6 h. To remove excess ATT, the as-

synthesized ATT-Au NCs were purified by ultrafiltration (Millipore, 3 kDa). Finally, the 
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result ATT-Au NCs were re-dispersed in water and stored at 4 ÁC in the dark until further 

use. 

 

TA-Au NCs 

According to the published protocol [195], TA-Au NCs were prepared for the 

introduction of 10.2 ɛL of HAuCl4·3H2O (470 mg/mL) aqueous solution into the mixture 

solution of 7.8 mg of thioctic acid (TA), 60 ɛL of NaOH (2 M) and 23.4 mL of ultrapure 

water. The solution was kept vigorous stirring at 1,500 rpm in the dark at room 

temperature for 15 min, followed by the addition of 480 ɛL of freshly prepared NaBH4 

(1.9 mg/mL) under vigorous stirring at 1,500 rpm overnight. To remove excess TA, the 

as-synthesized TA-Au NCs were purified by ultrafiltration (Millipore, 3 kDa). Finally, 

the result TA-Au NCs were re-dispersed in water and stored at 4 ÁC in the dark until 

further use. 

 

PEG-Au NCs 

The synthesis of PEG-Au NCs is predicated on TA-Au NCs as the precursor in 

1.2.1.2). The TA-Au NCs solution was added 15.6 mg of HSC2H4CONH-

PEG2kOC3H6OCH3 and adjusted the pH to 7-7.5 under gently stirring at 500 rpm 

overnight. To remove excess PEG, the as-synthesized PEG-Au NCs were purified by 

ultrafiltration (Milli pore, 3 kDa). Finally, the result PEG-Au NCs were re-dispersed in 

water and stored at 4 ÁC in the dark until further use. 

 

QDs 

QdotTM 565 (#Q21331MP) and QdotTM 655 (#Q21321MP) ITKTM carboxyl 

quantum dots were purchased from ThermoFisher (Germany). 

 

PEG-QDs 

QDs [196] and amphiphilic diblock copolymers polyisoprene-block-

poly(ethylene oxide) (PI-b-PEG) [197] were synthesised according to the protocols used 

earlier. QDs were incubated with a 2000-fold excess of polymer ligand PI-DETA in n-

hexane for more than 20 h. Then, the QDs were precipitated with ethanol and centrifuged, 

followed by solving in THF and mixed with a 500-fold excess of PI-b-PEG and AIBN 

(1/3 of isoprene units present in the diblock copolymer) in THF. The QDs-polymer-
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AIBN-THF solution was slowly injected into the 12-fold excess of water and heated up 

to 80 ÁC. After 4 h, the QDs solution was washed with water by purified by ultrafiltration 

(Millipore, 100 kDa). Subsequently, the QDs were performed by a sucrose gradient 

centrifugation to remove empty micelles and to separate different QDs micelle fractions. 

Finally, the QDs were washed with water three times by ultrafiltration (Millipore, 100 

kDa) to remove the sucrose and re-dispersed in water, and stored at 4 ÁC in the dark until 

further use [198]. 

 

Polystyrene (PS) Beads 

FluoSpheresTM carboxylate-modified microspheres 0.02 µm red fluorescent 

(FluoSphere, #F8786) were purchased from ThermoFisher (Germany). 

 

PEG-PS beads 

The synthesis of PEG-PS beads is predicated on PS beads as the precursor in 

1.2.3.1). PEG-PS beads were prepared by adding 0.5 mL of PS-COOH (1 mg/mL) 

aqueous solution into 4.5 mL of water, followed by the addition of 226 ɛL of EDC 

aqueous solution (75 mM) under gently stirring at 500 rpm at room temperature for 5 

min. Subsequently, 13 ɛL of NHS aqueous solution (15 mM) was added and stirred at 

500 rpm for 30 min. The mixture solution was added 1 mL of HSC2H4CONH-

PEG2kOC3H6OCH3 aqueous solution (10 mg/mL) under gently stirring at 500 rpm at 

room temperature overnight. To remove excess PEG, the as-synthesized PEG-PS beads 

were purified by ultrafiltration (Millipore, 50 kDa). Finally, the result PEG-PS beads were 

resuspended in water and stored at 4 ÁC in the dark until further use. 

EDC/NHS/PEG/PS=20:25:25:1. 

 

 

2.2.3 Synthesis of Au NPs 

Gold nanostars (GNSs) were synthesized according to the protocol used earlier by 

a seed-mediated growth method [199]. All glassware was washed with Aqua Regia, HCl: 

HNO3 = 3:1 (v:v), and rinsed with ethanol and Milli -Q water. Firstly, the gold 

nanoparticles (GNPs) as seed were synthesized as following: trisodium citrate dihydrate 

(0.15 g, 0.51 mmol) was added to 110 ml of boiling water under reflux under vigorous 
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stirring at 1,500 rpm. After 15 min of boiling, the solution was added 4 mL of freshly 

prepared 25 mM HAuCl4 (25 mM, 9.845 mg/mL) and kept stirring for 15 min. This 

colorless solution turned into red within ca. 1 min, indicating the formation of larger gold 

nanospheres. Afterward, the solution was cooled to room temperature and filtered by a 

0.22 Õm nitrocellulose membrane. The seed solution was stored at 4 ÁC until further use. 

The as-prepared sample was directly used as seeds for the preparation of gold nanostars. 

Secondly, gold nanostars were synthesized as following: 1 mL of the seed solution was 

mixed with 180 ɛL of 1 M HCl, 2 mL of HAuCl4·3H2O solution and 110 mL of water 

thoroughly under vigorous stirring at 1,500 rpm. Then 1 mL of freshly prepared AgNO3 

solution (2 mM, 0.340 mg/mL) and 1 mL of ascorbic acid solution (100 mM, 17.612 

mg/mL) were simultaneously added to the above mixture under vigorous stirring at 1,500 

rpm for 30 s, and immediately cooled in an ice bath to stop growth. To initiate ligand 

exchange, 2.0 mL of HSC2H4CONH-PEG3kOC3H6COOH (3.3 mM, 10 mg/mL) and 250 

ɛL of NaOH solution (2 M, 80 mg/mL) were added to the above solution. The solution 

was kept gently stirring in the dark at room temperature for more than 6 h. To remove 

residual PEG, the as-synthesized GNSs were purified by centrifugation at 6000 rpm at 

room temperature for 10 min. Subsequently, the supernatant was removed, and the GNSs 

were resuspended in 15 mL of water. This process was repeated three times, with the 

supernatant discarded and fresh water added each time. Finally, the GNSs were 

resuspended in 15 mL of water and stored at 4 ÁC until further use. 

 

 

2.2.4 Synthesis of photo-triggered released polyelectrolyte capsules 

Photo-triggered released polyelectrolyte capsules were synthesized according to 

the protocol used earlier. In a typical synthesis [177], the first micrometer-sized CaCO3 

template cores were fabricated. 615 ɛL of 0.33 M Na2CO3 solution was mixed with 400 

ɛL of 5 mg/mL molecular cargo in a 20 mL glass vial. The above solution was mixed 

thoroughly by vigorous stirring at 900 rpm. Followed by 615 ɛL of 0.33 M CaCl2·2H2O 

solution, the vial was kept at room temperature under stirring for 30 s, and then left 

standing for 3 min to stop CaCO3 growth. The CaCO3 cores were collected by 

centrifugation at 3000 rpm for 30 s and then washed with water three times by 

centrifugation at 3000 rpm for 30 s at room temperature, discarding the supernatant, and 
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adding fresh water. Then, polyelectrolyte capsules were synthesized by layer-by-layer 

assembly of oppositely charged polymers based on the template cores. The CaCO3 cores 

were resuspended in 1 mL of negatively charged PSS (10 mg/mL, 0.1 M NaCl, pH 6.5), 

sonicated for 2 min, kept under continuous shaking for 10 min, and washed with water 

three times by centrifugation at 3000 rpm for 30 s at room temperature, discarding the 

supernatant, and adding fresh water. After washing, 1 mL of positively charged PAH (10 

mg/mL, 0.1 M NaCl, pH 6.5) was added to the particles, and a similar procedure was 

followed as described for PSS shell generation. With the same steps, additional layers of 

PSS and PAH layers were formed, resulting in 2 (PSS/PAH) bilayers. To provide light-

responsiveness to capsules, the negatively charged GNSs were deposited between the 

polyelectrolyte layers. 1.5 mL of GNSs were added to the template cores with 2 

(PSS/PAH) bilayers, and a similar procedure was followed as described for PSS shell 

generation, resulting in (PSS/PAH)2/GNSs layers. The last bilayers were made by PAH 

and PSS, leading to a final layer geometry of (PSS/PAH)2/GNSs/PAH/PSS (caps-). 

Subsequently, the polymer-coated CaCO3 template plastics were incubated in 2 mL of 

EDTA (0.1 M, pH 6.5) overnight at 4  to dissolve the CaCO3 core. The hollow capsules 

were collected by centrifugation at 1800 rpm for 10 min and then washed with water three 

times to remove the excess EDTA, by centrifugation at 3000 rpm for 30 s at room 

temperature, discarding the supernatant, and adding fresh water. Finally, the capsules 

were resuspended in 1 mL of water and stored at 4 ÁC until further use. In addition, the 

capsules with PAH/PSS/PAH/GNSs/PAH/PSS shell geometry (caps+) were formulated 

using the same approach. 

For calcein, molecular cargos with molecular weight Mw less than 10 kDa were 

encapsulated by postloading and heat-shrinking [177]. In one set of experiments, hollow 

capsules without cargoes were synthesized, while all other parameters were kept the 

same. The hollow capsules were introduced to 500 µL of calcein (10 mg/mL, pH 5.5-6) 

at room temperature for 90 min and then heat-shrunken at 75  for 2 h. The capsules 

were collected by centrifugation at 1800 rpm for 10 min and then washed with water three 

times, by centrifugation at 3000 rpm for 30 s at room temperature, discarding the 

supernatant, and adding fresh water. Finally, the capsules were resuspended in 1 mL of 

water and stored at 4 ÁC until further use. 

The category, size, and excitation/emission wavelength of cargos are listed in 

Table 1. 
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Table 1. Information about encapsulated molecular cargos 

 

 

 

2.2.5 Characterization of nano- and microparticles 

The morphology of the solid nanoparticles was determined with a transmission 

electron microscope (TEM, JEM 1011, JEOL) on dried samples. 

The UV/Vis spectra were collected in MilliQ water using a UV/Vis Spectrometer 

(Cary 60, Agilent). The fluorescence emission spectra were collected in MilliQ water 

using a Fluorescence Spectrometer (Cary Eclipse, Agilent).  

The morphology of gold nanoparticles (GNPs) and gold nanostars (GNSs) was 

determined with a transmission electron microscope (TEM, JEM 1011, JEOL) on dried 

samples.  

The UV/Vis spectra of GNPs and GNSs were collected in MilliQ water using a 

UV/Vis Spectrometer (Cary 60, Agilent).  

Hydrodynamic diameter dh and Zeta potential ɕ of the particles in MilliQ water 

were obtained using a Malvern Zetasizer Particle Analyzer (ZEN3600, Malvern). 

The morphology of the CaCO3 cores and capsules was determined with a scanning 

electron microscope (SEM, Gemini 1550, Zeiss) and a fluorescence microscopy 

(LSM880 system, Zeiss; the continuous wave laser was generated by a two-photon 

generator (Ti:Sa Laser Mai Tai, Spectra Physics)). 
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2.2.6 Cell culture techniques 

Human cervical cancer cells (HeLa cells) were cultured in Dulbecco's Modified 

Eagles Medium (DMEM, #11965092, ThermoFisher Scientific) with 4.5 g/L glucose 

supplemented with 10% fetal bovine serum (FBS, Biochrom, Germany, #S0615), 1% 

penicillin/streptomycin (P/S, #15070063, Thermo Fisher Scientific) at 5% CO2 and 37 . 

 

 

2.2.7 Monitoring the diffusion kinetics of encapsulated molecular cargo 

100,000 Hela cells in 2 mL of culture medium supplemented with 10% FBS were 

seeded in per µ-Dish (#81156, ibidi; bottom area: 3.5 cm2). The cells were kept overnight 

at 5% CO2 and 37 . Afterwards, cells were incubated with capsules at a concentration 

of Ncaps/cell = 1.5 capsules per seeded cell overnight. After 24 h incubation of cells with 

capsules, these cells were washed three times with PBS and 2 mL of culture medium 

supplemented with 10% FBS was added. Subsequently, the cells were imaged using an 

upright confocal laser scanning microscope (LSM880 system, Zeiss). The continuous 

wave laser was generated by a two-photon generator (Ti:Sa Laser Mai Tai, Spectra 

Physics) for photothermal opening. Images were acquired by the software ZEN 2.3 (blue 

edition, operation software for LSM880). Refer to Table 1 for a comprehensive overview 

of the excitation and emission settings for fluorescence molecular cargos. 

 

 

2.2.8 Molecular dynamics (MD) simulation 

Molecular dynamics (MD) simulations were performed based on the Gromacs 

2021.2 [200] and Amber force field (amber 14sb_OL15) [201]. Molecular structures and 

kinetic trajectories were viewed in VMD [202]. Gold clusters models with different 

ligands were initially packed in a 12 × 12 × 12 nm cubic box by the Packmol [203], in 

which the gold clusters were placed in the center of the box. Similarly, the Cal adsorption 

model was also constructed, with gold cluster model in the center and Cal randomly 

placed inside the box. The atomic charges of different terminal-group modified PEG 

ligands (PEG-OCH3, PEG-COOH), TA ligands and calcein were calculated by the charge 
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equalization method (QEq) in Material Studio 2017R2. The include toplogy (itp) files of 

all models were obtained by Sobtop (Tian Lu, Sobtop, Version 1.0(dev3.2), 

http://sobereva.com/soft/Sobtop, accessed on 17 Feb 2024). The water molecule amount 

and salt concentration of each system were kept constant, with SPCE as water model and 

Na+ and Cl- as counter ions. Periodic boundary conditions were used in all three Cartesian 

directions. L-BFGS algorithm, Steep algorithm, and CG algorithm were used sequentially 

with LINCS to minimize the energy of each system. The equilibrium phases simulations 

were then carried out in the NPT system for 1 ns with a time step of 1 fs, in which the 

temperature was maintained at 310 K (in vivo temperature) using V-rescale thermostat, 

and the pressure was set to 1 Bar (atm) using parrinello-rahman barostat. After the 

completion of the equilibrium phase, a 10 ns production phase simulation was performed 

in the NPT system, with the same temperature and pressure bath conditions, and with a 

time step of 2 fs. Also, The Verlet algorithm was used to construct the neighbor lists, 

where PME method was applied for the electrostatic interactions with a cut-off of 1.0 nm, 

Cut-off method was considered to calculate Van der Waals interactions with a cut-off of 

1.0 nm. Molecular structures and kinetic trajectories were viewed in VMD [202]. 

For exploring the hydrophilicity of small molecules, the initial conformations of 

the PEG-OCH3 and PEG-COOH short chain were derived from the end-chain 

conformations of the PEG ligands in production phase. A 5 × 5 × 5 nm cubic box was 

used for the modeling, and the rest of the computational details were consistent with those 

described above.  

  

http://sobereva.com/soft/Sobtop
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2.3 Result and discussion 

2.3.1 Characterization of polyelectrolyte microparticles (caps) and 

molecular cargos 

The stimuli-responsive microcapsules were fabricated utilizing calcium carbonate 

(CaCO3) microparticles as templates and employing layer-by-layer (LbL) assembly of the 

polyelectrolytes poly(styrenesulfonate) (PSS, negatively charged) and poly(allylamine 

hydrochloride) (PAH, positively charged). Based on our previous work including the 

optimization of capsule properties, we synthesized capsules with the polyelectrolyte 

sequences (PSS/PAH)2/GNSs/PAH/PSS (caps-) or PAH/(PSS/PAH)2/GNSs/PAH/PSS 

(caps+), where GNS refers to the gold nanoparticles (here: nanostars) which are 

encapsulated into the capsule walls to facilitate the light-triggered rupture of these walls. 

This design ensures stable capsules with a high amount of encapsulated molecular cargo 

and minimal leakage, which can be opened intracellularly by a light pointer with 

micrometer resolution [204].  

The synthesis of gold nanostars (GNSs) was carried out in accordance with the 

protocol previously established utilizing a seed-mediated growth method. In the reported 

synthesis, the size of gold nanostars (GNSs) was precisely modulated by systematically 

varying the concentration of Au seeds dispersed within the growth solution. Specifically, 

an increase in the seed concentration resulted in a reduction in the number of available 

Au atoms per seed, thereby leading to the formation of smaller nanostars. This inverse 

relationship arises because a higher density of seeds distributes the limited Au precursor 

among a greater number of nucleation sites, limiting the growth potential of each 

individual seed. By leveraging this relationship, the seed concentration serves as a critical 

parameter for controlling the size of GNSs. This size tunability directly influences the 

longitudinal surface plasmon resonance (LSPR) peak of the nanostars, particularly in the 

near-infrared (NIR) region. Larger nanostars exhibit a red-shifted LSPR peak, while 

smaller nanostars demonstrate a blue-shifted peak. This ability to fine-tune the plasmonic 

properties of GNSs is essential for optimizing their performance in applications such as 

photothermal therapy, biosensing, and in vivo imaging, where precise control over optical 

characteristics is required. The geometry and the shape of gold nanoparticles (GNPs, 

seeds) and GNSs are shown in Figure 2.1. The mean hydrodynamic diameters of GNPs 

and GNSs were determined to be dh = 11.44 ± 0.49 nm and dh = 122.50 ± 2.50 nm, 



 

30 

 

respectively, see Figure 2.2. In Figure 2.3, the seed GNPs had an absorption peak at ɚ = 

520 nm. The surface plasmon resonance (SPR) peak of GNSs was at ɚ = 828 nm. GNSs 

have been shown to efficiently convert absorbed near-infrared (NIR) radiation into heat. 

This property, coupled with the fact that blood, skin, and tissues in the NIR are 

semitransparent, has led to the conceptualization of in vivo applications of gold 

nanostructures for photothermal therapy. The mean zeta-potential of GNS was found to 

be x = -22.87 ± 0.74 mV, which provides the basis for the formation of the capsule wall 

by electrostatic adsorption, see Figure 2.4. 

 

 
Figure 2.1. TEM images of GNPs and GNSs. The scale bar corresponds to 50 nm and 

100 nm, respectively. 

 

 
Figure 2.2. Intensity-weighted distribution of the hydrodynamic diameters for a) GNPs 

and b) GNSs. The data are based on three repeats of measuring the same samples.  
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Figure 2.3. UV-Vis spectra of aqueous solutions of GNPs and GNSs.  

 

 

Figure 2.4. Zeta-potential distributions N(x) of GNSs in water. The data are based on 

three repeats of measuring the same samples.  

 

Two different types of capsules were synthesized. Briefly, CaCO3 microparticles 

(Figure 2.5a and b) were coated with the respective loads (Au nanoclusters, quantum dots 

and polystyrene fluospheres) by coprecipitation and were used as core templates. The 

category, size, and excitation/emission wavelength of cargos are listed in Table 1. The 

microparticles were functionalized with the positively charged polyallylamine 

hydrochloride (PAH, 56 kDa), the negatively charged polystyrene sodium sulfonate (PSS, 

70 kDa) and the negatively charged star-shaped gold nanoparticles using the well-
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described LbL method based on the alternating adsorption of different charged 

polyelectrolytes. Finally, the CaCO3 cores were dissolved with 

ethylenediaminetetraacetic acid disodium salt (EDTA) in mild conditions to yield the 

cargos-loaded photothermal-triggered capsules. As shown by SEM and CLSM images 

(Figure 2.5c and d), the capsules were uniform, well dispersed, and presented spherical 

shape. The corresponding mean diameter as derived from the size distribution of the 

CaCO3 cores and capsules were determined to be dc = 2.59 Ñ 0.22 ɛm and dc = 4.80 ± 

0.19 ɛm, respectively. Calcein was encapsulated within the capsule core as a model cargo 

by post-loading and heat-shrinking based on the previous report [177].  

 

 
Figure 2.5. Morphology characterization of CaCO3 cores and Calcein@caps. Optical 

microscopy images (bright-field and FITC fluorescence) of a) CaCO3 cores and c) 

Calcein@caps. SEM images of b) CaCO3 cores and d) Calcein@caps. The scale bar of 

CaCO3 cores and Calcein@caps corresponds to 15 ɛm and 10 nm, respectively. 
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Figure 2.6. For Figures 2.5a and 2.5c, the corresponding distribution N(dc) in which the 

number of counts for CaCO3 cores and capsules with a diameter dc is given.  

 

For characterization of solid nanoparticles, the geometry and the shape of the solid 

nanoparticles are shown in Figure 2.7. The photophysical characterization of solid 

nanoparticles is shown in Figure 2.8.  
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Figure 2.7. TEM images of ATT-Au NCs, TA-Au NCs, PEG-Au NCs, QDs 565, QDs 

655, QDs 263-PEG-OCH3, QDs 359-PEG-OCH3, QDs 359-PEG-COOH, PS beads and 

PEG-PS beads. The scale bar of Au nanoclusters, QDs, and PS beads corresponds to 10 

nm, 20 nm, and 500 nm, respectively 



 

35 

 

 
Figure 2.8. Normalized absorption and emission spectra of calcein, Au NCs, QDs and 

PS beads. 
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2.3.2 Monitoring the diffusion kinetics of encapsulated molecular cargo 

Upon laser irradiation, the photothermal heating of the plasmonic gold 

nanoparticles can cause transient evaporation of water around the wall of capsules and 

locally disintegrate the capsules and lysosomal membranes around the respective capsules 

leading to a release of the cargos into the cytosol. CLSM allows real-time imaging and 

monitoring of the release behaviour of molecular cargo within cells to analyze the release 

kinetics. To efficiently open capsules by photothermal heating, calcein-loading capsules 

were determined in the LSM880. For simultaneously avoiding heat-induced cell death, 

the paraments of LSM880 set-up are consistent with published work [177]. The laser 

(Plaser = 13.48 mW, Elaser = 1.32 mJ) at 830 nm was used for all experiments. As shown 

in Figure 2.9, the calcein (shown in green false color) was efficiently intracellular released 

from capsules. The red rectangle indicates the area of irradiated capsules.  

 

 

Figure 2.9. Intracellular spread of encapsulated endocytosed calcein into the cytosol. 

Overlay of bright field and fluorescence channels showing the time-dependent release 

dynamics of calcein (shown in green) upon capsule irradiation by an 830 nm laser at Plaser 

= 13.48 mW. The scale bars correspond to 10 µm. 

 

 

2.3.3 Failed release of unmodified solid nanoparticles from caps-/+ 

However, the strategy failed for solid nanoparticles. In our previous study, we 

established that the failed release of solid nanoparticles is not attributable to the potential 

interaction between the lysosomal membrane surrounding the endocytosed capsules and 

the encapsulated molecular cargos [177]. There are two possible reasons for the failure 

of the release of the solid nanoparticles. The release of nanoparticles might be hindered 

by their slow diffusion rate and strong attraction to the capsule's inner layer. In our present 

work, we investigated whether changing the charge of the capsule's inner layer could 
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reduce attractive interactions between nanoparticles and components of the capsules, 

thereby improving the diffusion of the particles into the cytosol. 

To probe whether this is a possible issue that attractive electrostatic interactions 

between capsules and cargos impede the release of solid nanoparticles, two calcein-

loading capsules with opposite charge polymer as the inner layer were employed for 

observation of intracellular solid nanoparticles diffusion. The encapsulated calcein was 

both released from capsules with a negatively charged inner layer 

((PSS/PAH)2/GNSs/PAH/PSS shell geometry, cap-) and a positively charged inner layer 

((PAH/PSS/PAH/GNSs/PAH/PSS shell geometry, cap+) in Figure 2.10. Calcein release 

was robust and reproducible in both situations with similar release efficiency  

For the typical solid nanoparticles, ATT-Au NCs and TA-Au NCs served as the 

exemplars in this measurement. After laser irradiation, there was no significant release of 

gold nanoclusters from cap- or cap+ both loading with calcein and gold nanoclusters in 

Figure 2.11.  

 

 

Figure 2.10. Intracellular spread of encapsulated endocytosed calcein in the cytosol after 

photothermal excitation of the respective capsules with different inner layers of a) PSS 

and b) PAH, respectively. Overlay of bright field and fluorescence channels showing the 

time-dependent release dynamics of calcein (shown in green) upon capsule irradiation by 

an 830 nm laser at Plaser = 13.48 mW. The red rectangle indicates the irradiated capsule. 

The scale bars correspond to 10 µm. 
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Figure 2.11. Intracellular spread of encapsulated endocytosed ATT-Au NCs in the 

cytosol after photothermal excitation of the respective capsules with different inner layers 

of a) PSS and b) PAH, respectively. Intracellular spread of encapsulated endocytosed TA-

Au NCs in the cytosol after photothermal excitation of the respective capsules with 

different inner layers of (c) PSS and (d) PAH, respectively. Overlay of bright field and 

fluorescence channels showing the time-dependent release dynamics of calcein (shown 

in green), ATT-Au NCs (shown in green) and TA-Au NCs (shown in red) upon capsule 

irradiation by an 830 nm laser at Plaser = 13.48 mW. The red rectangle indicates the 

irradiated capsule. The scale bars correspond to 10 µm. 

 

 

2.3.4 Failed release of unmodified solid nanoparticles (e.g. QDs and PS beads) 

from capsules 

We endeavored to replicate the experiments on commercial quantum dots (QDs, 

Figure 2.12 and Figure 2.13), and polystyrene fluorophores (PS beads, Figure 2.14) to 

ascertain whether other larger particles with different coating ligands and sizes could be 

released from capsules.  

To assess the release of commercial QDs, QDs 565 and QDs 655 served as the 

exemplars for the measurement. The capsules loading with QDs 655 (shown in yellow 

false colors) or QDs 655 (shown in red false colors) were determined in the LSM880. As 
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shown in Figure 2.12, the release of endocytosed encapsulated quantum dot was failed. 

To ensure the opening of the capsule, capsules were co-encapsulated with calcein as a 

positive reference dye and determined under LSM880 for observation of the intracellular 

spread of the cargo. As shown in Figure 2.13 (QDs) and Figure 2.14 (PS beads), the 

fluorescence of the released calcein was promptly detected within ca. 1 s due to its fast 

diffusion. In contrast, the intracellular QDs 655 and PS beads remained trapped within 

the opened capsules. Accordingly, attractive electrostatic interactions alone cannot 

explain the hindered release of nanomaterials in contrast to molecular cargos. 

 

 

Figure 2.12. Intracellular spread of encapsulated endocytosed a) QDs 565 and b) QDs 

655 in the cytosol. Overlay of bright field and fluorescence channels showing the time-

dependent release dynamics of Qdots (shown in yellow or red false colors) upon capsule 

irradiation by an 830 nm laser at Plaser = 13.48 mW. The red rectangle indicates the 

irradiated capsule. The scale bars refer to 10 µm. 

 

 

Figure 2.13. Failed photothermal release of endocytosed encapsulated quantum dots. 

Overlay of bright field and fluorescence channels showing the time-dependent release 

dynamics of calcein (shown in green) and Qdots 655 (shown in red false colors) upon 
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capsule irradiation by an 830 nm laser at Plaser = 13.48 mW. The red rectangle indicates 

the irradiated capsule. The scale bars correspond to 10 µm. 

 

 

Figure 2.14. Intracellular spread of encapsulated endocytosed fluospheres (PS) beads and 

calcein in the cytosol. Overlay of bright field and fluorescence channels showing the time-

dependent release dynamics of calcein (shown in green) and PS beads (shown in blue 

false colors) upon capsule irradiation by an 830 nm laser at Plaser = 13.48 mW. The red 

rectangle indicates the irradiated capsule. The scale bars refer to 10 µm.  

 

 

2.3.5 Data analysis of the diffusion kinetics 

The Intracellular spread of encapsulated cargos in the capsules was monitored 

with fluorescence microscopy at a single-cell level. In this study, the diffusion kinetics of 

the released molecular cargo within the cell were captured exclusively in two dimensions 

through fluorescence imaging, confined to the focal plane of the microscope. Time-series 

of the spread of the fluorescent released molecular cargo were recorded through 

fluorescence imaging (eg. Figure 2.10b). The use of the widely used open-source image 

analysis tool, ImageJ/Fiji [205], extracted information from microscopy data and 

provided a quantitative assessment of microscopy data. Two quantifiers were identified: 

the time-dependent fraction of the fluorescence present area and the time-dependent 

fraction of the mean fluorescence intensity in the cellular cross-section. During the initial 

10 frames of NIR laser activation, the area occupied by the fluorescence (i.e., the area 

size of the capsule) and the mean fluorescence intensity were averaged and defined as the 

background value. Subsequent to the activation of the laser, the area occupied by the 

fluorescence and the mean fluorescence intensity are recorded at all time points. Followed 
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by subtracting by the background value, two values were extracted: the mean 

fluorescence intensity of the released molecular cargo (I(t)) and the area of the released 

molecular cargo (A(t)). I(t) and A(t) saturated eventually to the values Imax and Amax, 

respectively. I(t)/Imax and A(t)/Amax were collected by normalizing the data to their 

maximum values. As shown in Figure 2.15, the normalized data of released calcein was 

plotted over time. The extraction of two parameters, designated t0.9-0.1(I) and t0.9-0.1(A), 

was conducted from each curve to delineate the duration preceding the augmentation of 

intensity and fluorescent area from 10% to 90%.  

 

 
Figure 2.15. Normalized release intensity I/Imax and spreading area in the cytosol A/Amax 

as a function of time after photothermal opening. The data shown here were derived from 

Figure 2.10b. 

 

 

2.3.6 Release of PEGylated solid nanoparticles from capsules 

All release data of all the investigated PEGylated solid nanoparticles shown in 

Table 1 are provided here (Figure 2.16, Figure 2.17 and Figure 2.18). For each tested 

molecular cargo that was subjected to testing, a minimum of five capsule opening events 

were recorded. The recorded normalized release intensities I/Imax and spreading areas 

A/Amax were subsequently obtained. To further assess the time of the intracellular release 

and spreading of PEGylated solid nanoparticles, t0.9-0.1(I) and t0.9-0.1(A) were extracted in 

Figure 2.19. Calcein was used as a reference molecular cargo to confirm the intracellular 
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opening of the capsules in the experiments. There were incompatibilities between those 

molecular cargos and calcein (e.g., overlapping fluorescence spectra. Table 1). 

Calcein was released in a rapid and complete filling of the entire cytosol, with the 

process being completed within approximately 0.9 s. Subsequent to this initial phase, the 

integrated intensity of the calcein remained constant. The fluorescence signal of calcein 

was saturated at the beginning, but a decline in fluorescence signal intensity in various 

degree is observed. The potential explanation for the decline in calcein fluorescence over 

time is that severe photobleaching during imaging or photothermal-induced cell 

membrane perforation results in the release of calcein into the extracellular environment. 

In contrast, different spatiotemporal spread of the investigated PEGylated solid 

nanoparticles (PEG-Au NCs in Figure 2.16, PEG-QDs in Figure 2.17 and PEG-PS beads 

in Figure 2.18) and calcein were observed. Ongoing spread of the released dyes 

throughout the cytosol occurred with varying rates of kinetics.  

Normalized area A/Amax and integrated fluorescence intensity I/Imax of the average 

value for these three solid nanoparticles co-loading with calcein were shown in Figure 

2.19a-c. The t0.9-0.1(A) values of PEG-Au NCs, PEG-QDs and PEG-PS beads were 

calculated as 39.83 s, 385.00 s and 422.83 s, respectively. The t0.9-0.1(I) values of PEG-

Au NCs, PEG-QDs and PEG-PS beads were 187.83 s, 463.60 s and 537.50 s, respectively, 

see Figure 2.19d-e. Those data indicated that PEGylation of solid nanoparticles facilitates 

an efficient photothermally triggered release from capsules and lysosomes into the 

cytosol of these materials.  

In contrast, all solid nanoparticles with PEG-coating were successfully released 

into the cytosol. Even the comparably large PS beads were smoothly released from the 

capsules and diffused into the cytosol. Coating nanoparticles with PEG could enhance 

their diffusivity in water, despite an increase in their dimensions. The physics of this 

effect is currently not fully clear but may be related to the lubricating properties of this 

coating [206]. The observed differences in release kinetics can be rationalized with size 

effect. The smallest particles, Au NC, are released faster and spread faster than the bigger 

particles due to their larger diffusivity. Attractively, we also specifically explored the 

possible enhancing mechanism of diffusion from molecular dynamic (MD) perspective, 

which is demonstrated in §2.3.8 and §2.3.9. 
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As an example, we describe the experiments with co-encapsulated calcein and 

PEG-PS beads. Figure 2.18 presents the real-time imaging of the release of the co-

encapsulated calcein and PEG-PS beads from the capsules and the lysosomes. We 

extracted the values of intracellular fluorescence integrated intensity/area to analyse the 

release kinetics. As shown in Figure 2.18b-e, the normalized integrated fluorescence 

intensity I/Imax and area A/Amax are used to represent the release kinetics. The spread 

of calcein was observed within 1 s. After the intracellular fluorescence area A and 

integrated intensity I reached their maximum, a slight decrease of these values was 

observed, which might be attributed to some photobleaching under continuous imaging 

by using the LSM880 set-up. At the end of the observation period of ~ 13 min, the 

fluorescence of calcein inside the capsules was still strong. This is consistent with 

previous reports that the cargo may bind to the polyelectrolyte matrix within the capsule, 

hindering cargo release [177]. In contrast, the ongoing spread of PEG-PS beads across 

the cytosol happened with different kinetics, and the PEG-PS beads rapidly filled the 

entire cytosol already within å 1 min. After 10 min, the significant increase of 

intracellular fluorescence area A and the intensity I of the PEG-PS bead reached their 

maximum, and the integrated intensity and spread area of the PEG-PS bead remained 

basically constant afterwards due to the nanobeads' high photostability. The PEG-PS bead 

fluorescence inside and outside the capsule was roughly the same at the end of the 

experiment. Considering that these beads without PEG-coating were not released at all, 

these results indicate a crucial role of PEGylation in ensuring intracellular mobility after 

capsule opening. Reasons for this could be a reduced absorption to remaining capsule 

fragments (polyelectrolytes as well as Au NP aggregates) after opening, but also to 

cellular components. Additionally, PEGylation is well-known to provide enhanced 

colloidal stability which might also play a role in the observed effect. If particles are 

destabilized during the photothermal capsule opening process, they might form 

aggregates which are immobilized due to their size. 
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Figure 2.16. a) Intracellular spread of encapsulated endocytosed PEG-Au NCs and 

calcein in the cytosol. Overlay of bright field and fluorescence channels showing the time-

dependent release dynamics of calcein (shown in green) and PEG-Au NCs (shown in red 

false colors) upon capsule irradiation by an 830 nm laser at Plaser = 13.48 mW. The red 

rectangle indicates the irradiated capsule. The scale bars refer to 20 µm. b,c,d,e) Release 

kinetics as obtained for the release of PEG-Au NCs and calcein upon different events of 

photothermal heating. Normalized integrated fluorescence intensity I/Imax of one cell, as 

calculated as the normalized integral of the local fluorescence intensities across the cell, 

as a function of time. Normalized area A/Amax of one cell, which is reached by the released 

fluorophores, as a function of time. Each curve corresponds to one experiment, from 

which the parameters t0.9-0.1(I) and t0.9-0.1(A) were extracted.  



 

45 

 

 
Figure 2.17. a) Intracellular spread of encapsulated endocytosed QDs359-PEG-OCH3 

and calcein in the cytosol. Overlay of bright field and fluorescence channels showing the 

time-dependent release dynamics of calcein (shown in green) and QDs359-PEG-OCH3 

(shown in red false colors) upon capsule irradiation by an 830 nm laser at Plaser = 13.48 

mW. The red rectangle indicates the irradiated capsule. The scale bars refer to 20 µm. 

b,c,d,e) Release kinetics as obtained for the release of QDs359-PEG-OCH3 and calcein 

upon different events of photothermal heating. Normalized integrated fluorescence 

intensity I/Imax of one cell, as calculated as the normalized integral of the local 

fluorescence intensities across the cell, as a function of time. Normalized area A/Amax of 

one cell, which is reached by the released fluorophores, as a function of time. Each curve 

corresponds to one experiment, from which the parameters t0.9-0.1(I) and t0.9-0.1(A) were 

extracted.  
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Figure 2.18. a) Intracellular spread of encapsulated endocytosed PEG-PS beads and 

calcein in the cytosol. Overlay of bright field and fluorescence channels showing the time-

dependent release dynamics of calcein (shown in green) and PEG-PS beads (shown in 

blue false colors) upon capsule irradiation by an 830 nm laser at Plaser = 13.48 mW. The 

red circle indicates the irradiated capsule. All scale bars: 20 µm. b,c,d,e) Release kinetics 

as obtained for the release of PEG-PS beads and calcein upon different events of 

photothermal heating. Normalized integrated fluorescence intensity I/Imax of one cell, as 

calculated as the normalized integral of the local fluorescence intensities across the cell, 

as a function of time. Normalized area A/Amax of one cell, which is reached by the released 

fluorophores, as a function of time. Each curve corresponds to one experiment, from 

which the parameters t0.9-0.1(I) and t0.9-0.1(A) were extracted.  
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Figure 2.19. Normalized area A/Amax and integrated fluorescence intensity I/Imax of the 

average value, which is obtained from the released a) PEG-Au NCs and calcein, b) 

QDs359-PEG-OCH3 and calcein, c) PEG-PS beads and calcein, as a function of time. 

Summary of the results for the t0.9-0.1(I) and t0.9-0.1(A) values of d) PEG-Au NCs, e) 

Qds359-PEG-OCH3 and f) Qds359-PEG-COOH. The data were obtained from Figure 

2.16, Figure 2.17 and Figure 2.18. 

 

 

2.3.7 Release and analysis of solid nanoparticles with different terminal 

groups in ligands 

In order to verify whether the intracellular release of solid nanoparticles to cytosol 

is affected by different terminal groups in ligands, QDs, a prototypical class of solid 

nanoparticles, were selected as the object of study in this investigation. QDs263-PEG-

OCH3, QDs359-PEG-OCH3 and QDs359-PEG-COOH were employed to encapsulate 

into capsules. For each tested molecular cargo that was subjected to testing, a minimum 

of ten capsule opening events were recorded. Images (bright field and fluorescence) were 

recorded at different time points and corresponding t0.9-0.1(I) and t0.9-0.1(A) values of QDs 

were obtained in Figure 2.20. The release kinetics of the encapsulated QDs, Normalized 

area A/Amax and integrated fluorescence intensity I/Imax of the average value for these 

three solid nanoparticles are shown in Figure 2.20. The t0.9-0.1(A) values of QDs263-PEG-
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OCH3, QDs359-PEG-OCH3 and QDs359-PEG-COOH were calculated as 761.10s, 

825.67 s and 1208.42 s, respectively. The t0.9-0.1(I) values of QDs263-PEG-OCH3, 

QDs359-PEG-OCH3 and QDs359-PEG-COOH were 825.70 s, 903.25 s and 1325.58 s, 

respectively. The diffusion speed of PEGylated QDs is significantly faster than that of 

hydroxyl groups, which may be caused by the difference in the hydrophilicity of 

nanoparticles. More exploration will be presented in §2.3.8 and §2.3.9. 

Co-encapsulation of a reference dye (calcein) with the cargo being tested is a good 

way to measure the release of the encapsulated cargo. Compared with Figure 2.17 and 

Figure 2.21, it is noteworthy that the release rate of cargos in the presence of calcein is 

significantly higher than that in the absence of calcein. This topic will be discussed in 

more detail in §2.3.8 and §2.3.9. 

 

 

Figure 2.20. Intracellular spread of encapsulated endocytosed a) QDs263-PEG-OCH3, b) 

QDs359-PEG-OCH3 and c) QDs359-PEG-COOH in the cytosol. Overlay of bright field 

and fluorescence channels showing the time-dependent release dynamics of QDs263-

PEG-OCH3 (shown in green), QDs359-PEG-OCH3 (shown in red) and QDs359-PEG-
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COOH (shown in red false colors) upon capsule irradiation by an 830 nm laser at Plaser = 

13.48 mW. The red rectangle indicates the irradiated capsule. The scale bars refer to 20 

µm. Summary of the results for the t0.9-0.1(I) and t0.9-0.1(A) values of endocytosed d) 

QDs263-PEG-OCH3, e) QDs359-PEG-OCH3 and f) QDs359-PEG-COOH as obtained 

from the data shown in Figure 2.20. 

 

 

Figure 2.21. Release kinetics as obtained for normalized release intensities I/Imax and 

intracellular spreading areas A/Amax of b) and c) QDs263-PEG-OCH3, e) and f) 

QDs359-PEG-OCH3, and, h) and i) QDs359-PEG-COOH upon different events of 

photothermal heating. Each curve corresponds to one experiment, from which the 

parameters t0.9-0.1(I) and t0.9-0.1(A) were extracted. a), d) and g) The curves show the 

average value from all traces in (c, d), (e, f) and (h, i), respectively. 
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2.3.8 Investigation on possible enhancing mechanism of diffusion 

In order to elucidate the effect of PEGylation in the release experiments, 

Molecular Dynamics (MD) simulations were carried out. Gold nanocluster (Au NC) was 

designated to be the candidate attributing to the more well-defined and stable structures 

than QDs. Figure 2.22a-c show the equilibrium geometries of the Au NC with different 

ligands, namely TA, TA-PEG-OCH3 and TA-PEG-COOH, respectively. The optimized 

conformations of the different ligands is shown in Figure 2.22d. By calculating the 

solvent interaction energies of gold nanoclusters with different terminal-group of PEG 

ligands, the total interaction energy was increased from -4095.724 kJ/mol (Au-TA NCs) 

to -22906.627 kJ/mol (Au NCs-TA-PEG-OCH3) and -23828.778 kJ/mol (Au NCs-TA-

PEG-COOH) (Figure 2.22f). Meanwhile, the Van der Waals interactions between the 

ligand coatings of the Au NC and water changed from repulsion in case of TA (399.572 

kJ/mol) to attraction (-2540.540 kJ/mol and -2416.507 kJ/mol, respectively) in case of 

the PEG-coatings (Figure 2.22e). This finding is consistent with the observed difficulty 

in diffusion on the release experiment of TA-Au NCs. The simulation results and 

experimental results consistently demonstrate that PEGylation significantly improves the 

release and intracellular diffusion of nanoparticles. Furthermore, the interaction energies 

of the different terminal-groups modified PEG short chains with water were investigated, 

which the short chains were extracted from the stable conformation of Au NCs with 

approximated relative molecular weight of Calcein. Intriguing, the -COOH terminated 

PEG short chain exhibited the strongest interaction with water (-546.677 kJ/mol), which 

was 70-80 kJ/mol stronger than that of -OCH3 terminal-group modified PEG short chain 

and calcein (a quite fast releasing small molecules as mentioned above) (Figure 2.22g). 

Thus, PEG modification can be considered to effectively enhance the interaction of the 

cargos with water, and -COOH terminated PEG can be considered as the best candidate 

for hydrophilic surface modification of cargoes, endowing nanoclusters with better 

application potential. We note that the better solubility in water is also directly related to 

colloidal stability, because decreased solubility increased the probability of 

agglomeration, aggregation, and precipitation. 

Comparing the intracellular release of endocytosed encapsulated quantum dots 

with differently terminated PEG coatings led to contrary conclusions (Figure 2.20 and 

Figure 2.21). The intracellular spread of QDs-PEG modified with -OCH3 terminal-groups 

was faster than for those with -COOH groups. As shown in Figure 2.21, -OCH3 
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terminated QDs-PEG was therefore considered to exhibit stronger interaction with water 

and better release properties than the -COOH terminated ones. Considering the possible 

excess ligand coating of the nanocluster surface in the experiments, zeta potentials of 

different PEG grafting QDs were further conducted to explain the paradoxical 

phenomenon. QDs-PEG-OCH3 exhibited stronger surface negativity (-13.14 ± 0.30 mV) 

than QDs-PEG-COOH (-9.47 ± 0.80 mV) (Figure 2.23), which successfully supported 

the excessive coating hypothesis. Hence, the unexpectable coating of un-grafted ligands 

on the material surface was also one of the important influencing factors to achieve 

controlled release modulation of cargoes. 

 

 

Figure 2.22. The equilibrium geometry of gold nanoclusters with different ligands: a) 

TA; b) TA-PEG-OCH3; c) TA-PEG-COOH. d) The equilibrium conformation of PEG-

OCH3, PEG-COOH and calcein. The interaction energy between gold nanoclusters with 

different ligands and water: e) electrostatic interactions and Van der Waals interactions; 

f) total interactions. g) The interaction energy between different terminal end chains and 

water, in which calcein was designated as control and the same molecular weight was 

employed. 
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Figure 2.23. The mean zeta-potentials of the Au NCs-PEG-COOH and Au NCs-PEG-

OCH3 were -9.17 ± 0.80 and -13.14 ± 0.30 mV, respectively. 

 

 

2.3.9 Effect of calcein co-loading on intracellular diffusivities 

The above results consistently demonstrate that PEGylation significantly 

improves the release and intracellular diffusion of nanoparticles. Surprisingly, the release 

and diffusion kinetics were strongly affected by calcein co-loading. When capsules were 

loaded with a combination of calcein and PEGylated nanoparticles, the release took place 

within seconds as shown in Figure 19a-c (PEG-Au NCs, PEG-QDs and PEG-PS beads). 

In contrast, it took a few minutes to observe significant release of PEGylated 

nanoparticles when no calcein was co-encapsulated.  

To explore possible reasons for this behavior the calcein adsorption was simulated 

with the Au NC model described in Figure 2.22. The stable adsorption model was first 

simulated for 10 ns, then removed all unattached calcein and simulated for 10 ns to 

remove the unstable adsorption calcein by twice, which better represented the reality drug 

loading processes of capsule construction (Figure 2.24a). Compared to the pure Au NC, 

the interaction energy of calcein/Au NC mixtures with water was significantly increased 

(from -23828.778 kJ/mol to -40740.616 kJ/mol) (Figure 2.24b). The promoting effect of 

hydrophilic small molecule adsorption on the release properties of cargoes was primarily 
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enunciated. In this case, the increase in the interaction energy of the gold cluster system 

with water was mainly due to strong interactions of the small molecules-small molecules 

and small molecules- cargoes. Although calcein had a lower interaction capacity with 

water than PEG, more calcein tended to aggregate and gained stronger interaction with 

water than single PEG with the strong interactions of the small molecules-small 

molecules (Figure 2.24c), which ultimately realized the enhancement of hydrophilicity 

(Figure 2.24d).  

Moreover, since the complexity component of cytoplasm, the stable adsorption of 

the calcein to the PEG coating might also diminish the unspecific adsorption to other stuff 

(such as the protein, the shatter fragments of the capsules and aggregated Au NP) caused 

by the light lasering. In summary, we initially proposed a regulatory strategy to achieve 

the on-demand release.  

 

 

Figure 2.24. a) The stable absorption process of Au NCs-PEG-COOH with calcein. b) 

The total, electrostatic interaction, Van der Waals interaction energy between water and 

Au NCs-PEG-COOH with/without calcein. The interaction snapshot of c) calcein 

aggregation and d) electrostatic interaction between the terminal group of PEG-COOH 

and calcein. 
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2.4 Conclusion 

In this work, we present data on the intracellular light-triggered release of 

different nanomaterials, ranging from small nanoclusters with hydrodynamic diameters 

well below several nm to poly(styrene) spheres with diameters of 100 nm. For all solid 

nanoparticles tested, the efficient release was enabled by poly(ethylene glycol) coatings 

in contrast to all other tested coatings. Molecular dynamics (MD) simulations further 

clarified that PEG modification was considered to effectively enhance the interaction of 

the cargos with water. Quantitative analysis reveals that intracellular diffusion 

performance of nanoparticles is dependent on the size of nanoparticles. PEGylation 

nanoparticles with OCH3 terminal-groups showed better release performance than the 

COOH terminal-group modification, as the simulation clarified that the terminal group is 

a significant impact factor for the intracellular diffusion of nanoparticles with 

approximated relative nanoparticles. PEGylation nanoparticles with unstable interaction 

based on calcein stick gained stronger interaction with water, which means that calcein 

doping PEGylation nanoparticles could reverse the low diffusion performance. Hence, 

calcein-mediated PEGylation nanoparticle delivery could represent a potential solution 

for the bottleneck of cytosolic delivery, enhance the intracellular release of the 

nanoparticles from the endosome to the target position, and further enhance nanoparticle 

delivery efficiency. 
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3 Microcapsule-mediated engineered cells for intracellular 

nanoplastic biodegradation 

3.1 Introduction  

The widespread use of plastics has led to an inevitable increase in human exposure 

to plastic particles worldwide [207, 208]. Microplastics and nanoplastics have emerged 

as novel particulate anthropogenic pollutants, rapidly gaining attention from both the 

scientific community and the general public [209-211]. When exposed to biological, 

chemical, and environmental factors, a single microplastic particle can fragment into 

billions of nanoplastic particles, suggesting that nanoplastic pollution will become 

ubiquitous on a global scale [212, 213]. Due to their minute size, nanoplastics may pose 

greater risks than microplastics, as they can penetrate biological membranes [214-217]. 

These particles have been detected not only in diverse environmental matrices but also in 

drinking water and food chains, raising significant concerns about their potential impacts 

on human health. Concurrently, the massive production of plastics presents formidable 

challenges for waste management [218]. 

Traditional approaches for nanoplastic remediation predominantly employ 

physical and chemical methodologies [219, 220]. Photocatalytic degradation utilizing 

titanium dioxide nanoparticles under ultraviolet irradiation demonstrates efficacy in 

mineralizing polyethylene into benign byproducts [221]. Mechanical techniques such as 

ultrasonication facilitate polymer chain scission, while advanced oxidation processes 

including Fenton reactions mediate oxidative breakdown through hydroxyl radical 

generation [222, 223]. Hydrolytic methods employing strong acids or bases target ester 

linkages in polyesters [224]. However, these strategies are constrained by several factors: 

the persistence of catalytic residues, formation of toxic intermediates, requirements for 

corrosive reagents, and incompatibility with biological systems [225, 226]. In contrast, 

biological degradation platforms, particularly enzyme-based systems, offer 

environmentally benign alternatives [227, 228]. Notable examples include PETase 

derived from Ideonella sakaiensis and genetically engineered Escherichia coli exhibiting 

surface-displayed PETase with 328-fold enhanced degradation efficiency [229]. Despite 

these advancements, a significant knowledge gap persists regarding intracellular 

nanoplastic degradation within mammalian systems. 
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To address this critical unmet need, we have developed a biomimetic degradation 

platform employing layer-by-layer assembled polyelectrolyte capsules. These 

nanostructured vehicles, designated as (DEXS/pARG) /(DEXS/PEI) @PETase, are 

rationally designed for lysosomal trafficking following cellular internalization (Figure 

3.1). The system capitalizes on two synergistic mechanisms: first, the acidic lysosomal 

microenvironment induces capsule disassembly, and second, the intrinsic proton 

buffering capacity of polyethyleneimine maintains optimal pH for PETase activity. This 

dual-function architecture ensures both spatial and temporal control of enzymatic payload 

release, enabling efficient intracellular plastic degradation. The platform's biological 

compatibility and targeted delivery represent significant advancements over conventional 

degradation methods, establishing a novel paradigm for addressing nanoplastic 

accumulation in living systems. 

 

 

Figure 3.1. Engineered cells for the biodegradation of nanoplastics.  
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3.2 Experimental section 

3.2.1 Regant and materials 

Polyethylene terephthalate filament (PET, #ES30-FB-000110) was purchased 

from Goodfellow (Germany). Rhodamine B (RB, #83689), hexafluoroisopropanol 

(HFIP, #105228), bovine serum albumin (BSA, #A2153), branched poly(ethyleneimine) 

(PEI, Mw å 25 kDa, #408727), poly-L-arginine hydrochloride (pARG, Mw å 15-70 kDa, 

#P7762), dextran sulfate sodium salt (DEXS, Mw å 10 kDa, #51227), calcium chloride 

dihydrate (CaCl2 · 2H2O, #223506), sodium carbonate (Na2CO3, #S7795), sodium 

phosphate dibasic (Na2HPO4, #S3264), potassium phosphate monobasic (KH2PO4, 

#P5655), ethylenediamine-tetra-acetic acid disodium salt dihydrate (EDTA disodium 

salt, #E5134) and iron(II) sulfate heptahydrate (FeSO4·7H2O, #F7002) were purchased 

from Sigma-Aldrich (Germany). Trisodium citrate dihydrate (#3580.4), hydrochloric acid 

(HCl, #4625.1) and sodium hydroxide (NaOH, #6771.1) were purchased from Carl Roth 

(Germany). Hydrogen peroxide (H2O2, #23622) was purchased from Avantor (Germany). 

Ultrapure double distilled water (ddH2O, MilliQ) with a resistivity greater than 18.2 Mɋ 

cm-1 was used for all experiments. 

 

 

3.2.2 Synthesis of polyethylene terephthalate nanoparticles (PET NPs) 

Polyethylene terephthalate (PET) nanoparticles (PET NPs) were synthesized 

following a previously reported protocol [230], with modifications as described below. 

To prepare the PET precursor solution, 0.58 g of PET filament was accurately weighed 

and added to 35 mL of hexafluoroisopropanol (HFIP) in a glass container. The mixture 

was subjected to continuous stirring at room temperature (RT, ~25°C) for 1 hr to ensure 

complete dissolution of the PET polymer. For nanoprecipitation, 10 mL of the PET 

solution was introduced dropwise at a controlled rate of 1 mL/min into 75 mL of MilliQ 

water under continuous stirring at RT. A LEGATO® 111 syringe pump (KD Scientific, 

USA) equipped with a 10 mL glass syringe (FORTUNA Optima®, Poulten & Graf 

GmbH, Germany) was used to maintain a consistent flow rate, allowing for controlled 

nucleation and precipitation of PET NPs. Following precipitation, the resulting PET NP 

suspension was transferred into a round-bottom flask and subjected to mild heating at 
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55°C under vacuum using a rotary evaporator to facilitate the removal of residual HFIP. 

Once the total volume of the suspension was reduced to approximately 30 mL, an 

additional 75 mL of MilliQ water was introduced, and a second round of rotary 

evaporation was performed under identical conditions to further concentrate the 

nanoparticle dispersion and remove any remaining HFIP. To ensure complete removal of 

HFIP, the PET NP suspension was subjected to centrifugation at 3000 rpm for 5 min at 

RT. The supernatant was carefully discarded, and the nanoparticle pellet was resuspended 

in 5 mL of bovine serum albumin (BSA) solution (0.5 mg/mL, pH 8.2). This washing 

step was repeated three times, with the supernatant being discarded and replaced with 

fresh MilliQ water in each cycle. After the final wash, the PET NPs were resuspended in 

5 mL of BSA solution (0.5 mg/mL, pH 8.2) and stored at 4°C in the dark until further use. 

For the preparation of rhodamine B-labeled PET nanoparticles (PET-RB NPs), 

the same nanoprecipitation protocol was followed, with the exception that 1 mL of a 

rhodamine B (RB) solution (0.05 mg/mL) was added to the PET solution prior to the 

precipitation step. This modification allowed for the incorporation of fluorescent RB 

molecules into the PET NPs, facilitating subsequent imaging and tracking studies. 

 

 

3.2.3 Synthesis of polyelectrolyte microparticles (caps) 

Polyelectrolyte capsules were synthesized using a layer-by-layer (LbL) assembly 

method following previously established protocols [177, 231]. The process involved the 

fabrication of micrometer-sized calcium carbonate (CaCO ) cores as sacrificial templates, 

followed by polymer coating and core removal to obtain hollow polyelectrolyte capsules. 

Step 1: Fabrication of CaCO  Template Cores. To synthesize CaCO  cores, 615 

ɛL of 0.33 M sodium carbonate (Na CO ) solution was mixed with 400 ɛL of a 5 mg/mL 

molecular cargo solution (either PETase or BSA-FITC) in a 20 mL glass vial. The mixture 

was subjected to vigorous stirring at 900 rpm to ensure uniform dispersion. Subsequently, 

615 ɛL of 0.33 M calcium chloride dihydrate (CaCl Ŀ2H O) solution was introduced into 

the system under continuous stirring. The reaction mixture was maintained at room 

temperature (RT, ~25°C) under magnetic stirring for 30 s, followed by a 3 min static 

incubation period to allow for CaCO  precipitation and crystal growth cessation. The 

resulting CaCO  microparticles were collected via centrifugation at 3000 rpm for 30 s, 
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after which the supernatant was discarded. The precipitate was subjected to a three-step 

washing process with fresh MilliQ water to remove unreacted reagents. Each washing 

step consisted of centrifugation at 3000 rpm for 30 s, removal of the supernatant, and 

resuspension in fresh water. 

Step 2: Layer-by-Layer Assembly of Polyelectrolyte Shells. The polyelectrolyte 

shell coating was achieved using sequential adsorption of oppositely charged polymers 

onto the CaCO  cores [232]. Initially, the CaCO  cores were resuspended in 1 mL of a 

negatively charged dextran sulfate (DEXS) solution (2 mg/mL in 0.1 M NaCl, pH 6.5) 

and subjected to 2 min of sonication to enhance polymer adsorption. The suspension was 

then incubated under continuous shaking for 10 min to ensure uniform polymer coating. 

Excess unbound polymer was removed through three cycles of centrifugation at 3000 rpm 

for 30 s, with each cycle followed by supernatant removal and resuspension in fresh 

MilliQ water. Subsequently, 1 mL of positively charged poly-L-arginine (pARG) solution 

(2 mg/mL in 0.1 M NaCl, pH 6.5) was added to the particle suspension. The mixture was 

processed following the same adsorption, washing, and resuspension steps as described 

for DEXS. This alternating deposition of DEXS and pARG was repeated to construct a 

four-bilayer shell [(DEXS/pARG) ] [159]. 

Step 3: Removal of CaCO  Core and Capsule Purification. To obtain hollow 

polyelectrolyte capsules, the polymer-coated CaCO  particles were incubated overnight 

in 2 mL of 0.1 M ethylenediaminetetraacetic acid (EDTA), pH 6.5, at 4°C, allowing for 

complete dissolution of the CaCO  core. The resulting hollow polyelectrolyte capsules 

were then purified by centrifugation at 1800 rpm for 10 min, followed by removal of the 

supernatant and resuspension in fresh MilliQ water. This washing process was repeated 

three times to ensure the complete removal of residual EDTA. Finally, the purified 

capsules with a (DEXS/pARG)  shell architecture were resuspended in 1 mL of MilliQ 

water and stored at 4°C until further use. 

Step 4: Alternative Capsule Architecture with Proton-Buffering Capability. To 

introduce proton-buffering functionality, an alternative capsule configuration was 

synthesized by modifying the final two bilayers. Specifically, instead of forming the last 

two bilayers with pARG, positively charged polyethyleneimine (PEI, 2 mg/mL in 0.1 M 

NaCl, pH 6.5) was employed. This resulted in a final shell composition of 

(DEXS/pARG) /(DEXS/PEI), which provided enhanced buffering capacity within the 

capsule microenvironment. 
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Regardless of the final shell composition, the molecular cargo (PETase or BSA-

FITC) remained encapsulated within the hollow capsule cavity after CaCO  dissolution, 

ensuring its retention for subsequent applications. 

 

 

3.2.4 Estimation of the amount of PETase per capsule 

According to the methodology outlined in §3.2.3, the encapsulation of PETase 

was initiated by utilizing 400 ɛL of a PETase solution at a concentration of 5 mg/mL as 

the template for core synthesis. This corresponds to a total PETase mass of 0.4 mL × 5 

mg/mL = 2 mg of PETase. Following the core dissolution process and subsequent 

encapsulation, the resulting capsules were dispersed in 1 mL of ultrapure water, yielding 

a theoretical PETase concentration of 2 mg/mL in the final suspension. It is important to 

note that this value represents the theoretical upper limit of PETase concentration, as it 

does not account for potential losses incurred during inefficient integration of PETase 

into the core structures or during the washing steps, which may result in partial enzyme 

degradation or removal. The concentration of capsules in the stock solution was 

quantified to be approximately 10  capsules per milliliter (mL ĭ). Based on this 

measurement, the upper limit for the amount of PETase per individual capsule can be 

estimated as follows: 2 mg/mL (total PETase concentration) divided by 10  capsules/mL 

(capsule concentration) equals 2 Ĭ 10  mg of PETase per capsule, which is equivalent to 

20 pg of PETase per capsule. This calculation assumes ideal conditions with no loss of 

PETase during the encapsulation and washing processes, thereby providing a 

conservative estimate of the maximum possible enzyme loading per capsule. 

 

 

3.2.5 Characterization of nano- and microparticles 

Morphology characterization: The morphology of the PET NPs was determined 

with a transmission electron microscope (TEM, JEM 1011, JEOL) on dried samples. The 

capsules were imaged with optical bright-field microscopy and fluorescence microscopy 
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(LSM880 system, Zeiss; the continuous wave laser was generated by a two-photon 

generator (Ti:Sa Laser Mai Tai, Spectra Physics)). 

Dynamic light scattering: Dynamic light scattering (DLS) analysis for obtaining 

the hydrodynamic diameter dh of the particles in MilliQ water was conducted using a 

Malvern Zetasizer Particle Analyzer (ZEN3600, Malvern).  

Fourier transformed infrared (FTIR) characterization: Fourier-transform infrared 

spectra (FTIR) were collected using an FTIR spectrometer (Cary 630, Agilent).  

Characterization of optical properties: Fluorescence excitation and fluorescence 

emission spectra were collected in MilliQ water using a Fluorescence Spectrometer (Cary 

Eclipse, Agilent) 

Stability of properties in different media: The stability of the hydrodynamic 

diameter and the stability of RB fluorescence of the PET-RB NPs was probed by 

incubating the NPs in phosphate buffered saline (PBS), pH 7.4 or RPMI-1640 culture 

medium supplemented with 10% FBS and 1% P/S (see the cell culture part for details) 

for 120 h at 25 , whilre monitoring the hydrodynamic diamter and fluroescence 

intensity over time. 

 

 

3.2.6 Degradation of PET by PETase 

The enzymatic degradation of polyethylene terephthalate nanoparticles (PET 

NPs) was analyzed by monitoring the formation of 2-hydroxyterephthalate (HOTP), a 

fluorescent byproduct generated in situ via the Fenton reaction following the radical 

hydroxylation of terephthalic acid (TPA), as described in previous studies [233, 234]. The 

fluorescence of HOTP was measured at an excitation wavelength of 328 nm and an 

emission wavelength of 421 nm. 

Enzymatic Hydrolysis Procedure. A reaction mixture was prepared by adding 50 

µL of PET NP dispersion (C_NP = 7 mg/mL) as the enzymatic substrate into a 1.5 mL 

microcentrifuge tube containing 1 mL of phosphate buffer (PB, Na HPO-KH PO , 1/15 

M, pH 8). Subsequently, 25 µL of PETase solution (2 mg/mL) was introduced into the 

mixture. The reaction was incubated at room temperature (RT) for 48 h under continuous 

agitation (200 rpm) using an orbital shaker (KS 250B, IKA, Germany) to ensure 

homogeneous enzymatic activity. During enzymatic hydrolysis, PET NPs were degraded 
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into terephthalic acid (TPA) and ethylene glycol (EG), as illustrated in Figure 3.2. After 

incubation, the reaction mixture was centrifuged at 3000 rpm for 5 min to precipitate any 

undigested PET NPs, and the supernatant containing the released TPA was carefully 

collected for subsequent analysis. 

Fluorescence-Based HOTP Detection. For fluorescence quantification of 

enzymatic degradation, 30 µL of the collected supernatant was transferred into each well 

of a 96-well black microtiter plate. To initiate the Fenton reaction, the following reagents 

were sequentially added per well, reaching a total reaction volume of 200 µL: 100 µL of 

phosphate buffer (PB, 1/15 M, pH 8), 30 ÕL of H O  (2% v/v) solution, 20 µL of EDTA 

(3 mM) solution and 20 ÕL of FeSO Ŀ7H O (3 mM) solution. The plate was incubated at 

room temperature for 25 min to allow the hydroxylation of TPA and the subsequent 

formation of HOTP, as depicted in Figure 3.2. To quench the reaction, 50 ɛL of 2 M 

H SO  solution was added to each well, stabilizing the fluorescence signal for analysis. 

Fluorescence Measurement. The fluorescence intensity of HOTP was measured 

using a FLUOstar Omega microplate reader (BMG LABTECH, Germany), equipped with 

a 460 nm emission filter. Data acquisition and analysis were performed using the Omega 

4.01 R2 software. The fluorescence intensity of HOTP directly correlated with the 

concentration of enzymatically released TPA, thereby providing a quantitative measure 

of PET NP degradation. 

 

 
Figure 3.2. Fluorimetric detection of PET NPs via TPA. (i) Enzymatic PET hydrolysis 

yields TPA and EG. (ii) Fe(II)-EDTA generates hydroxyl radicals (·OH). (iii) ·OH 

hydroxylates TPA to fluorescent 2-HOTP (ɚex = 326 nm, ɚem = 438 nm). 
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To evaluate the influence of pH on the enzymatic degradation of PET 

nanoparticles (PET NPs) by PETase, the previously described enzymatic hydrolysis assay 

was systematically repeated across a range of pH conditions. Specifically, 50 µL of PET 

NP dispersion (7 mg/mL) and 25 µL of PETase solution (2 mg/mL) were mixed with 1 

mL of phosphate buffer (PB) solution at varying pH values. The enzymatic reaction and 

subsequent fluorescence-based analysis were conducted as detailed in the prior 

experimental procedure. 

Preparation of Phosphate Buffer (PB) Solutions at Different pH Values. The PB 

solutions were prepared by mixing two stock solutions, Na HPO  (1/15 M) and KH PO  

(1/15 M), in defined volume ratios to achieve the desired pH conditions. The buffer 

compositions were adjusted as follows: 

pH å 4.0: 0:10 ratio (only KH PO) ï Since the intrinsic pH of KH PO  (1/15 M) 

was 4.5, hydrochloric acid (HCl) was added to adjust the final pH to 4.0. 

pH å 5.0 (measured pH = 4.92): 0.1:9.9 ratio of Na HPO :KH PO. 

pH å 6.0 (measured pH = 5.91): 1.0:9.0 ratio of Na HPO :KH PO. 

pH å 7.0 (measured pH = 6.98): 6.0:4.0 ratio of Na HPO :KH PO. 

pH å 8.0 (measured pH = 8.00): 9.5:0.5 ratio of Na HPO :KH PO. 

Each buffer solution was carefully prepared and pH measurements were 

performed using a calibrated pH meter to ensure precision. The adjusted pH conditions 

were maintained throughout the enzymatic degradation assay to assess the influence of 

pH variation on PETase activity. 

 

 

3.2.7 Degradation of PET by encapsulated PETase 

To evaluate the enzymatic activity of encapsulated PETase, the hydrolysis assay 

described in §3.2.5 was also conducted for PETase encapsulated within polyelectrolyte 

capsules of two distinct shell geometries: (DEXS/pARG)  and 

(DEXS/pARG) /(DEXS/PEI) . 

Since the encapsulation confines the enzyme within the capsule matrix, it was 

necessary to disrupt the capsules to allow access of the PET NPs to the encapsulated 
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PETase prior to initiating the enzymatic reaction. To achieve this, the capsules were 

subjected to ultrasonic treatment using a SONOREX DIGITEC DT 102H ultrasonic bath 

(Bandelin, Germany), operating at a fixed frequency of 35 kHz with an adjustable power 

range of 120ï480 W. The sonication was performed in a cold water bath for 10 min, 

facilitating capsule rupture and the subsequent release of PETase into the reaction 

medium. 

This approach ensured the efficient liberation of PETase while minimizing 

potential enzyme denaturation, thereby enabling a direct comparison of free versus 

encapsulated PETase in PET degradation assays. 

 

 

3.2.8 Cell culture techniques 

Human cervical carcinoma cells (HeLa cells) were cultured in Dulbecco's 

Modified Eagles Medium (DMEM, #11965092, ThermoFisher Scientific) with 4.5 g/L 

glucose supplemented with 10% fetal bovine serum (FBS, Biochrom, Germany, #S0615), 

1% penicillin/streptomycin (P/S, #15070063, Thermo Fisher Scientific) at 5% CO2 and 

37 . For cell viability assays (Ä3.2.9) and enzymatic degradation experiments (§3.2.6, 

§3.2.7), HeLa cells were cultured in the aforementioned serum-supplemented medium. 

However, for colocalization studies (§3.2.10), a serum-free DMEM formulation was used 

during the incubation with LysoTracker, to prevent potential interference from serum 

components. 

 

 

3.2.9 Cell viability assays 

The cytotoxicity of rhodamine B-labeled PET nanoparticles (PET-RB NPs) and 

PETase-loaded polyelectrolyte capsules (PETase@caps) with 

(DEXS/pARG) /(DEXS/PEI)  shell geometry was evaluated based on cellular metabolic 

activity, quantified using a resazurin reduction assay [234]. 

HeLa cells were seeded into black 96-well plates (Corning® 3603, USA) with a 

seeding area of 0.32 cm² per well at an initial density of 5,000 cells per well in 100 µL of 
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complete culture medium. Cells were incubated at 37°C in a humidified environment with 

5% CO  for 24 h. Following overnight incubation, the culture medium was carefully 

aspirated and replaced with fresh medium containing either: PET-RB NPs at a designated 

nanoparticle concentration (CNP), or PETase@caps, added at a defined capsule-to-cell 

ratio (Ncaps/cell). Control wells consisted of cells maintained under identical conditions but 

without exposure to PET-RB NPs or PETase@caps. After 24 h or 48 h of exposure, the 

treated cells were carefully washed three times with PBS to remove residual nanoparticles 

or capsules. Subsequently, 200 µL of sterile-filtered resazurin solution (25 µg/mL in 

DMEM) was added to each well, and the plate was incubated for 3 h at 37ÁC and 5% CO  

to allow enzymatic reduction of resazurin to resorufin by metabolically active cells. 

Following incubation, the fluorescence intensity of resorufin was measured using a 

FLUOstar Omega microplate reader (BMG LABTECH, Germany), with excitation at ɚex 

= 544 nm, emission at ɚem = 590 nm, and a cut-off filter set at 570 nm. Data acquisition 

and analysis were conducted using Omega 4.01 R2 software. Cell viability (V) was 

determined by normalizing the fluorescence intensity of PET-RB NP- or PETase@caps-

exposed cells to that of the untreated control cells, according to the following equation: 

ὠ
Ὂ

Ὂ
ρππϷ 

where Ftreated represents the fluorescence intensity of cells exposed to PET-RB NPs 

or PETase@caps, and Fcontrol corresponds to the fluorescence intensity of control cells not 

exposed to either material. 

 

 

3.2.10 Colocalization experiments 

For colocalization imaging, a total of 100,000 HeLa cells were seeded in a µ-Dish 

(#81156, ibidi; bottom area: 3.5 cm²) containing 2 mL of Dulbecco's Modified Eagle 

Medium (DMEM) supplemented with 10% fetal bovine serum (FBS). The cells were 

maintained overnight in a humidified incubator at 37 ÁC with 5% CO  to allow for 

adherence and stabilization. Following this, the cells were incubated with polyethylene 

terephthalate-rhodamine B nanoparticles (PET-RB NPs) at a concentration of CNP = 5 

µg/mL for an additional 24-h period under the same incubation conditions. On the third 

day, the cells were further incubated with bovine serum albumin-fluorescein 
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isothiocyanate-labeled capsules (BSA-FITC@caps) at a concentration of Ncaps/cell = 1.5 

capsules per initially seeded cell, again for 24 h. On the fourth day, after the 24-h 

incubation period with BSA-FITC@caps, the lysosomes within the cells were optionally 

stained. For lysosomal staining, the cells were washed three times with phosphate-

buffered saline (PBS) to remove any residual medium and then incubated with 1 mL of 

serum-free medium containing 50 nM LysoTrackerÊ Deep Red staining solution for 30 

min at 37 ÁC and 5% CO . This serum-free incubation step was the only instance where 

serum-free conditions were applied. Following the staining procedure, the cells were 

washed three times with PBS to remove excess dye, and 2 mL of fresh culture medium 

supplemented with 10% FBS was added to the dish. In cases where lysosomal staining 

was not performed, the medium was directly replaced with 2 mL of fresh culture medium 

supplemented with 10% FBS. 

Subsequently, the cells were imaged using an upright confocal laser scanning 

microscope (LSM880 system, Zeiss). Image acquisition was performed using the ZEN 

2.3 software (blue edition, operation software for LSM880). The following fluorescence 

settings were employed: for BSA-FITC@caps, excitation wavelength (ɚex) = 488 nm and 

emission wavelength (ɚem) = 517 nm; for PET-RB NPs, ɚex = 561 nm and ɚem = 577 

nm; and for LysoTrackerÊ Deep Red, ɚex = 633 nm and ɚem = 688 nm. These settings 

were optimized to ensure minimal spectral overlap and maximum signal specificity for 

each fluorescent marker. 

 

 

3.2.11 Intracellular degradation (multiple cells) 

HeLa cells were seeded in black 96-well plates (Corning® 3603, USA; 0.32 cm² 

seeding area per well) at an initial density of 5,000 cells per well. The cells were cultured 

in 100 µL of Dulbecco's Modified Eagle Medium (DMEM) supplemented with 10% fetal 

bovine serum (FBS) and maintained in a humidified incubator at 37 ÁC under 5% CO  for 

48 h to ensure proper cell adherence and proliferation. Following this incubation period, 

polyethylene terephthalate-rhodamine B nanoparticles (PET-RB NPs) were introduced 

into each well at a final concentration of CNP = 5 µg/mL, and the cells were further 

incubated overnight under the same conditions to allow for nanoparticle internalization. 
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On the third day, non-internalized PET-RB NPs were removed by carefully aspirating the 

medium from each well. The cells were then replenished with fresh serum-supplemented 

medium containing PETase-loaded capsules (PETase@caps) at a density of 1.5 capsules 

per initially seeded cell. Based on the upper estimated limit of PETase loading per 

capsule, as described in §3.2.6, each capsule contained a maximum of 12.5 pg of PETase. 

After an incubation period of time t, the cells were washed three times with phosphate-

buffered saline (PBS) to remove any residual extracellular components. 

The rhodamine B (RB) fluorescence intensity (IRB) in each well was quantified 

using a microplate reader (BMG LABTECH, Germany) with excitation and emission 

wavelengths set to ɚex = 544 nm and ɚem = 590 nm, respectively, and a 10 nm bandpass 

filter to ensure precise fluorescence detection. As a control, an identical experimental 

procedure was conducted in parallel, omitting the addition of PETase@caps to account 

for any background fluorescence or nonspecific effects. This control experiment was 

essential to validate the specificity of the observed fluorescence changes attributable to 

PETase activity. 

 

 

3.2.12 Intracellular degradation (single cells) 

The degradation of polyethylene terephthalate-rhodamine B nanoparticles (PET-

RB NPs) in the presence of PETase-loaded capsules (PETase@caps) was monitored at 

the single-cell level using fluorescence microscopy. Control experiments were conducted 

by incubating cells with PET-RB NPs alone and PETase@caps alone to rule out 

nonspecific effects. 

For an experiment, 100,000 HeLa cells were seeded in 2 mL of Dulbecco's 

Modified Eagle Medium (DMEM) supplemented with 10% fetal bovine serum (FBS) in 

a grid-500 µ-Dish (#80156, ibidi; seeding area: 3.5 cm²). The cells were cultured 

overnight in an incubator at 37 ÁC under 5% CO . On the following day, the cells were 

incubated with PET-RB NPs at a concentration of CNP = 5 µg/mL under the same 

incubation conditions (37 ÁC, 5% CO ) for 24 h. On the third day, non-internalized PET-

RB NPs were removed by careful aspiration, and the cells were incubated with 2 mL of 

fresh medium containing PETase@caps, which featured a shell geometry of 

(DEXS/pARG)2/(DEXS/PEI)2, at a density of 1.5 capsules per initially seeded cell. The 
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cells were maintained in culture for a specified incubation time t (ranging from 2 to 48 h) 

at 37 ÁC and 5% CO . After incubation, the cells were washed three times with phosphate-

buffered saline (PBS) to remove extracellular residues, and 2 mL of fresh culture medium 

supplemented with 10% FBS was added. The cells were then imaged using an upright 

confocal laser scanning microscope (LSM880 system, Zeiss). Imaging was performed at 

five distinct time points (t = 2 h, 6 h, 12 h, 24 h, and 48 h) to assess the temporal dynamics 

of PET-RB NP degradation. During imaging, the temperature was maintained at 37 °C 

using a stage-top incubator, although CO  control was not implemented. The following 

imaging parameters were employed: bright-field microscopy and PET-RB NP 

fluorescence detection with excitation and emission wavelengths set to ɚex = 561 nm and 

ɚem = 577 nm, respectively. Image acquisition and analysis were conducted using ZEN 

2.3 software (blue edition, operation software for LSM880).  
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3.3 Result and discussion 

3.3.1 Characterization of PET NPs 

In this study, we employed poly(ethylene terephthalate) hydrolase (PETase) [217, 

235], an enzyme recognized for its capability to catalyze the degradation of polyethylene 

terephthalate (PET) nanoparticles (NPs). Notably, enzymes capable of hydrolyzing other 

types of nanoplastic materials have also been identified and characterized in the literature 

[236]. The PETase enzyme and PET NPs utilized in this work were synthesized following 

established protocols [230, 237]. To facilitate visualization and tracking, PET NPs 

incorporating rhodamine B (referred to as PET-RB NPs) were also synthesized. These 

fluorescently labeled NPs exhibited an average diameter of dc = 138 ± 19 nm, as 

confirmed by dynamic light scattering (DLS) in Figure 3.3c. A representative TEM image 

of PET NPs is shown in Figure 3.3a. From a series of such images of the respective 

distribution of the core diameter, the mean PET NP diameter was determined to be dc å 

92 nm in Figure 3.3b. Fluorescence excitation and fluorescence emission spectra of RB 

and PET-RB NPs were collected in MilliQ water using a Fluorescence Spectrometer in 

Figure 3.3d. The prominent pink of fluorescence excitation and fluorescence emission 

spectra were similar between RB and PET-RB NPs. Thus, the labeling of fluorescent dye 

RB on PET NPs was achieved. The FTIR profiles of PET and PET-RB NPs were 

compared in Figure 3.3e and Figure 3.3f. The F-IR profiles of both types of NPs showed 

the characteristic absorption bands of PET bulk polymer at 1715 cmī1 (C=O stretching), 

1578 cmī1 (stretching of C=C in ring), 1505 cmī1 (in-plane bending of CïH in ring; 

stretching of C=C in ring), and 1240 cmī1 (C=O in-plane bending, CïC stretching, 

C(=O)ïO stretching) [230]. Thus, the integration rhodamine kept the PET chemistry 

intact.  

The stability of both PET NPs and PET-RB NPs was rigorously characterized. 

Specifically, their fluorescence properties and colloidal stability were evaluated in 

solutions containing salts and proteins to mimic physiological and environmental 

conditions [238, 239]. Data indicate stability of both properties (dh, I) in the 2 different 

media. The results demonstrated that both the fluorescence intensity and colloidal 

stability of the NPs remained consistent over time, with no significant aggregation or 

degradation observed (Figure 3.4). These findings underscore the suitability of PET-RB 
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NPs as a model system for studying nanoplastic degradation in biologically relevant 

environments. 

 

 

Figure 3.3. Characterization of PET NPs and PET-RB NPs: a) TEM image of PET NPs 

(scale bar: 100 nm). b) Size distribution N(dc) of PET NPs, showing a mean diameter dc å 

92.33 nm. c) Intensity-weighted hydrodynamic diameter distribution of PET-RB NPs 



 

71 

 

(average of five DLS measurements). d) Excitation and emission spectra of PET-RB and 

PET NPs in aqueous solution; inset displays photographs under visible (left) and UV light 

(right). FTIR spectra of (e) PET NPs and (f) PET-RB NPs, depicting transmission (T) vs. 

wavenumber (ɜ). 

 

 
Figure 3.4. Time-dependent stability of PET-RB NPs incubated in PBS (pH 7.4) or 

RPMI-1640 (+10% FBS, 1% P/S): a) Hydrodynamic diameter (dh, DLS intensity-

weighted) vs. incubation time (t). b, c) Fluorescence spectra (I(ɚ), black axes) at 

different t and corresponding intensity (I(t)) over time. 

 

 

3.3.2 Characterization of capsules 

Polyelectrolyte capsules were then synthesized by layer-by-layer (lbl) assembly 

of oppositely charged polymers around the template cores with a schematic representation 

provided in Figure 3.5. As shown in Figure 3.6a, the built-up of layers was monitored by 
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zeta potential measurements, indicating the formation of each new layer by a reversal in 

the sign of the potential. BSA-FITC@caps ((DEXS/pARG)2/(DEXS/PEI)2 shell 

geometry) exhibited an average diameter of dc 2925 ± 210.70 nm, as confirmed by 

dynamic light scattering (DLS) in Figure 3.6b. The capsules were imaged with optical 

bright-field microscopy in Figure 3.6c and fluorescence microscopy (LSM880 system, 

Zeiss; the continuous wave laser was generated by a two-photon generator (Ti:Sa Laser 

Mai Tai, Spectra Physics)). In Figure 3.6c images of BSA-FITC encapsulated with 

(DEXS/pARG)2/(DEXS/PEI)2 (i.e. BSA-FITC@caps) is shown. From the images of the 

bright-field channel the mean capusule diameter was determined to be dc å 3.3 ɛm in 

Figure 3.6d.  

 

 
Figure 3.5. Schematic illustration of the synthesis of a multilayer polyelectrolyte capsule. 

The molecular cargo is either BSA-FITC or PETase. The final shell geometry of the here 

depicted capsule is (DEXS/pARG)2/(DEXS/PEI)2. 

 

 



 

73 

 

 

Figure 3.6. Characterization of polyelectrolyte-coated CaCO  capsules: a) Zeta potential 

(ɕ) evolution during layer-by-layer assembly of (DEXS/pARG) /(DEXS/PEI)  in MilliQ 

water. b) Bright-field and FITC-fluorescence microscopy of BSA-FITC@caps (scale 

bars: 50 ɛm upper row, 5 ɛm zoom-in). c) Size distribution N(d ) showing mean capsule 

diameter d  å 3.3 ɛm. d) Intensity-weighted hydrodynamic diameter distribution (average 

of 5 DLS measurements). 

  

 

3.3.3 Degradation of PET by PETase 

Degradation of PET by PETase was monitored by the presence of fluorescent 2-

hydroxyterephthalate (HOTP), which is formed by the Fenton reaction between the 

hydrolysis product of PET (terephthalic acid (TPA) and FeSO4 + H2O2. As shown in 

Figure 3.7, the fluorescence of HOTP was analyzed on a FLUOstar Omega microplate 

reader. The excitation and emission maxima of HOTP are 326 nm and 438 nm, 

respectively. The assay was performed for PET NPs and PET-RB NPs in the presence of 

PETase and as control without PETase. The results of the fluorescence read-out are 
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presented in Figure 3.8. The show, that after 12 h there is a saturation in the HOTP 

fluorescence, i.e. no further degradation of PET. Without PETase there is on production 

of HOTP. PETase however operates best under neutral or slightly alkaline conditions, 

whereas there is only insufficient hydrolysis of PET at low pH (pH = 4). Results are 

shown in Figure 3.9 and indicate that at pH = 4 there is basically no enzymatic activity. 

 

 
Figure 3.7. Excitation and emission spectra of HOTP. 

 

 

 
Figure 3.8. HOTP fluorescence intensity IHOTP of PET-RB NPs and PET NPs 

with/without PETase at pH 8. 
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Figure 3.9. pH-dependent fluorescence intensity IHOTP of PET NPs with/without PETase 

treatment. 

 

 

3.3.4 Degradation of PET by encapsulated PETase 

Previous studies have demonstrated negligible PETase activity at pH 4, 

precluding its functionality within acidic endosomal/lysosomal compartments. To 

construct engineered cells capable of intracellular nanoplastic degradation, two critical 

requirements must be met: (1) sufficient PETase delivery into lysosomes, and (2) 

preservation of enzymatic activity under acidic conditions. Polyelectrolyte capsules 

address these challenges through their high loading capacity and the proton-buffering 

effect of incorporated polyethylenimine (PEI), enabling both efficient cellular uptake and 

maintenance of PETase activity in lysosomal environments [52, 240, 241]. 

PETase was initially encapsulated within pH-responsive microcapsules featuring 

a degradable (DEXS/pARG)4 shell geometry. To verify post-encapsulation activity, 

capsules were disrupted via sonication and incubated with PET nanoparticles (NPs), with 

degradation monitored over 48 h (Figure 3.10a). While encapsulated PETase retained 

significant activity at pH 8, no degradation was observed at pH 4, consistent with the 

enzyme's pH-dependent activity profile. To overcome lysosomal pH inhibition, a proton-

buffering system was engineered into the capsule shell by replacing two pARG layers 

with branched polyethylenimine (PEI, Mw å 25 kDa), yielding a 
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(DEXS/pARG)2/(DEXS/PEI)2 shell geometry (Figure 3.10b). Remarkably, the released 

PETase achieved measurable nanoplastic degradation even at pH 4, attributable to PEI-

mediated local pH modulation that maintains enzymatic activity. This breakthrough 

demonstrates the feasibility of creating engineered cells for intracellular plastic 

degradation, where "@caps" denotes PEI-incorporated shell systems. 

 

 
Figure 3.10. Enzymatic degradation assay of PET NPs: a) With ultrasonically disrupted 

(DEXS/pARG)  PETase@caps in PB (pH 8 or 4). b) With ultrasonically disrupted 

(DEXS/pARG) /(DEXS/PEI)  PETase@caps in PB (pH 8 or 4). 

 

 

3.3.5 Cell viability assays 

Prior to the examination of plastic degradation within cellular contexts, it is 

imperative to ascertain the non-toxic nature of the material under investigation. Results 

are shown in Figure 3.11. In the investigated concentration range, there was no reduction 

in cell viability upon the presence of PET-RB NPs. However, at high capsule exposure 

concentrations (which are higher than used for the following experiments) a reduction in 

cell viability was found [242]. 

 

 



 

77 

 

 
 

Figure 3.11. Concentration-dependent cytotoxicity assessment: a) Cell viability (V) 

versus PET-RB NP concentration (CNP) after 24 h exposure (mean ± SD, n=5). b) Cell 

viability (V) versus capsule number per cell (Ncaps) after 48 h exposure (mean ± SD, n=5). 

 

 

3.3.6 Colocalization experiments 

The successful construction of engineered cells capable of intracellular PET 

degradation requires two critical conditions: (1) efficient endocytic uptake of 

PETase@caps, and (2) subsequent colocalization of the released enzymes with PET NPs 

within lysosomal compartments. the essential colocalization of PETase with PET NPs for 

enzymatic degradation, we employed BSA-FITC@caps as a fluorescent protein tracer 

due to PETase's non-fluorescence. Our experimental design involved sequential 24 h co-

incubation of cells with PET-RB NPs and BSA-FITC@caps. Fluorescence imaging 

revealed spatial colocalization between BSA-FITC@caps (shown in green false colors) 

and PET-RB NPs (shown in blue false colors) in cells (Figure 3.12). 

For precise lysosomal localization analysis, we performed 30-minute 

LysoTracker staining following particle internalization. As demonstrated in Figure 3.13, 

the absence of spectral crosstalk between the green (protein), blue (nanoplastics), and red 

(lysosome) channels validated signal specificity. Notably, while acid-triggered release of 

BSA-FITC from capsules occurred within lysosomes, cytoplasmic dispersion was also 

observed. Partial triple-fluorescence overlap (Figure 3.14) indicated that: 1) BSA-

FITC@caps colocalized with lysosomal markers; 2) PET-RB NPs accumulated in 

lysosomes; 3) Released BSA-FITC showed association with internalized PET-RB NPs. 
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Interestingly, cytoplasmic BSA-FITC distribution (observed in all six examined cells) 

suggests potential PET degradation capability beyond lysosomes, given the neutral pH of 

cytosol. 

To rigorously confirm three-dimensional colocalization, we conducted z-axis 

scanning of Cell 6 using confocal laser scanning microscopy (Figure 3.15). Optical 

sectioning revealed co-planar fluorescence signals for NPs and released proteins and 

elimination of potential signal overlap artifacts from different focal planes. These findings 

provide conclusive evidence for genuine spatial association between the delivered 

enzymatic components and PET NPs within cellular architectures, supporting the 

feasibility of engineered intracellular nanoplastic degradation systems. 

 

 
Figure 3.12. Intracellular distribution of BSA-FITC released from BSA-FITC@caps in 

cells co-incubated with PET-RB NPs. Fluorescence images (slightly overexposed to 

visualize cytosolic BSA-FITC) demonstrate partial release from endosomal/lysosomal 

compartments into the cytosol. Scale bars: 10 ɛm. 



 

79 

 

 

 
Figure 3.13. Confocal microscopy analysis of cellular uptake and compartmentalization. 

Cells were exposed to PET-RB NPs and BSA-FITC@caps, with lysosomal staining by 

LysoTracker. FITC channel overexposure highlights cytosolic protein release. Scale bars: 

20 ɛm. 
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Figure 3.14. Lysosomal colocalization analysis in six cell samples treated with PET-RB 

NPs and BSA-FITC@caps. Overexposed FITC channel reveals both lysosome-associated 

and cytosolic BSA-FITC distributions. Partial colocalization between capsules and 

lysosomes is evident. Scale bars: 20 ɛm. 
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Figure 3.15. Z-stack confocal analysis (ȹz = 1.2 ɛm) of a representative cell showing: (i) 

clear lysosomal accumulation of PET-RB NPs (z = 0 ɛm focal plane), and (ii) widespread 

BSA-FITC distribution (FITC channel overexposure complicates precise colocalization 

assessment). Scale bars: 20 ɛm. 

 

 

3.3.7 Intracellular PET NPs degradation in multiple cells 

In the subsequent phase of the investigation, we sought to determine whether 

polyethylene terephthalate nanoparticles (PET NPs) internalized by cells could be 

degraded by endocytosed PETase-loaded capsules (PETase@caps). To address this 

question, HeLa cells were initially incubated with rhodamine B-labeled PET NPs (PET-

RB NPs) for a period of 24 h. Following this incubation, extracellular PET-RB NPs that 

had not been internalized were removed with PBS. To evaluate the potential degradation 
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of internalized PET-RB NPs, the cells were subsequently exposed to PETase@caps for 

an additional 24 h. After this treatment period, the cells were washed again to remove any 

extracellular remnants, and the rhodamine B (RB) fluorescence intensity, indicative of 

the remaining PET-RB NPs, was quantified using a microplate reader (see Figure 3.16). 

As a control, an identical experimental procedure was conducted in parallel, omitting the 

addition of PETase@caps to account for any nonspecific changes in fluorescence. 

In the control experiment, the RB fluorescence intensity remained constant over 

time, reflecting the presence of internalized PET-RB NPs that were not subjected to 

enzymatic degradation. Although the NPs could be redistributed among daughter cells 

during cell proliferation, this redistribution did not alter the total quantity of NPs within 

the cell population, resulting in a stable fluorescence signal. The size of the PET-RB NPs 

precluded efficient exocytosis, as supported by prior studies [243-246], further 

confirming that the observed fluorescence was attributable to intracellular NPs. 

In contrast, the experimental group treated with PETase@caps exhibited a 

temporal decline in RB fluorescence intensity. This reduction suggests that the co-

localization of PETase@caps and PET-RB NPs within the cells led to the enzymatic 

degradation of the NPs. The resulting fragments, being smaller in size, may have been 

sufficiently reduced to permit exocytosis. These fragments, along with their associated 

fluorescence, were likely removed during the washing steps prior to fluorescence 

measurement. The observed decrease in intracellular RB fluorescence thus indicates 

partial degradation of the PET-RB NPs and subsequent removal of the degradation 

products via exocytosis. Importantly, since non-internalized PET-RB NPs had been 

eliminated from the extracellular medium prior to the addition of PETase@caps, the 

degradation of PET-RB NPs is inferred to have occurred intracellularly rather than 

extracellularly. 
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Figure 3.16. Time-dependent fluorescence intensity IRB of intracellular PET-RB NPs in 

cells co-incubated with PETase@caps ((DEXS/pARG)2/(DEXS/PEI)2 shell geometry). 

Control: PET-RB NPs alone. Data represent mean ± SD (n = 20 wells). 

 

 

3.3.8 Intracellular PET NPs degradation in single cells 

To further substantiate these findings, we conducted single-cell resolution 

analysis of intracellular polyethylene terephthalate nanoparticle (PET-RB NP) 

degradation kinetics. The experimental protocol comprised sequential phases: (1) cellular 

internalization of PET-RB NPs during 24 h incubation, followed by rigorous washing to 

eliminate extracellular NPs; (2) enzymatic activation via introduction of PETase-

encapsulated capsules [(DEXS/pARG) /(DEXS/PEI) ]; and (3) lysosomal compartment 

visualization using LysoTrackerÊ Deep Red staining prior to confocal microscopy 

imaging (Figure 3.17, lower panels). Control groups, either lacking PETase@caps or 

PET-RB NPs, were processed in parallel (Figure 3.17, upper panels). Results revealed a 

marked reduction in fluorescence intensity of intracellular PET-RB NPs (demarcated by 

white circles) compared to extracellular NPs in treated samples, while control groups 

maintained stable fluorescence signals. This observation suggests that the co-localization 

of PET-RB NPs and PETase@caps within cells leads to the partial degradation of PET-

RB NPs, with the resulting fragments being exocytosed, thereby reducing the intracellular 

fluorescence signal over time. 
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Figure 3.17. a) Fluorescence images of cells after 24 h incubation with PET-RB NPs 

with/without PETase@caps. Circles highlight intracellular PET-RB NPs in treated 

samples. Scale bars: 100 ɛm.  

 

 

The workflow for the data evaluation with the example of Figure 3.19 is presented 

in Figure 3.18. For the quantitative assessment of intracellular polyethylene terephthalate-

rhodamine B nanoparticle (PET-RB NP) degradation, the region of interest (ROI) was 

meticulously defined by manually delineating the area encompassing intracellular PET-

RB NPs using the ñDraw rectangleò tool within the imaging software, as depicted in 

Figure 3.18a. The software subsequently computed the average mean signal intensity 

within the designated rectangular ROI, demarcated by an orange box in Figure 3.18b, for 

the image corresponding to the time point t = 2 h. In this particular instance, the area of 

the orange box (ROI) was precisely calculated to be AROI = 424,061,776.048 nm². The 

mean fluorescence intensity in the rhodamine B (RB) channel was quantified as IRB = 

870.22, whereas the mean intensity in the bright-field channel, which was excluded from 

further analysis, was recorded as Ibright_field = 26,430.542. 

This analytical protocol was methodically replicated for images captured at 

subsequent time points. For example, Figure 3.18c illustrates the image corresponding to 

the time point t = 6 h. To ensure consistency and comparability across all time points, the 

area of the orange box (ROI) was rigorously maintained at AROI = 424,061,776.048 nm² 
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for all images. However, to accommodate potential cellular motility during the 

experimental duration, the spatial coordinates of the ROI were dynamically adjusted in 

alignment with the new cellular position. For the t = 6 h time point, the mean fluorescence 

intensity in the RB channel was measured as IRB = 604.430, and the mean intensity in the 

bright-field channel was recorded as Ibright_field = 21,380.027. 

This methodological framework was uniformly applied to all time points within a 

single experimental series, facilitating the acquisition of IRB values for each respective 

time point. The resultant dataset yielded a temporal profile of PET-RB NP fluorescence 

intensity, which was subsequently employed to evaluate the kinetics of intracellular 

nanoparticle degradation. This rigorous and standardized analytical approach ensured the 

reliability, reproducibility, and precision of the quantitative fluorescence measurements 

throughout the experimental timeline, thereby providing a robust foundation for the 

interpretation of intracellular degradation dynamics. 

 

 
Figure 3.18. a) Manual region-of-interest (ROI) selection protocol using ZEN software. 

b, c) Representative ROIs (orange boxes) analyzed at t = 2 h and 6 h. Quantified 

parameters per ROI: Area (AROI); Mean RB fluorescence intensity (IRB); Mean bright-

field intensity (Ibright-field). 
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To quantitatively assess this phenomenon, a time-lapse imaging approach was 

employed, capturing a series of images at distinct time points during the incubation period 

t (48 h) after adding capsules. The fluorescence intensity of individual PET-RB NPs was 

tracked over time. 

Data for cells exposed to first PET-RB NPs and then to PETase@caps are 

presented in Figure 3.19 and Figure 3.20. Data for cells exposed to PET-RB NPs only 

(here instead of the addition of PETase@caps only medium was added) are given in 

Figure 3.21, Figure 3.22 and Figure 3.23. Data for cells exposed to PETase@caps only 

are given in Figure 3.24 and Figure 3.25. For experiments involving PETase-loaded 

capsules (PETase@caps), specifically in the presence of both PET-RB NPs and 

PETase@caps or PETase@caps alone, the incubation time (t = 0) was defined as the point 

at which PETase@caps were introduced to the cells. In contrast, for experiments 

involving PET-RB NPs alone (i.e., absence of PETase@caps), t = 0 was defined as the 

time of PET-RB NP addition. 

The experimental results demonstrate a significant acceleration in fluorescence 

decay when cells were co-exposed to both PET-RB NPs and PETase@caps, with over 

60% reduction in fluorescence intensity observed within 48 h. This pronounced decrease 

provides compelling evidence that the encapsulated PETase maintains substantial 

enzymatic activity within intracellular environments, enabling efficient degradation of 

plastic nanoparticles during this timeframe. The degradation kinetics suggest that PET 

nanoparticles are likely broken down into smaller molecular fragments, which may 

facilitate subsequent cellular exocytosis processes. Control experiments revealed critical 

comparative data: 1) Cells exposed solely to PET-RB NPs maintained stable fluorescence 

intensity throughout the 48-hour observation period, confirming the inherent stability of 

these nanoparticles against non-enzymatic degradation by cellular or environmental 

factors; 2) PETase@caps-only treatments showed no detectable fluorescence signal, 

eliminating potential interference from autofluorescence in experimental measurements. 

These collective findings establish that our engineered cellular system achieves 

effective intracellular degradation of plastic nanoparticles through the synergistic action 

of: 1) Efficient cellular internalization enzyme-loaded capsules; 2) Preservation of 

PETase activity in intracellular compartments; 3) Progressive biodegradation of PET 

polymers into excretable byproducts. 
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Figure 3.19. Time-resolved PET-RB NP degradation by PETase@caps. a) Sequential 

treatment: Cells incubated with PET-RB NPs (Day 0) followed by PETase@caps (Day 

1). Bright-field and RB fluorescence images acquired at post-treatment intervals (t). Scale 






























