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Abstract 
 

Endothelial cells (ECs) play a critical role in the maintenance of vascular function. They line 

blood and lymphatic vessels, forming a selectively permeable barrier essential for the 

exchange of nutrients, immune cells and waste products. In pathologies such as obesity and 

other metabolic disorders, circulating signals negatively affect vascular function and directly 

alter EC states, triggering cellular stress responses. These stress responses are particularly 

evident in obese individuals during pregnancy, where maternal stress can be transferred to 

the fetus through the umbilical cord in a process called fetal programming. In the offspring, 

this cellular stress contributes to insulin resistance and endothelial dysfunction. Although the 

mechanisms underlying endothelial dysfunction remain poorly understood, previous research 

has identified a disproportionate activation of the endoplasmic reticulum (ER) stress response, 

characterized by a dysregulated unfolded protein response (UPR).  

Because EC migration is critical for angiogenesis and vessel sprouting, this thesis investigates 

how ER stress affects EC behaviour during migration and identifies which UPR pathways drive 

these effects. Human umbilical vein endothelial cells (HUVECs) were treated with tunicamycin 

(TN), which in vitro mimics maternal obesity-induced ER stress. Using live-cell imaging, 

confocal microscopy, holotomography, ultrastructural electron microscopy, and advanced 

image analysis, the impact of TN-induced ER stress on EC migration was assessed during 

collective mesenchymal cell migration.  

ER stress induction led to reduced migration speed and directionality in both collective and 

single-cell migration on two-dimensional and one-dimensional substrates. This impaired 

migration correlated with cytoskeletal distortion: F-actin fibers and microtubules became 

misaligned relative to the migratory axis. The misalignment of F-actin also altered membrane 

dynamics. Although TN-induced ER stress increased membrane ruffling, these dynamics were 

non-productive for motility. Consistent with these cytoskeletal changes, organelle morphology 

and polarity were disrupted. Both the ER and mitochondria exhibited structural alterations and 

misalignments to the migratory axis.  

Pharmacological inhibition of the UPR identified RNA-dependent protein kinase (PKR)-like ER 

kinase (PERK) as the primary signalling branch regulating HUVEC migration. PERK inhibition 

prevented the ER stress-induced reduction in migration speed and directionality. Structurally, 

PERK inhibition also preserved cytoskeletal alignment and restored organelle organization to 

patterns similar to control conditions. Given the strong association between ER and 

mitochondria, confirmed through analysis of mitochondria-ER contacts (MERCs), the effects 

of ER stress on mitochondrial dynamics and function were further examined.  
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Live-cell imaging revealed that mitochondria moved into protrusions that ultimately determined 

migration direction. Because mitochondrial function depends on mitochondrial membrane 

potential (∆Y), changes in ∆Y were monitored during directional migration and after ER stress 

induction. Directionally migrating HUVECs exhibited more frequent depolarization events in 

mitochondria positioned towards the cell front. ER stress prolonged the duration of these 

depolarization events, an effect that was prevented by PERK inhibition. Since ∆Y relies on 

balanced ion transport, several ion channels were tested for their involvement in directional 

migration. While the inhibition of transient receptor potential channel 6 (TRPC6) or voltage-

dependent anion channel 1 (VDAC1) did not prevent the ER stress-induced reduction in 

migration speed and directionality, VDAC1 was revealed as a key regulator of directional 

migration during collective mesenchymal migration under resting conditions.  

These findings suggest the involvement of a cryptic protein that regulates directional migration 

through PERK signalling and mitochondrial membrane potential. Overall, this thesis 

demonstrates a central role for PERK signalling in directional mesenchymal cell migration. 

PERK-dependent ER stress reduces migration speed and directionality, disrupts cytoskeletal 

and organelle organization, alters membrane dynamics, and modifies mitochondrial 

membrane potential behaviour. These results position PERK as a promising candidate for 

further investigation in the context of endothelial dysfunction.   
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Zusammenfassung 
 

Endothelzellen (ECs) spielen eine entscheidende Rolle bei der Aufrechterhaltung der 

Gefäßfunktion. Sie kleiden Blut- und Lymphgefäße aus und bilden eine selektiv durchlässige 

Barriere, die für den Austausch von Nährstoffen, Immunzellen und Abfallprodukten 

unerlässlich ist. Bei Erkrankungen wie Adipositas und anderen Stoffwechselstörungen 

beeinträchtigen zirkulierende Signale die Gefäßfunktion und verändern den  Zustand von ECs, 

wodurch zelluläre Stressreaktionen ausgelöst werden. Diese Stressreaktionen sind 

besonders deutlich bei adipösen Personen während der Schwangerschaft zu beobachten, wo 

mütterlicher Stress über die Nabelschnur in einem als fetale Programmierung bezeichneten 

Prozess auf den Fötus übertragen werden kann. Bei den Nachkommen trägt dieser zelluläre 

Stress zu Insulinresistenz und endothelialer Dysfunktion bei. Obwohl die Mechanismen, die 

der endothelialen Dysfunktion zugrunde liegen, noch weitgehend unverstanden sind, haben 

frühere Forschungen eine unverhältnismäßige Aktivierung der Stressreaktion des 

endoplasmatischen Retikulums (ER) identifiziert, die durch eine dysregulierte Unfolded 

Protein Response (UPR) gekennzeichnet ist. 

Da die EC-Migration für die Angiogenese und Gefäßsprossung entscheidend ist, untersucht 

diese Dissertation, wie ER-Stress das Verhalten von ECs während der Migration beeinflusst, 

und identifiziert, welche UPR-Signalwege diese Effekte steuern. Menschliche Nabelschnur-

venenendothelzellen (HUVECs) wurden mit Tunicamycin (TN) behandelt, das in vitro den 

durch mütterliche Adipositas induzierten ER-Stress nachahmt. Mithilfe von Live-Cell-Imaging, 

Konfokalmikroskopie, Holotomographie, ultrastruktureller Elektronenmikroskopie und fort-

schrittlicher Bildanalyse wurde der Einfluss von TN-induziertem ER-Stress auf die EC-

Migration während der kollektiven mesenchymalen Zellmigration untersucht.  

Die Induktion von ER-Stress führte zu einer verringerten Migrationsgeschwindigkeit und -

richtung, sowohl bei der kollektiven als auch bei der Einzelzellmigration auf zweidimensio-

nalen und  eindimensionalen Substraten. Diese beeinträchtigte Migration korrelierte mit einer 

Neuausrichtung des Zytoskeletts: F-Aktin Fasern und Mikrotubuli wurden relativ zur 

Migrationsachse fehlausgerichtet. Diese Fehlausrichtung von F-Aktin veränderte auch die 

Dynamik der Plasmamembran. Obwohl der TN-induzierte ER-Stress die 

Membranwellenbildung verstärkte, war diese Dynamik für die Motilität unproduktiv. In 

Übereinstimmung mit diesen Veränderungen des Zytoskeletts waren auch die Morphologie 

and Polarität der Zellorganellen gestört. Sowohl das ER als auch die Mitochondrien wiesen 

strukturelle Veränderungen und Fehlausrichtungen zur Migrationsachse auf.  



 XII 

Die pharmakologische Hemmung der UPR identifizierte die RNA-abhängige Proteinkinase 

(PKR)-ähnliche ER-kinase (PERK) als den primären Signalweg, der die HUVEC-Migration 

reguliert. Die PERK-Hemmung verhinderte die durch ER-Stress induzierte Verringerung der 

Migrationsgeschwindigkeit und -richtung. Strukturell bewahrte die PERK-Hemmung auch die 

Ausrichtung des Zytoskeletts und stellte die Organisation der Zellorganellen wieder her, die 

den Kontrollbedingungen ähnelten. Angesichts der starken Verbindung zwischen ER und 

Mitochondrien, die durch die Analyse der Mitochondrien-ER-Kontakte (MERCs) bestätigt 

wurde, wurden die Auswirkungen von ER-Stress auf die Dynamik und Funktion der 

Mitochondrien weiter untersucht.  

Live-Cell-Imaging zeigte, dass sich Mitochondrien in Ausstülpungen der Plasmamembran 

bewegten, die letztlich die Migrationsrichtung bestimmten. Da die Mitochondrienfunktion vom 

Mitochondrienmembranpotenzial (∆Y) abhängt, wurden Veränderungen des ∆Y während der 

gerichteten Migration und nach Induktion von ER-Stress überwacht. Gerichtet migrierende 

HUVECs zeigten häufigere Depolarisationsereignisse in Mitochondrien, die zur Zellfront hin 

positioniert waren. ER-Stress verlängerte die Dauer dieser Depolarisationsereignisse; ein 

Effekt, der durch PERK-Hemmung verhindert wurde. Da ∆Y auf einem ausgeglichenen 

Ionentransport beruht, wurden mehrere Ionenkanäle auf ihre Beteiligung an der gerichteten 

Migration getestet. Während die Hemmung des Transient Receptor Potential Channel 6 

(TRPC6) oder des Voltage-Dependent Anion Channel 1 (VDAC1) die durch ER-Stress 

induzierte Verringerung der Migrationsgeschwindigkeit und -richtung nicht verhinderte, erwies 

sich VDAC1 als ein wichtiger Regulator der gerichteten Migration unter Ruhebedingungen.  

Diese Ergebnisse deuten auf die Beteiligung eines kryptischen Proteins hin, das die gerichtete 

Migration über PERK-Signale und das mitochondriale Membranpotenzial reguliert. Insgesamt 

zeigt diese Dissertation die zentrale Rolle der PERK-Signalübertragung bei der gerichteten 

Migration mesenchymaler Zellen. PERK-abhängiger ER-Stress verringert die 

Migrationsgeschwindigkeit und -richtung, stört die Organisation des Zytoskeletts und der 

Zellorganellen, verändert die Membrandynamik und modifiziert das Verhalten des 

mitochondrialen Membranpotenzials. Diese Ergebnisse positionieren PERK als 

vielversprechenden Kandidaten für weitere Untersuchungen im Zusammenhang mit 

endothelialer Dysfunktion.   
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Introduction 

1. Cell migration 

Cell migration plays a pivotal role in development during gastrulation, angiogenesis, organ 

formation, as well as other fundamental processes like the immune response and wound 

healing. Aberrant cell migration results in pathological conditions like cancer metastasis, 

cancer invasion, autoimmune diseases and chronic inflammation (Jerka et al. 2024; Doyle et 

al. 2013). Cells have the ability to migrate individually during single cell migration or in cell 

networks during collective cell migration. Single cell migration describes the movement of 

individual cells, which occurs for example during leukocyte migration in the context of the 

immune response (Trepat, Chen, and Jacobson 2012). Collective cell migration describes the 

coordinated movement of groups of cells connected by cell-cell junctions that is predominantly 

used during wound healing and tissue regeneration (Haeger et al. 2015; Trepat, Chen, and 

Jacobson 2012). However, these definitions are currently under re-evaluation in order to 

include a broader definition of collective cell migration where cells migrate together in ”loosely 

or closely associated groups” and cell-cell junctions are transient and constantly remodeled 

(Theveneau and Mayor 2011). During collective migration, two distinct cellular populations are 

identified: “leader” cells in the first layers of the moving group, and “follower” cells in the layers 

behind. Leader cells show a distinct intracellular distribution, establish a front-to-rear axis and  

guide the follower cells through the tissue. Leader cells also generate traction and – if needed 

– actively remodel the extracellular matrix (ECM) by displaying proteolytic activity (Khalil and 

Friedl 2010; Haeger et al. 2015). Further, leader cells are responsible for sensing the 

microenvironment and dictating the speed and direction of movement (Qin et al. 2021). They 

become leader cells upon external cues from the ECM, soluble factors or neighbouring cells 

(Mayor and Etienne-Manneville 2016). Follower cells comprise the majority of the moving 

group and become specialized during the migration process. These cells show no distinct 

intracellular polarity and experience symmetric adherent junctions to their neighbouring cells 

while leader cells display asymmetric junctions (Qin et al. 2021). 

Whether migrating individually or collectively, motile cells exhibit different modes of migration 

ranging from mesenchymal migration, or crawling movement, to amoeboid and lobopodial 

migration. Depending on their microenvironment, in particular the spatial confinement, cells 

adapt their migratory mode with a high plasticity (Seetharaman and Etienne-Manneville 2020). 

Strong nuclear confinement and low adhesion properties are shown during amoeboid 

migration. When cells face a complex microenvironment, particularly during migration through 

the ECM, the nucleus as the largest and stiffest organelle is used to measure the degree of 

spatial confinement (Lomakin et al. 2020). Amoeboid migration is described by a more 

rounded cell morphology and low adhesive interactions between the cell and its environment, 
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as well as extreme cell body deformations (Yamada and Sixt 2019), which resembles the 

movement of an amoeba hence its name (Fig. 1A). During amoeboid movement, cells 

squeeze their body through the ECM by finding the path of least resistance, making it a faster 

locomotion with a cell speed of ~10 µm/min. In comparison, mesenchymal cell migration is 

characterized by proteolytic activity that changes the surrounding matrix to generate a path 

for the cell to migrate through. Mesenchymal migration is characterized by strong adhesions 

through stress-fiber linked focal adhesions (FAs), making the locomotion slower with speeds 

<1 µm/min (Fig. 1B). Lobopodial migration is described as a hybrid of amoeboid and 

mesenchymal motion. While cells show strong adherence to the surrounding matrix, they 

move by generating asymmetric intracellular pressure for bleb-like protrusions. To determine 

the migratory mode of a cell, three parameters are evaluated: (1) cellular adhesion to the 

substrate, (2) forward actin protrusion, and (3) actomyosin contractility (Yamada and Sixt 

2019; Seetharaman and Etienne-Manneville 2020; Bear and Haugh 2014).  

As mentioned above, cell migration requires a particular intracellular organization, named cell 

polarization (Vaidžiulyte, Coppey, and Schauer 2019). Indeed, cellular polarization is 

characterized by an asymmetric distribution of cellular components and differential 

cytoskeletal dynamics at the front and rear of the cell. Moreover, as a consequence of different 

cytoskeletal organization, polarized cells show a distinct distribution of their organelles 

(Vaidžiulyt, Macé, and Battistella 2022). During amoeboid migration, the nucleus is mostly 

positioned at the anterior part of the cell with the microtubule-organizing center (MTOC) behind 

(Fig. 1A). This allows the nucleus to act as a mechanical gauge and signal which path is 

sufficient for continuous migration, with the MTOC being regarded as the spatially associated 

directional selector (Renkawitz et al. 2019). Cells undergoing mesenchymal migration show a 

well defined polarity axis with a protruding front and a retracting back. The nucleus is mostly 

positioned posterior with the MTOC localized in front of it (Fig. 1B). During mesenchymal 

migration, distinct cycles are repeated that are summarized in five steps: (1) establishment of 

front-to-rear polarity axis, (2) leading edge extension, (3) formation of new adhesions, (4) cell 

body retraction, and (5) removal of old adhesions and rear retraction (Seetharaman and 

Etienne-Manneville 2020; Yamada and Sixt 2019). These cycles happen simultaneously, 

rather than in sequential steps, with the cytoskeleton providing the major driving forces 

(SenGupta, Parent, and Bear 2021). Because the cytoskeleton is one of the most complicated 

structures in cells and is distinctly organized and regulated during migration, its components 

will be described in more detail in the following sections (Fig. 1).  
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1.1. Actin cytoskeleton: Generating protrusive forces 

The cytoskeleton comprises actin microfilaments, microtubules and intermediate filaments 

that work together in a coordinated manner to generate efficient migration (Seetharaman and 

Etienne-Manneville 2020) (Fig. 1). As mentioned, one major part of the cytoskeleton is actin 

which occurs in two different states inside the cell: monomeric, globular G-actin and 

filamentous F-actin. The actin cytoskeleton describes a network of polarized filaments. These 

filaments are composed of G-actin which polymerizes to asymmetric helical structures, termed 

F-actin, that have a typical length of 6-7 µm in vitro (Hohmann and Dehghani 2019). Actin 

filaments itself are polar, with a fast polymerizing barbed (+) end and slower polymerizing 

pointed (-) end. The formation of a trimer or tetramer is the most critical step in actin nucleation. 

One of the most prominent actin nucleators is the actin-related protein (Arp) 2/3 complex. This 

complex mimics actin monomers and together with two actin monomers and a pre-existing 

Bleb formation
Centrosome 

behind nucleus

Nucleus positioned 
anterior

Nucleus positioned 
posterior

Centrosome in 
front of nucleus

Amoeboid migration Mesenchymal migration
A B

Direction of migration

Extracellular matrix

Nucleus

Intermediate actin cables

Focal adhesions attached 
to actin stress fibers Microtubules

Lamellipodia & 
filopodia formation

Peripheral actin branches

Figure 1: Cytoskeletal organization during amoeboid and mesenchymal migration. 

(A) Cytoskeletal organization during amoeboid migration. Amoeboid cells display a rounded cell shape, 
low adhesive activity and they sqeeze through the extracellular matrix (ECM) by showing extensive 
deformations. Amoeboid migration is characterized by cell protrusions filling existing gaps without 
changing the composition of the ECM. The nucleus is positioned towards the front of the cell (anterior), 
with the centrosome behind it. This way the nucleus is used to determine the path of least resistence. 
(B) Cytoskeletal organization during mesenchymal migration. Mesenchymal cells align along the lines 
of the ECM fibers and display proteolytic activety at the cell front to actively generate a path for 
migration. Mesenchymal migration is characterized by lamellipodia and filopodia formation at the cell 
front. The cell is attached to the ECM through focal adhesions that connect the ECM to intracellular 
actin fibers. The cell front is structurally made of peripheral actin branches. The nucleus is positioned 
towards the cell rear (posterior), with the centrosome in front of it. Microtubules extend throughout the 
cytoplasm into the cell periphery.  
Image generated based on figures from Yamada & Sixt (2019), Hohmann & Dehghani (2019), 
Seetharaman & Etienne-Manneville (2020). Figure created with illustrae.com. 
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filament gives rise to large networks of branched actin filaments (Schaks, Giannone, and 

Rottner 2019). Arp2/3 complex is further involved in forming peripheral branched actin 

networks that are usually formed at the cell front. For dense peripheral dendritic networks, 

capping proteins are needed to prevent continuous elongation of the (+)-end (Hohmann and 

Dehghani 2019). Depending on the actin organization, membrane protrusions at the leading 

edge can be divided into filopodia (finger-like structure, containing parallel actin bundles), 

lamellipodia (flat sheets, containing branched microfilaments), and pseudopodia (containing 

3D actin networks) (Becchetti and Arcangeli 2010). Filopodia have a diameter of 0.1-0.2 µm 

and their fast-growing actin filament is oriented with the (+)-end towards the cell tip. These 

membrane extensions allow microenvironmental exploration, coexist with lamellipodia and are 

variable in their number, but in contrast to lamellipodia, they cannot drive cell motility on their 

own. Actin polymerization for filopodia protrusion is Arp2/3-independent and depends on 

signalling via formins (especially mDia2) and the actin bundling protein fascin. Using a 

fibroblast line, it was shown almost twenty years ago that filopodia, during cytoskeleton 

turnover, are recycled back to contribute to stress fiber bundles in the lamella region behind 

the lamellipodium (Nemethova, Auinger, and Small 2008). 

The concept of the lamellipodium started fifty years ago with the identification of ~0.2 µm thick 

protrusions extending parallel to the substrate . When these protrusions curled upwards, the 

term membrane “ruffles” was used (Small et al. 2002). Lamellipodia kinetics are characterized 

by fast actin polymerization behind the leading edge, followed by filament depolarization a few 

micrometers back which creates a 2-4 µm-wide actin treadmilling array. Addition of monomers 

at the (+)-ends provides protrusion force and drives the retrograde flow of ~1 µm/min. As 

previously mentioned, the most important factor for lamellipodia generation is the Arp2/3-

complex which is controlled by nucleation factors, e.g. Wiskott-Aldrich Syndrome Protein 

(WASP) and the Scar/WASP-family verprolin-homologous protein (WAVE) complex in a 

mechanism dependent on the small guanosine triphosphate(GTP)-ases of the Ras homologue 

(Rho) family, in particular Ras-related C3 botulinum toxin substrate 1 (Rac1) and cell division 

control protein 42 homolog (Cdc42) (Hohmann and Dehghani 2019; Tang and Gerlach 2017).  

The lamella is a distinct structure comprising an area of 3-15 µm from the leading edge of a 

motile cell. Non-muscle myosin II (in this thesis referred to as “myosin”)-dependent retrograde 

flow of ~0.3 µm/min defines F-actin kinetics of the lamella. The so-called “convergence zone” 

describes an area where the retrograde flow of the lamella meets the myosin II-dependent 

anterograde flow of the cell body (Gupton et al. 2005). Additionally, myosin II is mainly 

responsible for the retraction of the cell rear and transmitting forces to the surrounding ECM 

via adhesion structures. It gets activated by the phosphory-lation of the regulatory light chain 

(RLC) or activation of myosin light chain kinases (MLCK). Prior to myosin II’s activation, RLC 

is activated by Rho-associated protein kinase (ROCK) and MLCK by Ca2+. Myosin II is also 
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associated with stress fibers which are bundles of 10-30 anti-parallel actin filaments that are 

cross-linked by a-actinin, and linked to focal adhesions (Hohmann and Dehghani 2019). 

These stress fibers are a characteristic present only in mesenchymal migrating cells and are 

classified based on two distinct actin assembly mechanisms: Dorsal stress fibers and 

transverse arcs which are oriented perpendicular to each other, and ventral stress fibers. 

These dorsal stress fibers elongate from adhesions at the leading edge with their (+)-end 

pointing towards the cell front (Hotulainen and Lappalainen 2006; Vallenius 2013). Ventral 

stress fibers are found on the ventral cell surface underneath the nucleus and terminate at 

adhesions at the front and rear parts of the cell. Molecular differences between the stress fiber 

subtypes include different associations to myosin II isoform. While myosin IIA is found at both 

transverse arcs and ventral stress fibers, myosin IIB is mostly found on ventral stress fibers 

around the posterior parts of the cell. Dorsal stress fibers lack myosin II (Vallenius 2013). 

To summarize, the dramatic changes during cellular polarization for movement are mostly 

generated by the F-actin cytoskeleton which is coupled to the ECM via FAs. GTPase activity 

of Rac and Cdc42 regulates actin-based protrusions that adhere to the substrate via small 

adhesions. Rho activity promotes the assembly of contractile actomyosin structures that push 

the cell forward through traction generation and disassembly of adhesions at the rear part of 

the cell (Gardel et al. 2010).  

 

1.2. Focal adhesions: Generating traction 

Focal adhesions were first described in 1978 (Heath and Dunn 1978) and are essential for the 

mechanical as well as chemical interaction of the cell with the ECM (Rosen and Dallon 2022). 

FAs are essential for force generation during cell migration. The typical lifecycle of FAs is 

described as follows: Nascent, integrin-mediated FAs (small, usual diameter of <250 nm) form 

at the leading edge of the cell and are either rapidly turned over or connect the intracellular 

actin cytoskeleton to the surrounding substrate/ECM. Forces generated through actomyosin-

contractility allow a small subset of FAs to mature and grow, therefore providing traction forces 

that eventually push the cell forward. To be able to push forward, however, FAs have to be 

released and disassembled under the cell body (Stehbens and Wittmann 2014).  

FAs are multi-protein structures consisting of clusters of transmembrane integrins that link to 

intracellular actin filaments. This linkage occurs through adaptor proteins like paxillin, talin and 

vinculin which connect to ECM proteins like fibronectin (De Pascalis and Etienne-Manneville 

2017). The FA structure consists of three layers that are regulated in a temporal and functional 

way. The bottom integrin signalling layer forms first, with integrins binding to the ECM to 

establish clusters. Next, a middle force transduction layer follows, and the top layer consists 

of the actin-regulatory layer (Matrullo, Filomeni, and Rizza 2025). One of the main adaptor 
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and scaffolding proteins is paxillin which directly binds to integrins and recruits focal adhesion 

kinase 1 (FAK1). FAK1 as a non-receptor tyrosine kinase plays a major role during FA 

signalling by phosphorylating itself and other target proteins. Talin as a larger adaptor protein 

binds to integrins as well, and extends through the whole FA interacting with vinculin and actin. 

Talin is important during mechanosensing by transducing mechanical forces into biochemical 

signals. The interaction with vinculin actives it, but unlike paxillin and talin, vinculin does not 

bind to integrins and its main role is linking the FAs to actin filaments (Kumari et al. 2024; 

Matrullo, Filomeni, and Rizza 2025).  

Using a phase separation-based FAK activity reporter, called FAK-separation of phases-based 

activity reporter of kinases (SPARK), it was recently proposed that the forces generated by 

actin and actomyosin contraction are stronger in the leading edge of a migrating cell (X. Li et 

al. 2023). This force is transmitted from the actin cytoskeleton to FAKs, suggesting a stronger 

FAK tension in the leading edge. Polarized FAK activity enhances actin polymerization via 

Rho-family GTPases suggesting that polarized tension and FAK activity may direct cell 

migration through actin polymerization and contractility at the leading edge (X. Li et al. 2023). 

FAKs importance is demonstrated when its absence leads to critically impaired cell migration 

as FAs are static and not turned over (Le Coq et al. 2022). To summarize FA dynamics during 

mesenchymal cell migration: Nascent adhesions form at the lamellipodia at the leading edge 

of migrating cells, a subset undergoes maturation into focal complexes at the lamellipodia-

lamella interface which further mature into FAs under increased contractile forces generated 

through acto-myosin contractility by actin stress fibers. FA disassembly occurs at the rear part 

of the cell to allow forward movement of the cell body (Kumari et al. 2024).  

Importantly, FAs do not only interact with the actin cytoskeleton, but also with microtubules. 

This interaction was shown at the cell periphery and led to microtubule polymerization stability 

(Akhmanova, Stehbens, and Yap 2009). 

 

1.3. Microtubules: Establishing cell polarity   

Microtubules make up another major part of the cytoskeleton and are much wider (diameter 

of 25 nm) and stiffer than actin or intermediate filaments. As hollow filaments usually consisting 

of 13 protofilaments, microtubules are composed of a-tubulin and b-tubulin heterodimers. 

These heterodimers assemble in a head-to-tail fashion giving microtubules an intrinsic polarity 

with two different ends: a plus end exposing b-tubulin and a minus end exposing a-tubulin 

(Garcin and Straube 2019). In most cells, the minus end is embedded in the centrosome, the 

main MTOC in animal cells (J. Zhang and Wang 2017), while the plus end grows through the 

intracellular space and often reaches the cell edges. This results in the microtubule network 

itself being polarized from the center – where the MTOC is located – towards the periphery 
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(Kaverina and Straube 2011; Wehrle-Haller and Imhof 2003). Microtubule growth is very 

dynamic, especially at the cell front, with continuous phases of catastrophe events (switching 

from growth to shrinkage) and rescue events (switching from shrinkage to growth). Growth 

describes the phase of polymerisation while shrinkage constitutes depolymerisation. To 

explain this dynamic, the GTP cap model is used: If GTP tubulin is present at the growing end, 

it contacts a-tubulin and creates a place where GTP hydrolysis occurs. Presence of “older”, 

not hydrolyzed GTP at the plus end stabilizes growth phases by acting as a GTP cap. Loss of 

the GTP cap results in catastrophe events where microtubule shrinkage occurs. These events 

mostly happen at the more dynamic plus end, as the minus ends lay connected inside the 

MTOC (Garcin and Straube 2019; Kaverina and Straube 2011).  

The position of the MTOC is a prominent cell characteristic. While epithelial cells contain non-

centrosomal MTOCs at apical membrane regions, mesenchymal cells display dominant 

centrosomal MTOCs close to the nucleus and Golgi apparatus (Thapa et al. 2023). This 

centrosomal organization has long been deemed important in defining the polarity of a cell 

during directional migration, in particular its localization relative to the nucleus. However, 

different microenvironmental conditions and cell types display dynamic centrosomal location 

changes, e.g. switching substrate geometry from two-dimensional (2D) to three-dimensional 

(3D) increased the probability of centrosome positioning behind the nucleus towards the cell 

rear in NIH3T3 fibroblasts (J. Zhang and Wang 2017).  

In general, microtubules provide structure and act as trafficking platforms for the transport of 

vesicles and organelles inside the cell. Due to their own structure and polarity, they provide 

tracks for molecular motors of the kinesin superfamily, in particular kinesin and dynein, that 

enable the transport of molecules and organelles through every part of the cell. Kinesin motor 

proteins are responsible for transport towards the plus end (anterograde), while dynein moves 

towards the minus end (retrograde). Among the cargo transported are signaling molecules, 

like small GTPases (Rac and Cdc42), as well as membrane components and small 

intermediate filaments (Hohmann and Dehghani 2019). Polarized transport of vesicles 

containing integrins to the cell front promotes protrusion and FA assembly, while transport of 

dynamin and specific kinases (like mitogen-activated protein kinase kinase kinase kinase 4, 

MAP4K4) to the cell rear helps with FA disassembly at the back (Tang and Gerlach 2017). To 

summarize, microtubules play an important role during directional migration, as the MTOC will 

re-orient towards the direction of migration in 2D microenvironments. The polarized 

organization of microtubules from the center to the periphery helps with establishing polarized 

trafficking to the cell front and cell rear, while simultaneously providing structure for intracellular 

organization (Wehrle-Haller and Imhof 2003).  
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1.4. Role of ion channels in cell migration 

Alongside an asymmetric distribution of cytoskeletal components, migrating cells show 

polarization of subcellular membrane proteins like chemokine receptors, transport proteins 

and ion channels. Local concentration gradients of different ions control the cell migration 

machinery, for example uneven distribution of intracellular Ca2+ and H+ concentration leads to 

spatially confined regulation of cell migration machinery components like the cytoskeleton. 

Independent of the ions involved, or the features of the ion gradient, uneven ion concentrations 

require uneven spatial distributions or a local difference in the regulation of the corresponding 

ion transporters and channels (Stock et al. 2013). As the role of ion channels during cell 

migration is vast and has been discussed in great detail in the following reviews (Schwab et 

al. 2012; Stock et al. 2013; Xu, Martinoia, and Szabo 2015), this sections aims to summarize 

only a few relevant ion channels and their location during cell migration (Fig. 2). In short, 

transient receptor potential channels (TRPCs, especially TRPC1 and TRPC6) are 

mechanosensitive ion channels that are mainly found on the plasma membrane, inducing local 

Ca2+ influxes that could steer cell migration through their influence on the actin cytoskeleton 

(Canales Coutiño and Mayor 2021; Canales et al. 2019). The expression of TRPCs is 

ubiquitous, but there are some tissue-specific channels, such as TRPC6, which is highly 

expressed in endothelial cells (ECs) (Schwab et al. 2012). Piezo channels are activated 

through mechanical changes making them an attractive target to study during 

mechanotransduction processes (Canales Coutiño and Mayor 2021). Transient receptor 

potential vanilloid (TRPV) channels also control localized Ca2+ influxes. High expression of 

TRPV4 is linked to increased cell migration of ECs, likely through its direct interaction with 

actin fibers and the promotion of Rac1 activity (Canales Coutiño and Mayor 2021; Canales et 

al. 2019). In mitochondria, the mitochondrial Ca2+ uniporter (MCU) is an inner membrane Ca2+ 

uptake channel that regulates adenosine triphosphate (ATP) production through oxidative 

phosphorylation (OXPHOS) tuning and reactive oxygen species (ROS) production (Xu, 

Martinoia, and Szabo 2015). Voltage-dependent anion channel (VDAC) on the outer 

membrane of mitochondria facilitates the rapid exchange of Ca2+, ATP and other metabolites 

which supports high local energy production at the leading edge (Xu, Martinoia, and Szabo 

2015; Feng and Kornmann 2018). ER Ca2+ changes are important for independent ER 

signalling and in ER-plasma membrane junctions. Inositol triphosphate receptors (IP3Rs) are 

Ca2+ release channels responsible for local and global Ca2+ changes that drive actomyosin 

contractility and rear retraction in polarized cells. Ryanodine receptors (RyR) also release Ca2+ 

which amplifies Ca2+ signalling and contributes to contractility (Xu, Martinoia, and Szabo 2015; 

Huang et al. 2025). Stromal Interaction Molecular 1 (STIM1) and Orai1 act together in ER-

plasma membrane junction to regulate the store-operated calcium entry (SOCE). STIM1 in 
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the ER membrane senses Ca2+ concentration senses. Upon Ca2+ decrease in the ER, STIM1 

gets activated and diffuses to the cortical ER in ER-plasma membrane junction. There, STIM1 

traps and clusters Orai1 in the plasma membrane to open its pore through which Ca2+ from 

the extracellular milieu reenters the cytoplasm to either refill the ER stores or act as an 

intracellular second messenger (Kodakandla, Akimzhanov, and Boehning 2023; Qiu and 

Lewis 2019). 

 

 

1.5. Methods to study cell migration 

There are multiple techniques available to study single and collective cell migration. Major 

findings on cell translocation and cell directionality have been made using flat, 2D culture 

substrate surfaces (Wu et al. 2025). However, it’s been known for decades from other 

morphodynamics processes like cell division, that the 3D environment modulates cell 

behaviour (Yamada and Sixt 2019). The 3D environment, mainly composed of the ECM, 

provides physical and chemical cues to influence cell behaviours. To name a few examples, 

spatial cues like confinement and tissue topography steer the direction of migration by 

physically restricting some area for cell movement. Mechanical cues like tissue stiffness 

control speed and directionality of migrating cells (Stehbens, Scarpa, and White 2024). 

Plasma membrane (PM)

Channel/Transporter Ions Function (in migration)

TRPC1 and TRPC6 Ca2+ produce local Ca2+ “flickers” steering 
directionality

Piezo 1-2, TRPV4, 
TRPV7

Ca2+
Na+

senses membrane stretch changes, 
localized Ca2+ influx at the front important 

for actin polymerization

Na+/H+ exchanger 
(NHE)

Na+
H+

polarized ion transport at the leading edge 
generates pH and membrane potential 

gradients

Voltage-gated K+
channels K+ maintains resting membrane potential, 

controls driving force for Ca2+

Mitochondria

Channel/Transporter Ions Function (in migration)

MCU Ca2+ regulates OXPHOS and ROS production in 
response to cytosolic Ca2+

VDAC Ca2+ supports rapid Ca2+ and ATP exchange 
across OMM, important at leading edge

mitoK ATP, mitoBK Ca K+ regulate matrix volume and mitochondrial 
membrane potential

ER-PM junctions

Channel/Transporter Ions Function (in migration)

STIM1 Ca2+ senses ER Ca2+ changes, Ca2+ depletion 
leads to clustering in ER-PM junction

Orai1 Ca2+ selective Ca2+ pore, Ca2+ depletion leads to 
capture by STIM1 and Ca2+ entry into ER

Endosome / Lysosome

Channel/Transporter Ions Function (in migration)

TRPML1 Ca2+ Ca2+ release, regulates lysosomal 
positioning and exocytosis

TPC2 Na+
Ca2+

controls integrin recycling, and 
endolysosomal trafficking

Endoplasmic reticulum (ER)
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IP3 receptors (1-3) Ca2+ Ca2+ release channel, generates local and 
global Ca2+ transients

Ryanodine receptor 
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signals and contributes to contractility

K+/H+ exchanger (KHE) K+
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Figure 2: Important ion channels during cell migration and their cellular location.  

Different cellular compartments express distinct ion channels and transporters that act in cell signalling 
pathways. One of the most studied ions is calcium (Ca2+) and every organelle discussed – endosomes, 
lysosomes, mitochondria and ER – displays clear transport mechanisms for Ca2+ entry and release. 
Every channel/transporter mentioned in this overview is described in either one or multiple of the 
following reviews: Schwab et al. (2012), Stock et al. (2013), Xu et al. (2015). Image of polarized cell 
created with illustrae.com.   
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Changing the environment from 2D to 3D or vice versa has effects on various cell components. 

Looking at FAs, cells on 2D surfaces form adhesions on only one surface while in 3D 

environments they are found in every direction. The structure of FAs also differs in 3D as cells 

typically do not form large FAs that are connected to actin stress fibers. Further, cells often 

lack thick contractile actomyosin stress fibers in 3D indicating complex cytoskeletal changes 

when changing the dimension cell migration takes place in (Saraswathibhatla, Indana, and 

Chaudhuri 2023).  

When talking about the dimensions in which cell migration can take place, one-dimensional 

(1D) migration assays need to be mentioned. These 1D assays significantly simplify problems 

of cell shape as protrusions are generally restricted to two ends of a cell. Single cell migration 

is studied on 1D micropatterned lines and allows for high-throughput analysis of a larger 

amount of trajectories that can be considered as models for cell motion on fibers in the 3D 

ECM (Heyn, Rädler, and Falcke 2024). Comparing the different dimensions, 2D migration 

assays have the advantage of simplifying the physical microenvironment migration takes place 

in. This makes it easier to quantify, compare and model molecular mechanisms that influence 

cell migration. It further offers the opportunity to perform high throughput and advance imaging 

quality which is harder to achieve in complex 3D environments (Pawluchin and Galic 2022; 

Kramer et al. 2013).  

 

2. Endothelial cells and vascular function 

Endothelial cells (ECs), first described in 1865, originate from mesodermal cells that 

differentiate into hemangioblasts (His 1865; Lamalice, Le Boeuf, and Huot 2007). These cells 

form primitive blood islands as the first vascular structures during development. From those 

blood islands, the peripheral hemangioblasts differentiate into angioblasts, which are the 

precursors of mature ECs. During a process called vasculogenesis, ECs migrate and fuse 

blood islands, remodelling them into the first tubular structures that give rise to the vascular 

plexus which further develops into larger vessels. Mature ECs form the vascular endothelium, 

the coating of the interior walls of arteries, capillaries, veins and lymphatic vessels (this thesis 

will focus exclusively on blood ECs) (Lamalice, Le Boeuf, and Huot 2007; Marziano, Genet, 

and Hirschi 2021). They anchor to the basal lamina, and both ECs and basal lamina form the 

vascular intima, also called tunica intima, with an estimated surface area of 3000-6000 m2 of 

the human body. The number of ECs in the human body varies from 1 to 6 x1013 cells, but 

their morphology is generally 10-30 µm wide and slightly elongated with 30-50 µm in length. 

Moreover, ECs are thin and they exhibit a heterogenous thickness ranging from 0.1-10 µm in 

height (Lamalice, Le Boeuf, and Huot 2007; Krüger-Genge et al. 2019). The tunica intima is 

the main inner layer of the arterial vessel wall, followed by the tunica media and the tunica 
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adventitia as the outer layer. The cells that form part of the tunica media include smooth 

muscle cells, while the tunica adventitia includes connective tissue and fibroblasts (Y. Wang 

et al. 2025).  

Under physiological conditions, the vascular microenvironment is essential for vascular 

homeostasis, a state of stable internal environment of all life activity (cells, tissues, organs and 

whole organisms), as well as vascular structure and function (Y. Wang et al. 2025).  

Under pathological conditions, endothelial dysfunction is defined by alterations impacting the 

vasoprotective homeostatic function, in particular reduced nitric oxide (NO) production and 

reduced sensitivity to vasodilators or changes in blood pressure. This state leads to 

proinflammatory, prothrombotic conditions and a less compliant vessel wall. The 

proinflammatory conditions often appear under worsened ROS production suggesting a 

correlation between oxidative stress, inflammation and endothelial dysfunction (X. Wang and 

He 2024). Endothelial dysfunction plays a central role in a plethora of diseases, ranging from 

cardiovascular diseases to atherosclerosis, diabetes mellitus, insulin resistance, chronic 

kidney failure and tumor growth (Rajendran et al. 2013). Interestingly, several studies suggest 

that a disproportionate activation of the unfolded protein response (UPR) following 

endoplasmic reticulum (ER) stress contributes to endothelial dysfunction (Cimellaro et al. 

2016). Further, a dysregulated UPR upon ER stress is observed in many diseases ranging 

from metabolic disorders and obesity to Parkinson’s, Alzheimer’s and cardiovascular diseases 

(Koksal, Verne, and Zhou 2021).  

 

2.1. Maternal obesity associates with endoplasmic reticulum stress 

As mentioned before, ER stress is linked to different diseases, one of them being obesity. 

Moreover, these disease conditions are associated with vascular dysfunctions, such as 

endothelial dysfunction or distorted angiogenesis (Sáez et al. 2014). Angiogenesis is the 

process in which new blood vessels are generated from pre-existing vasculature. During 

angiogenesis, ECs break through a basement membrane and migrate towards an angiogenic 

stimulus, usually vascular endothelial growth factor (VEGF). For ECs forming blood vessels 

VEGF-A is the pro-angiogenic factor, for lymphatic vasculature its predominantly VEGF-C 

(Shin, Huggenberger, and Detmar 2008; Shibuya 2011). Behind the migratory front, EC 

proliferation takes place to generate enough cells for new vessel formation (Auerbach et al. 

2003). Different subtypes of endothelial cells are responsible for exerting the different stages 

of angiogenesis. Tip cells are migratory cells initiating vessel sprouting, elongation and 

anastomosis. Cellular components important for proliferation and growth are synthesized by 

stalk cells, while phalanx cells are non-proliferating and rest inside the newly built vessel 

structure (Luo et al. 2023). ER stress disrupts two mechanisms required for angiogenesis, 
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VEGF signalling and endothelial migration. However, the molecular mechanisms regulating 

endothelial migration upon ER stress induction remain unknown. In the context of maternal 

obesity, the pathological environment may not only affect the mother, but also the fetal tissue 

(Sáez et al. 2014) (Fig. 3A). Through a process called fetal programming, the fetus senses, 

receives and responds to the intrauterine environment which can lead to structural and 

functional changes in cells, tissues and organ systems (Lindsay et al. 2019). During pre-

pregnancy maternal obesity, the ER stress response leads to insulin resistance in human 

umbilical vein endothelial cells (HUVECs) and the risk of ER-stress induced endothelial 

dysfunction can be transferred to the offspring. Several of the proteins involved in ER stress 

signalling and insulin resistance, in particular Rho and Akt, also play important roles in the 

cytoskeletal crosstalk during migration, suggesting that this response is impaired or distorted 

during ER stress conditions (Villalobos-Labra et al. 2018). 

To study ER stress in vitro, tunicamycin (TN) is used as a trigger of the UPR. TN inhibits N-

glycosylation resulting in accumulation of misfolded, unglycosylated proteins that have been 

shown to initiate all three branches of the UPR (Sáez et al. 2014; Abdullahi et al. 2017) (Fig. 
3B). Compared to other ER stress inducers like thapsigargin, TN works as a rapid inducer and 

better recapitulates the metabolic alterations associated with ER stress (Abdullahi et al. 2017). 

HUVECs obtained after term pregnancy from women with a normal weight during pregnancy, 

showed the UPR protein activating transcription factor 6 (ATF6) mainly in perinuclear areas. 

HUVECs isolated from maternal obesity pregnancies, showed nuclear ATF6 localization, a 

phenotype that could be mimicked with TN-treatment in unstressed cells (Villalobos-Labra et 

al. 2018). As ER stress happens inside the ER and alters several structural proteins, ER 

morphology and function will be described in more detail in the following sections.  
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2.2. Endoplasmic reticulum morphology and function 

The endoplasmic reticulum is among the largest organelles in eukaryotic cells, and plays key 

roles in protein and lipid synthesis, protein folding and trafficking, as well as Ca2+ storage and 

release. The ER has distinct structural domains, with the largest domain wrapping around the 

nucleus and forming a double membrane called the nuclear envelope (Schwarz and Blower 

2016) . Connected to this domain is the peripheral ER that spans throughout the cell and is 

divided into the smooth ER and rough ER. Using super-resolution techniques, the peripheral 

ER is described as a network of ER “sheets” and ER tubules that are separated from the 

cytosol and other cellular compartments by the ER membrane. The ER membrane is a single 

lipid bilayer, responsible for governing the passage of molecules between the cytosol and ER 

lumen. Super-resolution techniques have further revealed that the previously described ER 

sheets are not continuous in nature, but riddled with spaces and composed of dense tubular 

matrices, termed ER matrices (Phillips and Voeltz 2016; Nixon-Abell et al. 2016). While the 
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Figure 3: Maternal obesity induced fetal programming impacts vascular function.  

(A) During maternal obese pregnancy, cellular stress can be transferred through the umbilical cord in a 
process called fetal programming. In the offspring, this cellular stress can lead to insulin resistance and 
endothelial dysfunction, as circulating signals impact vascular function.  
(B) Circulating signals during obesity and metabolic disorders affect the cellular state and trigger a 
stress response. During ER stress, where unfolded or misfolded proteins accumulate, the unfolded 
protein response (UPR) gets activated which aims to (1) reduce the synthesis of new proteins, and (2) 
upregulate the ERAD and folding chaperones to restore ER homeostasis. ER stress conditions are 
linked to vascular dysfunction and could affect endothelial behaviour.  
(A) adapted from Lindsay et al (2018). (B) adapted from Todd et al. (2008). Figure created with 
illustrae.com.   
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flattened ER sheets display a lower membrane curvature, ER tubules are dynamic and present 

a high membrane curvature (Z. Chen et al. 2025). As morphology follows function, ER sheets 

are generally covered with ribosomes (therefore often termed rough ER), whereas ER tubules 

are branched and interconnected, spreading out through the cytosol and associating with 

significantly less ribosomes (therefore termed smooth ER). Synthesis, folding and post-

translational modifications of secreted and membrane-bound proteins take place inside the 

ER sheet structures, Ca2+ storage and lipid synthesis happen inside the ER tubules (Oakes 

and Papa 2015; Di Conza and Ho 2020). The ER as a dynamic organelle is constantly moved 

and maintained in its reticular network by microtubule motor proteins. Through fluorescent 

labelling, it was revealed that the ER moves by sliding the ER tubules along microtubules from 

the center to the periphery. This ER tubule sliding is mainly facilitated by kinesin-1, but can 

also occur through the interaction of ER tubules with tip attachment complexes (TACs) at the 

(+)-ends of microtubules. End-binding protein 1 (EB1) at the growing (+)-end interacts with 

STIM1 on the ER membrane site generating TACs. Static ER-microtubule interactions are 

mediated by other proteins, such as cytoskeleton-linking membrane protein 63 (Climp63) 

(Bola and Allan 2009).  

Protein folding into three-dimensional shapes happens inside the ER lumen with the help of 

chaperone complexes. Once properly folded, proteins will be trafficked from the ER and 

progress down the secretory pathway to their destined location (Oakes and Papa 2015; 

Malhotra and Kaufman 2011). If proteins do not reach the quality criteria (e.g. defects in the 

cytosolic domain or lesions in the luminal domain), they will be targeted to the ER associated 

degradation (ERAD) system (Meusser et al. 2005). If the protein folding demand outweighs 

the protein folding capacity of the ER, unfolded or improperly folded proteins accumulate 

inside the ER lumen, a condition termed ER stress that will be discussed in more detail below. 

The ER stress condition can also be triggered by alterations in Ca2+ homeostasis (Limia et al. 

2019). 

 

2.3. Endoplasmic reticulum stress and the Unfolded Protein Response 

The ERs intraluminal environment is sensitive to disturbances like energy shortages, oxidative 

stress, depletion in Ca2+ concentration, gene mutations and elevated protein traffic. These 

alterations in ER homeostasis may lead to an accumulation of unfolded or misfolded proteins 

inside the ER lumen, a condition known as ER stress. Under homeostatic conditions, three 

transmembrane proteins, ATF6 (activating transcription factor 6), IRE1a (inositol-requiring 1a) 

and PERK (double stranded RNA-dependent protein kinase [PKR]-like ER kinase), reside 

inside the membrane of the ER and display three structural domains: the ER-luminal domain 

senses unfolded or improperly folded proteins, the transmembrane domain targets the sensor 
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proteins to the ER membrane, and the cytosolic domain transmits the signals to the 

downstream targets (K. Zhang and Kaufman 2008). In unstressed cells, the ER chaperone 

binding immunoglobulin protein (BiP, also called immunoglobulin-heavy-chain-binding protein, 

GRP78) is bound to the luminal domains of ATF6, IRE1a and PERK, rendering them inactive 

(Frakes and Dillin 2017). Once unfolded or misfolded proteins accumulate, BiP dissociates 

from the ER sensors (which activates them) and binds to the unfolded or misfolded proteins 

(Oslowski and Urano 2011). Unfolded proteins also directly bind the ER stress sensors IRE1a 

and PERK, resulting in their dimerization, oligomerization and finally their activation (Frakes 

and Dillin 2017). The most immediate response of the UPR is the homodimerization and trans-

phosphorylation of PERK. PERK further phosphorylates the a-subunit of eukaryotic 

translation-initiation factor 2a (eIF2a). Phosphorylated eIF2a inhibits the assembly of the 80S 

ribosome which will inhibit protein synthesis, reducing ER workload. Despite decreased 

translation, certain transcripts will keep being translated, including the activating transcription 

factor 4 (ATF4). ATF4 regulates genes like the pro-apoptotic C/EBP homologous protein 

(CHOP). This pathway is activated to initiate apoptosis if protein homeostasis is not restored 

to protect the organism from detrimental effects. IRE1a activation is the most evolutionary 

conserved branch of the UPR. Once activated, the transmembrane kinase and 

endoribonuclease initiates the regulated splicing of a 26-base intron from mRNA encoding X-

box-binding protein 1 (XBP1) which results in a frameshift generating spliced XBP1 isoforms. 

XBP1 shows potent activity as a transcription factor. It activates target genes like chaperones 

important for proper protein folding. If BiP releases the luminal domain of ATF6, it translocates 

to the Golgi where it will be cleaved by protease site-1 and site-2 (S1P and S2P) to release 

the NH2-terminal domain. This ATF6 fragment is released into the cytosol from where it will 

translocate to the nucleus and initiate the transcription of XBP1 and other genes required in 

the ERAD (Read and Schröder 2021; Oslowski and Urano 2011; Jain 2013; K. Zhang and 

Kaufman 2008; Frakes and Dillin 2017; Todd, Lee, and Glimcher 2008). The UPR aims to (1) 

reduce the amount of newly synthesized proteins that need to be further processed by the ER, 

(2) increase the translocation and degradation of misfolded proteins inside the ER lumen, and 

(3) augment the protein folding capacity of the ER (Rao, Ellerby, and Bredesen 2004). 

 

2.4. Endoplasmic reticulum – organelle contacts 

Historically, membrane-bound organelles like the ER were viewed as separate compartments. 

However, this is not the case, as organelles directly interact through membrane contact sites 

(MCSs). These MCSs are regions where the membranes of organelles are tethered together 

without actually fusing. The ER is known to interact with mitochondria, lysosomes, 

endosomes, lipid droplets, peroxisomes, Golgi and the plasma membrane through MCSs 
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(Hong and Inagi 2025). Here, the focus will be kept on the interaction of ER and mitochondria, 

as well as ER and plasma membrane. Through electron micrographs and tomography, it was 

revealed that ribosomes are excluded in the MCSs interface. The distance between ER and 

mitochondria has been measured at 6-15 nm, and the ER will interact at multiple small 

positions with mitochondria. Interestingly, organelle trafficking does not impact MCSs, as ER 

and mitochondria tethering is maintained over long distances (Phillips and Voeltz 2016). The 

junctions formed between ER and mitochondria are called mitochondria-associated 

membranes (MAMs) or mitochondria-ER contacts (MERCs) (Stacchiotti et al. 2019). Next to 

the impact on cell migration, these contacts are essential for processes like autophagy, lipid 

and Ca2+ fluxes, apoptosis and mitochondrial division. Further, through these junctions, rapid 

exchanges of biological molecules are made possible which maintain cellular health (Paupe 

and Prudent 2018; Missiroli et al. 2018). Many proteins have been identified that are directly 

involved in the tethering of ER and mitochondria and their functional interaction. Fusion 

proteins like mitofusin 2 (Mfn2) is one of the proteins that directly link ER and mitochondria as 

it is present in both organelle membranes (Scorrano 2013). Another important protein that has 

been shown to reside in MAMs is PERK which interacts with Mfn2 and increases the contact 

surface between ER and mitochondria (Martucciello et al. 2020). A rather new function of 

MERCs was established after it was shown that ER tubules cross over and wrap around 

mitochondria leading to mitochondrial membrane constriction and a diameter reduction by 

almost 30%. This leads to mitochondrial fission independent of dynamin-related protein 1 

(Drp1) (Vannuvel et al. 2013). This raises the question how ER stress-related changes in 

morphology affect mitochondrial dynamics. 

The contact between ER and plasma membrane is important during mechanotransduction 

events. ER-plasma membrane contacts are known to regulate the activation of SOCE, 

autophagosome biogenesis, and lipid transfer. Using tendon cells, it was shown very recently 

that ER membrane tension increases adaptively after cyclic mechanical strain on the plasma 

membrane suggesting a key role of the ER in propagating mechanical signals from the plasma 

membrane to the cell interior (Z. Chen et al. 2025).  

 

3. Mitochondria morphology and function 

Mitochondria are cellular organelles that constitute for up to 40% of cytoplasmic volume in 

eukaryotic cells depending on their energy demand (A. Li et al. 2020). Originating from 

eubacteria, mitochondria have an outer membrane and an inner membrane system with 

distinct functions. The space between those two membranes, the intermembrane space (IMS), 

is roughly 20-30 nm wide and coordinates the exchange of proteins, lipids, and metal ions 

between the mitochondria matrix and the cytosol, among other functions. The IMS has the 
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largest variability of protein import mechanisms, as most nuclear-coded mitochondrial proteins 

have to be imported into the mitochondria from the cytosol space (Herrmann and Riemer 2010; 

Edwards, Eaglesfield, and Tokatlidis 2021). Within the IMS, cytochrome c is sequestered 

which directly activates caspases that are required for the predominant form of programmed 

cell death, apoptosis. Caspases cleave a plethora of hundred different proteins which in turn 

leads to rapid apoptosis. Visual characteristics of apoptosis include plasma membrane 

blebbing and nuclear condensation (Tait and Green 2012) (Fig. 4A). 

The outer mitochondrial membrane (OMM) represents the boundary towards the cytoplasm 

and OMM proteins, like Drp1 and fusion proteins like mitofusins (Mfn1, Mfn2), play a part in 

the establishment of contact sites between mitochondria and other organelles as well as the 

communication between them (Xian and Liou 2021). The voltage-dependent anion channel 

(VDAC), another protein present on the OMM, is the major transit pore that transports 

metabolites and metal ions across the OMM. VDAC1 shows a preference for negatively 

charged substrates like glutamate and adenosine triphosphate (ATP), but is also able to 

transport positively charged metabolites like acetylcholine or dopamine (Daniilidis et al. 2025) 

(Fig. 4A).  

The inner mitochondrial membrane (IMM) extensively folds into itself giving rise to structures 

called cristae. The IMM divides the IMS from the matrix and is divided into a smooth inner 

boundary membrane close to the OMM, and the cristae membrane that projects into the matrix 

and expands the IMM surface ~4- to 5-fold (Fig. 4A). The electron transport chain (ETC) and 

the ATP synthase are embedded inside those cristae and are important for energy generation 

in the form of ATP. Five complexes together with cytochrome c make up the ETC: Complex I 

= NADH:ubiquinone (coenzyme Q, CoQ) dehydrogenase; Complex II = succinate 

dehydrogenase or succinate-CoQ reductase; Complex III = cytochrome bc1 complex or CoQ-

cytochrome c reductase; Complex IV = cytochrome-c oxidase; Complex V = F0F1-ATPase/H+ 

pump or F0F1-ATP synthase or F-ATPase (Tábara, Segawa, and Prudent 2025; Freeman, 

Grinstein, and Orlowski 2023). As mitochondria are termed the “powerhouse of the cell”, their 

function was often reduced to the synthesis of ATP through oxidative phosphorylation 

(OXPHOS). However, it is well known that mitochondria actively participate in cellular 

signalling through regulation of signalling molecules like Ca2+ and ROS. They also serve as 

physical platforms where protein-protein signalling occurs through direct contact with other 

organelles (Tait and Green 2012; Peng et al. 2023) (Fig. 4B).  

Mitochondria are dynamic organelles with varying sizes, ranging from ~0.2-0.5 µm in width 

and ~0.5-10 µm in length. Often, they display a network-like distribution and are in constant 

movement (Walsh et al. 2017). Mitochondria shape is associated with their function, which 

differs between cell types and can shift drastically under metabolic stress conditions 

(Stacchiotti et al. 2019). These mitochondrial dynamics are the result of a constant change 
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between fusion and fission events that have to be kept in balance to allow cell survival and 

optimal cell function (Adebayo et al. 2021). Fusion events produce elongated or tubular, 

interconnected mitochondria, while fission events lead to small, spherical mitochondria 

through shortening processes (Galloway and Yoon 2013; Stacchiotti et al. 2019). Both fusion 

and fission are essential for mitochondrial redistribution and growth (van der Bliek, Shen, and 

Kawajiri 2013) and are regulated by different protein machineries that remodel the OMM and 

IMM (Scorrano 2013). Fusion events require fusion of the OMM and IMM and are mediated 

by Mfn1, Mfn2 and optic atrophy (OPA1). Mfn1 and Mfn2 are two dynamin-related GTPases 

that are anchored to the OMM mediate the fusion of the OMM to another OMM, while OPA1 

is located on the IMM to facilitate its fusion with another IMM. Fusion events take place when 

maximal ATP production is needed, when mitochondria have to fully rely on OXPHOS, or when 

they have to cope with stress conditions. It was shown that fusion events are dependent on 

the mitochondrial membrane potential (DYm): if DYm collapses, mitochondria are unable to 

form elongated mitochondria (Brocard, Rintoul, and Reynolds 2003). Fission of mitochondria 

is dependent on Drp1 which is mainly localized in the cytoplasm. Upon activation, Drp1 

translocates to mitochondria where it forms helical structures that encircle and penetrate the 

mitochondria (Vannuvel et al. 2013; Da Silva et al. 2014). Fission events eliminate damaged 

mitochondria through a process termed mitophagy, the autophagy of mitochondria, and 

relocalizes mitochondria inside the cell (Vannuvel et al. 2013).  

Mitochondria are transported along microtubules and accumulate at sites where high 

metabolic activity is required (McCarron et al. 2013). In addition to the transport of 

mitochondria, microtubules also anchor them in place. Movement along microtubules is 

bidirectional and depends on the activity of kinesin 1 (anterograde transport) and dynein 

(retrograde transport) that bind the OMM via the Miro-Milton complex. Mitochondrial 

associated to microtubules also plays a role during fusion and fission with mitochondrial length 

mimicking microtubule length (Chalmers et al. 2016). Cells with shorter microtubules undergo 

increased fission while longer microtubules protect from fission events (Rube and van der 

Bliek 2004; Mehta et al. 2019; Paupe and Prudent 2018). To summarize, mitochondria are 

dynamic organelles that adapt to the energy requirements of the cell. Because their main 

function of providing energy is mediated through the ECM and dependent on a chemical 

(DpHm) and electrical gradient (DYm), these two factors will be described in more detail in the 

following sections.  
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3.1. Mitochondrial pH 

Organelles exhibit distinct pH values that are essential for the optimal rate and coordination of 

the biochemical reactions they supply to the cell machinery (Lee et al. 2025). These pH values 

differ between subcellular compartments giving rise to proton (H+) gradients. While the pH of 

the cytoplasm has been studied extensively, less is known about the pH regulations of 

intracellular organelles like mitochondria (Freeman, Grinstein, and Orlowski 2023).  

Mitochondrial functions depend on the ability of mitochondria to move H+ across the IMM 

during OXPHOS. Complexes I, III, and IV of the ETC use the free energy of substrate oxidation 

to generate a H+ gradient across the IMM. Complex V then uses the energy stored in the 

proton gradient to catalyze the conversion of adenosine diphosphate (ADP) to ATP within the 

matrix (Santo-Domingo and Demaurex 2012). Briefly summarized, complexes I and II receive 

nicotinamide adenine dinucleotide hydrogen (NADH) and flavin adenine dinucleotide, 

dihydrogenated form (FADH2) from the citric acid cycle. Through a series of redox reactions, 

electrons are transferred sequentially through complexes I-IV that are coupled to the vectoral 
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Figure 4: Mitochondria structure relates to mitochondria function.  

(A) Mitochondria structure. Mitochondria are double-membrane organelles made up of an outer 
mitochondrial membrane (OMM), the intermembrane space (IMS), and the inner mitochondrial 
membrane (IMM) that folds into itself giving rise to cristae. The IMM separates the IMS from the 
mitochondria matrix which houses the mitochondrial DNA (mtDNA), ribosomes and granules.  
(B) Mitochondria function. Mitochondria execute a variety of functions ranging from the regulation of 
cell death and calcium regulation to reactive oxygen species (ROS) and ATP production via oxidative 
phosphorylation (OXPHOS). Mitochondria function is associated to shape and the dynamics of 
mitochondrial shape are controlled by fusion and fission events and the maintenance of cristae 
junctions.  
(B) adapted from Peng et al. (2023). Figure created with illustrae.com. 
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export of protons from the matrix to the IMS. These redox reactions culminate in a reduction 

of oxygen into water and the generation of a H+ gradient across the IMM (Freeman, Grinstein, 

and Orlowski 2023). Because the IMM displays a low permeability for ions, including H+, 

transport of H+ by the ETC complexes creates an electrochemical gradient, also termed the 

proton-motive force Dp. Dp is the sum of DYm (electrical gradient) and DpHm (chemical 

gradient). While both gradients contribute equally to Dp, other mechanisms rely solely on either 

DYm or DpHm. Prominent examples for DYm reliance are the Ca2+ uptake via the mitochondrial 

Ca2+ uniporter (MCU) or the import of mitochondrial resident proteins through the translocase 

of outer membrane (TOM) and translocase of inner membrane (TIM) complexes. In contrast, 

the Ca2+-H+ exchanger (CHX), the K+-H+ exchanger (KHX), and the Na+-H+ exchanger (NHX) 

rely solely on DpHm. To measure the pH in mitochondria, the DYm needs to be recorded as 

well. Dp is predominantly comprised of DYm (70-80%). DpHm contributes 20-30% to Dp. In 

isolated mitochondria, Dp was found to range between 180 to 220 mV with DYm ranging from 

150 to 180 mV and DpHm from 0.5 to 1.2 pH units, which results in pH of mitochondria from 

8.2 to 7.5 (Santo-Domingo and Demaurex 2012). 

 

3.2. Mitochondrial membrane potential (Y) 

Mitochondria function is directly linked to DYm, as intact mitochondria display a polarized state 

with a negative charge (~180 mV) across their inner membrane. A loss of DYm is accompanied 

by cytochrome c release, and observed during apoptotic cell death (Walsh et al. 2017; 

Crowley, Christensen, and Waterhouse 2016). The DYm serves as an intermediate energy 

form which is used by the ATP synthase to synthesize ATP. However, DYm is not only used in 

ATP synthesis, but has recently been described as a factor controlling mitochondria viability 

and participating in the elimination of unhealthy mitochondria (Zorova et al. 2018).   

As described above, the generation and importance of DYm makes it an attractive property to 

study during cellular changes. Several fluorescent lipophilic cationic dyes, e.g. 

tetramethylrhodamine methyl (TMRM) and ethyl ester (TMRE) and Rhodamine 123 

(Rhod123), are able to directly measure DYm. These positively charged dyes accumulate 

inside mitochondria in inverse proportion as their net charge remains negative. During 

hyperpolarization events (interior more negative), more dye is accumulated resulting in 

increased fluorescence. In contrast, depolarization events (interior less negative) lead to less 

accumulation and therefore less fluorescence. In order to test mitochondrial function, p-

trifluoromethoxy carbonyl cyanide phenyl hydrazone (FCCP) is used as positive control for 

depolarization events (Perry et al. 2011). Brief episodes of depolarization events are described 

as DYm flickering and may not lead to significant functional changes. Prolonged depolarization 
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events – however, the time threshold is highly variable and cell dependent – lead to a critical 

turning point where mitochondria function is irreversibly impaired (Zorova et al. 2018). 

 

4. Role of other organelles in cell migration 

To provide a complete and comprehensive overview of cell migration, it is essential to mention 

the role of other cellular organelles. As previously mentioned, migrating cells show a distinct 

subcellular positioning of their organelles that is associated to the cell type, the dimension 

migration takes place in (1D vs. 2D vs. 3D) as well as their activities. The interest in the role 

of organelles during migration has grown in recent years. Which organelle takes precedence 

over the other, however, remains unknown and is regularly debated when discussing 

directional cell migration (van Bergeijk, Hoogenraad, and Kapitein 2016). While the 

cytoskeletal components determine the cell shape and provide the scaffold for the internal 

organization of cellular compartments, other organelles like the nucleus, Golgi apparatus and 

lysosomes contribute to the cell migration machinery (Harris, Jreij, and Fletcher 2018) and will 

be discussed in the following sections.  

 

4.1. Nucleus: Determining mode of migration 

The nucleus in mammalian cells is composed of a nuclear envelope and a nuclear lamina just 

beneath it. Its main role resides in safeguarding the genetic information and controlling the 

transcriptional machinery translating it (Hertzog and Erdel 2023). Even though the nucleus 

lacks membrane-bound compartments, it is seen as spatially organized, especially at the level 

of chromosomes. These chromosomes are folded and positioned inside the nucleus in a cell-

type specific way. Differentiated cells display globule-like structures that are positioned in 

distinct territories within the nuclear interior (Meldi and Brickner 2011). The positioning of the 

nucleus inside the cell differs depending on the biological processes taking place, e.g. during 

cell division or cell migration. Nuclear positioning is closely related to cell function: While leuko-

cytes position their nucleus close to the leading edge during amoeboid migration, most other 

migrating cells, including cancer cells, show the nucleus positioned close to the cell rear, a 

morphology associated with mesenchymal cell migration. The reward positioning of the 

nucleus during mesenchymal migration is mediated by the actin cytoskeleton in fibroblasts, in 

particular an actin retrograde flow controlled by myosin and Cdc42 (Calero-Cuenca, Janota, 

and Gomes 2018). The linker of nucleoskeleton and cytoskeleton (LINC) physically links the 

nucleus to the cytoskeleton. LINC is a protein complex composed of KASH-domain proteins 

and Sad1, Unc Homology (SUN)-domain proteins, SUN1 and SUN2. In vertebrates, KASH-

domain proteins are called nesprins and these proteins span the outer nuclear membrane 
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interacting with SUN-domain proteins on the inner nuclear membrane within the perinuclear 

space. Different nesprins further interact with cytoskeletal components, e.g. nesprin-1 and 

nesprin-2 interact with actin filaments, while both together with nesprin-4 interact with 

microtubules through dynein and kinesin (Navarro, Collins, and Folker 2016). In the early 

phases of polymerization and nucleus repositioning, nesprin-2 and SUN2 together with actin 

form transmembrane actin-associated nuclear (TAN) lines that are aligned parallel to 

transverse arcs and undergo retrograde flow to push the nucleus to the rear part of the cell 

behind the centrosome. These TAN lines are anchored by A-type laminins (laminin A) which 

allows force transmission of the actin cytoskeleton across the nuclear envelope to move the 

nucleus and properly position it before migration takes place (Calero-Cuenca, Janota, and 

Gomes 2018; Gant Luxton et al. 2011).  

Actin filaments above the nucleus are important to orient the nucleus in the direction of 

migration. These filaments, termed the perinuclear actin cap, contain phosphorylated myosin 

II and a-actinin-1 and terminate at focal adhesions that contain vinculin. The actin cap 

connects to the nucleus via nesprin-2 and controls mechanotransduction (Davidson and Cadot 

2021). To summarize the nuclear dynamics during cell migration: TAN lines are important in 

the early phases during cellular polarization to reposition the nucleus towards the cell rear 

behind the centrosome (Gant Luxton et al. 2011), while actin caps made up of apical parallel 

actin cables (Kim et al. 2017) align the nucleus with the migratory axis and play a role in the 

maintenance of directional persistence. These actin caps are terminated by their own focal 

adhesions and are, in contrast to ventral actin stress fibers underneath the nucleus, tightly 

connected to the apical surface of the nuclear envelope through LINC complexes (Chambliss 

et al. 2013). 

 

4.2. Golgi apparatus: Determining direction of migration 

The Golgi apparatus consists of flattened membrane sacs that are generally organized in 

polarized stacks. These membrane sacs are called cisternae and depending on the cell type, 

stacks contain from 3 up to 20 cisternae (Day, Staehelin, and Glick 2013). The stacks of 

cisternae are highly polarized and consist of a cis-face that receives cargos, polysaccharides, 

lipids and proteins, from the ER, and a trans-face sorting cargo for post-Golgi export to other 

organelles like endosomes, lysosomes and the plasma membrane (Millarte and Farhan 2012). 

The trans-face is mostly referred to as the trans-Golgi-network, TGN. In some organisms like 

plants and fungi, individual Golgi stacks are distributed through the cytoplasm independent to 

other stacks, while most vertebrate cells consist of fused Golgi stacks organized into compact 

ribbon structure that is positioned close to the MTOC (Makhoul, Gosavi, and Gleeson 2019). 

Considering its main roles in post-translational modifications, like glycosylation, lipidation and 
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proteolytic processing, and protein sorting, it is widely accepted that the Golgi is important in 

regulating directional cell migration. Most findings on Golgi positioning during directional 

migration were obtained using 2D scratch-wound assays, and ongoing research still needs to 

prove that those findings can be transferred to the physiological processes occurring in vivo. 

One of the earliest findings correlating Golgi positioning and persistence of directional 

migration showed that the repositioning of the Golgi network towards the leading edge was 

coupled to the centrosome, proving a functional relationship between the two (Millarte and 

Farhan 2012; Kupfer, Dennert, and Singer 1983; Cui et al. 2025). During cell migration, 

centrosome- and Golgi-derived microtubules maintain the Golgi structure in coordination with 

actin filaments. In addition, Golgi membrane components nucleate and stabilize microtubules 

at both the cis- and trans-face, which is why the Golgi itself is seen as a MTOC (Makhoul, 

Gosavi, and Gleeson 2019). These nucleations and stabilizations of Golgi microtubules are 

regulated by A-kinase-anchoring protein (AKAP450), CLIP-associated proteins (CLASPs) and 

calmodulin-regulated spectrin-associated protein 2 (CAMSAP2). Using stochastic optical 

reconstruction microscopy, it was recently shown that  post-Golgi cargo trafficking was 

significantly faster on Golgi-associated microtubules (GaMTs). These GaMTs were more 

polarized towards the leading edge and displayed fewer inter-microtubule intersections. These 

fewer intersections lead to less pausing events and directional switches of cargos during post-

Golgi trafficking (Hao et al. 2020). To summarize the importance of the Golgi network on cell 

migration, the Golgi’s structure and positioning is relevant for the proper polarization of the cell 

during directional migration, while the Golgi-associated microtubules are relevant for the 

persistence of cell migration in one direction as they support the efficient anterograde 

trafficking of modified post-Golgi cargos towards the cell’s leading edge (Millarte and Farhan 

2012; Hao et al. 2020; Vaidžiulyte, Coppey, and Schauer 2019; Vaidžiulyt, Macé, and 

Battistella 2022).  

 

4.3. Lysosomes: Maintaining persistence of migration 

Another organelle relevant for the persistence of cell migration is the lysosomes, which have 

recently been shown to contribute to this response in different ways. Lysosomes, first 

described in 1955 (Novikoff, Beaufay, and De Duve 1956), are cytoplasmic organelles 

important for the degradation of various biomacromolecules. Consisting of a single membrane, 

a phospholipid bilayer with selective permeability, they display different morphologies ranging 

from spherical to elliptical. Their size ranges from 0.2 to 0.8 µm (Bi et al. 2025). To carry out 

one of their main functions, degradation, lysosomes have over 60 luminal hydrolases. Most of 

them require an acidic pH for optimal function which is why the luminal pH of the lysosomes 

lies between 4.5-5.0 and is maintained by a proton-pumping V-type ATPase inside the 
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lysosomal membrane. Next to other membrane proteins, the lysosomal membrane includes 

highly-glysosylated lysosome-associated membrane proteins (LAMPs) that prevent 

degradation of the membrane from lysosomal hydrolases. Lysosomes are very dynamic 

organelles and broadly distributed through the cytoplasm (Pu et al. 2016). While they display 

a more perinuclear distribution close to the MTOC in non-polarized cells, many still reach the 

periphery. Similar observations are made in polarized cells like neurons. To reach the cell 

periphery, lysosomes are transported along microtubule tracks in a bidirectional way. For 

anterograde transport (towards the microtubule plus-end), lysosomes are transported by 

kinesins, while dynein mediates retrograde transport (towards the microtubule minus-end). 

This bidirectional transport follows a stop-and-go fashion, suggesting that lysosomal transport 

is strongly regulated (Pu et al. 2016). As their positioning shows functional relevance, 

lysosomal dynamics were observed in different migratory modes. In epithelial monolayers 

migrating in a 2D microenvironment, lysosomes accumulated at the cell periphery at the 

leading edge during migration. This lysosomal accumulation was a distinct feature of leader 

cells, as follower cells did not show changes in lysosomal distribution. In addition, these leader 

cells showed a distinct front-to-rear asymmetry in lysosomal distribution. The function of these 

peripheral lysosomes was determined to be lamellipodia extension, as the main lamellipodia 

growth happened in zones enriched with lysosomes  (Marwaha et al. 2025). In dendritic cells, 

lysosomes are located at the cell rear around an actin patch during migration. This rearward 

distribution of lysosomes and actin is important for myosin-II-mediated contraction, also 

named actomyosin contractility, pushing the cell forward. As lysosomes are important calcium 

storage organelles, Ca2+ release through transient receptor potential channel, mucolipin 

subfamily 1 (TRPML1) activates myosin II at the cell rear, leading to faster and directional 

migration (Bretou et al. 2017).  
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To summarize, the mode of migration that endothelial cells adapt during angiogenesis is 

mesenchymal migration which depends on cell symmetry breaking and the formation of 

adhesions to the ECM. Polarized ECs display a well-characterized distribution of the 

cytoskeletal components: actin fibers, microtubules and FA dynamics. This distribution is 

mirrored in organelle organization (Fig. 5) and intracellular signalling cascades. Angiogenesis 

is a process that is disturbed in different diseases associated with ER stress, which is why the 

effect of ER stress induction on endothelial cell migration will be investigated in this thesis.  

 

  

Nucleus

Golgi Apparatus

Microtubules

Mitochondria

Endoplasmic
Reticulum

Endosomes/
vesicles
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Lysosomes

Microtubule-Organizing 
Center (MTOC)

Figure 5: Organelle distribution in a polarized mesenchymal cell. 

For proper cell migration to occur, a cell needs to break its intracellular symmetry and polarize. This 
polarization happens on the cytoskeletal level, but also on an organelle level with organelles showing a 
distinct distribution inside the cell. In a polarized mesenchymal cell, the nucleus is positioned close to 
the rear with the MTOC positioned in front of it. Microtubules span through every part of the cell, 
reaching the front. The ER is in direct contact with the nucleus through its nuclear envelope connection. 
Mitochondria vary in size and shape, displaying elongated networks through mitochondrial fusion, or 
smaller, fragmented pieces after mitochondrial fission. The Golgi is positioned close to the MTOC. 
Polarized trafficking of endosomes, vesicles and lysosomes takes place on microtubules.  
Figure created with illustrae.com.  
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Study objective 

 

The ER stress response is linked to different diseases that are associated with vascular 

dysfunctions like distorted angiogenesis (Cimellaro et al. 2016; Sáez et al. 2014; Villalobos-

Labra et al. 2018). As endothelial cell migration is essential during angiogenesis (Auerbach et 

al. 2003; Luo et al. 2023), this thesis aims to study the ER stress response during endothelial 

cell migration and its effect on the intracellular organization of the cytoskeleton and organelles, 

in particular the ER and mitochondria as these two organelles form direct membrane contact 

sites that are maintained over long distances (Phillips and Voeltz 2016; Hong and Inagi 2025).  

 

Hypothesis: ER stress induction and consequent UPR activation leads to alterations in the 

cytoskeletal organization and subsequent organelle function, distribution, and crosstalk, in 

particular of ER and mitochondria. The disruption of ER-mitochondria crosstalk results in 

mitochondria dysfunction, which in conjunction with the disruption of cytoskeletal dynamics 

results in impaired endothelial cell migration.  

 

Study objectives:  
I. Monitor the changes in collective and single endothelial cell migration after ER stress 

induction.  

II. Determine the main branch of the UPR responsible for the observed changes in migration 

after TN-induced ER stress. 

III. Evaluate the effect of TN-induced ER stress on the organization and distribution of the 

cytoskeleton and ER-mitochondria crosstalk.  

IV. Assess the role of mitochondria during single and collective endothelial cell migration and 

the effect of TN-induced ER stress on mitochondria function.  

V. Discover the possible role of relevant ion channels on the observed changes during 

directional migration and elucidate their role during TN-induced ER stress.  
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Material and Methods 

1. Culture of Human Umbilical Vein Endothelial Cells  

Primary human umbilical vein endothelial cells (HUVECs) from pooled donors were obtained 

from PromoCell (C-12202) or Lonza (CC-2519) containing ≥ 500,000 cells per cryotube, 

respectively.   

For culturing pooled HUVECs obtained from PromoCell, Corning culture dishes with 60 or 100 

millimeter (mm) diameter were coated with fibronectin from bovine plasma (1 microliter [µL]/1 

milliliter [mL], final concentration: 1 microgram [µg]/1 mL) for 20 minutes (min) at 37°C and 5% 

CO2. Dishes were washed with 1X DPBS and ready-to-use endothelial growth medium was 

added and pre-warmed at 37°C and 5% CO2. HUVECs were used between passages 2 and 

10. Passaging of HUVECs was done every 2 to 3 days around 90% confluency in new 

fibronectin-coated culture dishes with 100 mm diameter. To subculture HUVECs, old media 

was removed and cells were washed with 1X DPBS. Then, 3 mL of TrypLE Express (1X) were 

used to detach HUVECs at 37°C and 5% CO2 for 3 min. Next, 3 mL of full media were added 

to trypsinated cells to inactive the enzymatic reaction of detachment, the suspension was 

transferred to a 15 mL falcon and centrifuged at 1,000 RPM (rounds per minute) for 5 min. 

After centrifugation, the supernatant was discarded and cells were resuspended in fresh full 

endothelial growth medium and seeded on fibronectin-coated culture dishes.   

For culturing pooled HUVECs obtained from Lonza, media was added to T75 culture flasks 

with filter cap and pre-warmed at 37°C and 5% CO2. HUVECs were used between passages 

2 and 9. Passaging was done like described above, with the exception of T75 culture flasks 

not being coated with fibronectin. HUVECs obtained from Lonza used in experiments were 

plated on fibronectin-coated dishes, however.  

 

1.1 Buffers and solutions  

• Bovine Fibronectin from bovine plasma, liquid solution, Sigma-Aldrich, #F1141 

• Dulbecco’s Phosphate Buffered Saline (DPBS, Calcium-Chloride/Magnesium- 

Chloride-free): Gibco, ThermoFisher Scientific, #14190169 

• GibcoTM TrypLETM Express Enzyme (1X), phenol red, ThermoFisher Scientific, 

#12605028 

• Endothelial Cell Growth Medium (ready-to-use, #C-22010): Endothelial Cell Basal 

Medium + Premixed SupplementMix, supplemented with 1% (v/v) penicillin-

streptomycin (P/S) (final concentration: 100 U/mL), PromoCell GmbH, Heidelberg, 

Germany = full media 
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• EGM® Endothelial Cell Growth Medium BulletKit®: EBM® Basal Medium and EGM® 

Endothelial Cell Growth Medium SingleQuots® Supplements, supplemented with 1% 

(v/v) P/S (final concentration: 100 U/mL), Lonza Bioscience, Lonza Walkersville, Inc. 

= media 

 

2. Wound Healing (WH)  

To analyze spontaneous collective migration in a 2D microenvironment, 100,000 cells/mL of 

HUVECs were plated on fibronectin-coated (1 µg/mL) FluoroDishes with glass cover bottoms 

and a 35 mm diameter and incubated in full media for 2 d at 37°C and 5% CO2. After cells 

reached ~90% confluency, inhibitors for ATF6, IRE1, PERK and mechanosensitive ion 

channels, especially TRPC6 antagonists, were added as pre-treatments to full media for 2 h 

at 37°C and 5% CO2. After, a sterile 1000 µL micropipette tip was used to scratch the cell 

monolayer and mimic an in vivo wound. The tip was angled vertically and consistent medium 

pressure was applied to guarantee roughly the same scratch width, smooth edges and prevent 

detachment of the cell monolayer (Fig. 6). After the scratch, the cell monolayer was gently 

washed with full media to remove cell debris and any remaining floating cells, as previously 

described (Grada et al. 2017). Nuclei were stained with Hoechst 33342 trihydrochloride, 

trihydrate (80 nanomolar [nM], #H1399) for 20 min at 37°C and 5% CO2 to allow tracking 

analysis of individual cells. Fresh full media was added to each dish with a final volume of 2 

mL. Treatments were added directly into fresh full media before live-cell imaging, which was 

performed at 37°C and 5% CO2. 
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Figure 6: Wound Healing procedure and fibronectin concentration test.  

(A) HUVECs at ~90% confluency were scratched using a 1000 µL micropipette tip. Live-cell imaging was 
performed under culture conditions for 16-24 h. Data analysis of nuclei tracking was done with Fiji 
(ImageJ). Figure created with BioRender and illustrae.com. 
(B) Different fibronectin concentrations were tested to find the optimal concentration for collective 
mesenchymal migration. Cells showed the highest speed [in µm/min] with 1 µg/mL fibronectin 
concentration, indicated by the dotted line.  
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2.1. Treatments  

Table 1: Treatments used in Human Umbilical Vein Endothelial Cells  

Treatment Concentration Company 

Ceapin A7, selective 
inhibitor of ATF6a 

added as pre-treatment at 
2.5 µM concentration Tocris Bioscience #6955 

AMG 18 hydrochloride, 
potent and selective IRE1a 

inhibitor 

added as pre-treatment at 
0.5 µM concentration Tocris Bioscience #6166 

AMG PERK 44, potent and 
selective PERK inhibitor 

added as pre-treatment at 
2.5 µM concentration Tocris Bioscience #5517 

FCCP, potent uncoupler of 
oxidative phosphorylation in 

mitochondria 

added as treatment at 10 µM 
or 50 µM concentration Tocris Bioscience #0453 

Tunicamycin, inhibits N-
linked glycosylation 

added as treatment at 10 µM 
concentration Sigma-Aldrich #654380 

Azetidine, non-protein 
amino acid 

added as treatment at 3 mM 
concentration Sigma-Aldrich #A0760 

GsMTx4, selectively inhibits 
mechanosensitive channels 

like Piezo or transient 
receptor potential cation 

channels (TRPC, 1 and 6) 

added as pre-treatment at 
200 nM concentration Tocris Bioscience #4912 

BI-749327, potent, highly 
selective TRPC6 antagonist 

added as pre-treatment at 1, 
5 or 10 µM concentration 

MedChemExpress 
#HY-111925 

VBIT-12, potent inhibitor of 
Voltage dependent anion-

selective channel 1 
(VDAC1) 

added as pre-treatment at 
10, 20 or 50 µM 
concentration 

Selleckchem #S8936 
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3. Random migration 

To analyze random free migration in a 2D microenvironment, 50,000 cells/mL of HUVECs were 

plated on fibronectin-coated (1 µg/mL) 35 mm FluoroDishes with glass cover bottoms. After 

seeding the cells, they were incubated for 24 h at 37°C and 5% CO2. To ensure random free 

migration and avoid cellular interactions, the confluency was kept low (not higher than ~40%). 

PERK inhibition with AMG PERK 44 (2.5 µM) was performed at 37°C and 5% CO2 for 2 h in 

full media.  

Before starting live-cell imaging, cells were stained with Hoechst 33342 (80 nM) in full media 

for 20 min at 37°C and 5%. After, staining media was discarded and fresh full media was 

added to control dishes with a final volume of 2 mL for acquisition.  

TN-treatment (10 µM) was added to full media before live-cell imaging to study random free 

migration under ER stress.  

To visualize mitochondrial dynamics during live-cell imaging, cells were stained with 100 nM 

tetramethylrhodamin, ethyl ester (TMRE, #ab113852) for 20 min at 37°C and 5% CO2 in full 

media. Afterwards, cells were washed twice with full media, then kept in fresh full media during 

acquisition.  

  

4. Immunofluorescence (IF) 

HUVECs were seeded on 15 mm, 16 mm, 18 mm or 20 mm fibronectin-coated glass coverslips 

inside a 12-well plate with a number of 50,000-75,000 cells/mL per coverslip and incubated at 

37°C and 5% CO2. After cells reached ~95% confluency, inhibitors for ATF6, IRE1 and PERK 

were added as pre-treatments to the media and incubated for 2 h at 37°C and 5% CO2. After 

2 h, the cell monolayer on the coverslips was scratched using a 200 µL micropipette tip for 15 

mm and 16 mm coverslips, or a 1000 µL micropipette tip for 18 mm and 20 mm coverslips. 

After scratching, coverslips were transferred to a new 12-well plate to get rid of floating or 

dead cells. TN-treatment, also in combination with the previously mentioned inhibitors, was 

added, and cells were incubated for 6 h at 37°C and 5% CO2. 6 h were chosen based on 

existing evidence that in several other cell types, ER stress was induced by treating cells with 

TN for a minimum of 5 h (Oslowski and Urano 2011). After 6 h, full media was discarded and 

cells were fixed with 4% paraformaldehyde (PFA) for 15 min at room temperature (RT). PFA 

was discarded and cells were washed 3x with 1X DPBS. Cells could be stored in 1X DPBS at 

4 °C until the immunostaining procedure.  

Antibody staining was performed on parafilm in a humid chamber. Cells were blocked in a 

blocking solution for 15 min at RT. Primary antibody staining solution was prepared in 1X 

saponin solution. The primary antibody staining procedure was done overnight at 4°C. On the 

second day, cells were washed 3x with 1X DPBS for 5 min each. Secondary antibody staining 
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was prepared in 1X saponin solution. Alexa FluorTM 647 or Alexa FluorTM 405 Phalloidin were 

added into 1X saponin solution and stained during the secondary antibody staining procedure, 

which was done on fresh parafilm for 1 h at RT in the dark. After, cells were washed 3x with 

1X DPBS for 5 min each. 1X DAPI staining was done for 15 min at RT in the dark. Before the 

mounting procedure, cells were washed once more with 1X DPBS and mounted on 

microscopy slides using Fluoromount-GTM. Immunofluorescent images were taken with a 

Zeiss Axio Examiner .Z1 with LSM 980 in Airyscan 2 mode with a 63x Plan-

APOCHROMAT/1.4 numerical aperture oil objective. Images were processed using the Zeiss 

Zen blue edition software. Post-processing was done by choosing “Airyscan Processing”.  

 

4.1. Buffers and solutions 

• 4% paraformaldehyde (PFA) for fixation: prepared from 16% PFA solution (EM-grade, 

Electron Microscopy Sciences, #15710) with 1X DPBS 

• Blocking solution: prepared in 1X DPBS with 2% bovine serum albumin (BSA, Sigma-

Aldrich, #A2153) and 0.1 M glycine 

• Saponin solution for permeabilization: 1X saponin solution was prepared from a 10X 

saponin solution stock containing 2% BSA, 0.5% saponin (Saponin – CAS 8047-15-2, 

Merck Millipore, #558255) in 1X DPBS  

• InvitrogenTM Fluoromount-GTM Mounting Medium, ThermoFisher Scientific, #00-4958-

02 

 

4.2. Antibodies and stainings  

Table 2: Antibodies and stainings used for immunofluorescence assay  

Antibody / Staining Origin Target Dilution Company 

Monoclonal anti-TOM20 
[primary] Mouse Mitochondria 1:750 BD Transduction 

Laboratories #612278 

Polyclonal anti-TOM20 
[primary] Rabbit Mitochondria 1:750 Proteintech #11802-1-

AP 

Polyclonal anti-Nogo 
[primary] Rabbit Endoplasmic 

Reticulum 1:250 Novus Biologicals 
#NB100-56681SS 
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Monoclonal anti-alpha 
Tubulin [DM1A, primary] Mouse Microtubules 1:750 Abcam #ab7291 

Polyclonal anti-Paxillin 
[primary] Sheep Focal 

Adhesions 1:250 Novus Biologicals 
#AF4259-SP 

F(ab’)-2 goat anti-mouse 
IgG Alexa FluorTM 488 

[secondary] 
Goat - 1:250 ThermoFisher 

Scientific #A11017 

Donkey anti-rabbit IgG 
Alexa FluorTM 546 

[secondary] 
Donkey - 1:250 ThermoFisher 

Scientific #A10040 

Donkey F(ab’)2 anti-
Sheep IgG [secondary] Donkey - 1:250 Biozol #JIM-713-166-

147 

Alexa FluorTM Plus 405 
Phalloidin Phallotoxin F-Actin 1:100 ThermoFisher 

Scientific #A30104 

Alexa FluorTM 647 
Phalloidin Phallotoxin F-Actin 1:100 ThermoFisher 

Scientific #A22287 

 

5. Transfection of Human Umbilical Vein Endothelial Cells  

To visualize organelle dynamics and their interactions, HUVECs were transfected via 

electroporation. Electroporation uses high-voltage electric shocks to temporarily permeabilize 

the cell membrane to transfer DNA into cells (Potter and Heller 2018). For transfection of 

HUVECs, the Electroporation and Nucleofector® Technology from Lonza was applied. For 

primary cells like HUVECs, the P5 Primary Cell 4D-Nucleofector® X Kit L with the P5 Primary 

Cell Nucleofector® Solution and Supplement 3 was used. Transfection in cuvette vessels was 

done for ≥ 1,000,000 cells, well strip vessels were used for ≤ 1,000,000 cells.  

Cultured HUVECs were detached and counted to determine the transfection vessel. The 

specific cell number chosen was centrifugated at 1,000 RPM for 5 min at RT and resuspended 

in either 20 µL of P5 kit for well strip vessels, or 100 µL P5 kit for the cuvette vessels. Chosen 

plasmids (Table 3) were added at the indicated concentrations and the sample was 

electroporated inside the 4D-Nucleofector® X Unit. For HUVECs, programme CA-167 on the 

4D-Nucleofector® Core Unit was chosen. 

After transfection, cells were transferred into pre-incubated full media culture dishes and 

incubated at 37°C and 5% CO2 overnight. Transfected cells were imaged after 24 h or 48 h, 

depending on the transfection efficiency.   
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Table 3: Plasmids for transfection of Human Umbilical Vein Endothelial Cells  

Plasmid Concentration Supplier 

DsRed2-ER-5, endoplasmic 
reticulum 1 µg/mL Addgene, plasmid #55836 

EMTB-3XGFP, microtubules 1 µg/mL Addgene, plasmid #26741 

Mito GFP, mitochondria 1 µg/mL Addgene, plasmid #44385 

 

6. Measurement of mitochondrial membrane potential (DY) 

To visualize and quantify membrane potential (∆Y) dynamics in mitochondria, cells were 

transiently transfected with MitoGFP plasmid, allowing for a stable staining of mitochondria 

independent of ∆Y (for transfection protocol see 5.) Transfected HUVECs were seeded in 

preparation for a WH. Once ~90% confluency was reached, the cell monolayer was scratched. 

To visualize changes in ∆Y, the previously transfected cells were stained with 100 nM TMRE 

for 20 min at 37°C and 5% CO2. TMRE is a positively charged dye that readily accumulates in 

healthy mitochondria which display a net negative charge of around ~180 mV. TMRE’s red 

fluorescence can be captured with fluorescence microscopy making it possible to determine 

the ∆Y of mitochondria inside a living cell (Crowley, Christensen, and Waterhouse 2016). 

TMRE staining was washed out twice with full media after 20 min. HUVECs transfected with 

MitoGFP and stained with TMRE were chosen and imaged in full media at 37°C and 5% CO2 

by capturing both the green fluorescence for the stable signal and the red fluorescence for the 

oscillating signal (Fig. 7).  

To determine changes in ∆Y under ER stress, cells were treated with 10 µM TN after the 

transfection and staining procedure. Pre-treatment with AMG PERK44 was performed for 2 h 

at 37°C and 5% CO2 around 24 h after the transfection procedure. After 2 h of pre-treatment, 

cells were scratched and TMRE staining was done for 20 min at 37°C and 5% CO2. Cells were 

washed twice with full media and treatment with PERK44 and TN was performed as previously 

described.  
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7. Micropatterning 

To mimic frustrated cell migration and allow for cell shape control, protein micropatterning was 

used. 2D micropatterns of crossbow, ellipse and circle were created using the Inkscape® 

software. A circle with a 5 mm diameter was punched into a pre-made PDMS stencil and 

placed inside a 35 mm Fluorodish. The dish was plasma-cleaned for 5 min inside a Plasma 

Cleaner (#PDC-32G-2) to remove any contaminants from the surface of the Fluorodish 

bottom. After, the 5 mm circle was coated with 10 µL of pLL-PEG (1 mg/mL, SuSoS, Surface 

Technology) for 1 h at RT. pLL-PEG was washed off with MilliQ water.  

The chosen pattern was uploaded to the Leonardo software (version 5.4) and the pattern was 

placed centrally inside the 5 mm circle. Then, 10 µL of PLPP photoreagent (Alvéole) was 

added inside the circle and degraded under UV illumination with a laser power of 600 mJ/mm2 

in the form of the desired pattern with a PRIMO photopatterning system (Alvéole) (Strale et al. 

2016). PLPP was washed off with MilliQ water after the printing process. The pattern was 

coated with fibronectin (1 µg/mL) and fibrinogen 488 or 546 to stain the pattern (InvitrogenTM, 

1:10 concentration in fibronectin) for 20 min at 37°C and 5% CO2. After, the circle was washed 

with 1X DPBS, the PDMS stencil was removed and 1 mL of full media was added to the dish. 

Then,  10 µL of cell suspension with 100 cells/µL was plated inside the circle (the area of the 

circle was highlighted on the underside of the dish bottom to allow for better orientation). 

HUVECs were incubated at 37°C and 5% CO2 for 10-15 h to allow cell attachment inside the 

Transient Transfection 
for Stable Staining
mitoGFP plasmid,
shown in red

Oscillating Staining
TMRE staining,
shown in cyan

Figure 7: Qualitative measurement of mitochondrial membrane potential.  

Cells were transiently transfected with the mitoGFP plasmid showing a stable signal, and stained with 
TMRE to quantify changes in ∆Y. MitoGFP signal is shown in red, TMRE is shown in blue to better 
visualize depolarization events.  
Mitochondrial membrane potential was analyzed as a ratio of TMRE dynamics over mitoGFP’s stable 
fluorescence through 3D surface plots. 
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micropattern (summarized in Fig. 8) . Upon visual inspection and once the cells were attached, 

the dishes were carefully washed once with full media to remove floating cells. During live-cell 

imaging, cells were imaged in full media under culture conditions.  

 

8. Angiogenesis Assay 

Angiogenesis is the formation of new blood vessels and plays a part in both healthy 

development and numerous pathologies like metastasis and inflammation. Angiogenesis 

assays are used to test pro- and antiangiogenic agents. One of the most specific tests applied 

is testing endothelial cells for their ability to form 3D structures like tubes (Auerbach et al. 

2003). To perform an angiogenesis assay with HUVECs, Matrigel® Basement Membrane Mix 

was used to generate a 3D microenvironment. The Matrigel® was thawed on ice at 4°C 

overnight. A 48-well plate as well as micropipette tips were pre-cooled overnight at 4°C. During 

the coating process of the 48-well plate, the plate was kept on ice and pre-cooled tips were 

used to transfer 75 µL of Matrigel® to each well. The plate was incubated at RT for 10 min, 

then transferred to the incubator at 37°C and 5% CO2 for 30 min. HUVECs were cultured in 

EGMTM-1 media, which is why VEGF at 100 µg/mL was added to media at the beginning of 

the experiment. The experimental angiogenesis inhibitor Suramin was chosen as a positive 

control. To the corresponding dishes, 125 µL of culture media containing the tested 

compounds at 2X concentration were added to each well and incubated at 37°C and 5% CO2 

for 30 min. The recommended cell seeding density of HUVECs for the performed assay is 

65,000 to 80,000 cells/cm2. As one well of a 48-well plate has an area of 0.6 cm2, 50,000 

cells/well were chosen for this assay. Therefore, 125 µL of cell suspension containing 400,000 

cells/mL were plated into the prepared Matrigel® wells containing the media with compounds 

Figure 8: Key steps of micropatter-
ning with the Alveole system. 

PRIMO photopatterning uses an anti-
fouling coating (here: pLL-g-PEG) that is 
degraded by applying a combination of a 
photo-initiator (here: PLPP) and UV 
illumination. The desired protein (here 
fibronectin) is added and will be 
adsorbed only inside the micropattern. 
Cells will adhere to this protein and take 
up the shape of the micropattern.  
This overview was adapted from 
alveolelab.com “Key steps of protein 
micropatterning with PRIMO”.  
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at 2X concentration (adding the cell suspension at an equal amount will dilute the compounds 

to a 1X concentration). The 48-well plate was imaged in Phase contrast under culture 

conditions at 37°C and 5% CO2 using a Leica Dmi8 inverted microscope. Tube formation was 

acquired by taking pictures every 20 min.  

 

9. Proximity Ligation Assay (PLA) 

The Proximity Ligation Assay (PLA) was used to detect organelle contacts at the level of 

protein-protein interactions (at distances <40 nm). Specific antibodies for the two proteins of 

interest were used with specific DNA primers covalently linked to those antibodies. If the 

antibodies are close enough to each other, the DNA primers hybridize to circular DNA which 

can be amplified and fluorescently labelled (Alam 2018).  

Cells were prepared as described above in section (4.). Samples were incubated in a blocking 

solution for 15 min. Primary antibodies were prepared in 1X saponin solution. For detection of 

endo-plasmic reticulum-mitochondria contacts, mouse monoclonal anti-TOM20 and rabbit 

poly-clonal anti-NOGO were used as primary antibodies (see Table 2.). Incubation with the 

primary antibody solution was done for 1 hour at RT. For PLA, the Duolink® In Situ Kits from 

Sigma-Aldrich were used. The Duolink® In Situ PLA® Probe Anti-Mouse MINUS and the The 

Duolink® In Situ PLA® Probe Anti-Rabbit PLUS were diluted 1:5 in 1X Antibody Diluent. After 

washing off the primary antibody solution with 1X DPBS, the PLA probe solution (secondary 

antibody staining) was added to the sample and incubated for 1 h at 37°C in a pre-heated 

humid chamber. After, the secondary antibody solution was washed off with 1X DPBS and the 

hybridization and ligation step was performed. The Duolink® Ligation stock was diluted 1:5 in 

high purity water and mixed well. Ligase was added 1:40 to the ligation solution immediately 

before addition to the samples. Ligation was done for 30 min at 37°C in a pre-heated humid 

chamber. After, the ligation solution was washed off with 1X DPBS. For amplification and 

detection, the Duolink® Amplification stock was diluted 1:5 in high purity water and mixed well. 

The Polymerase was added 1:80 to the amplification solution immediately before addition to 

the samples. Amplification was done for 100 min at 37°C in a pre-heated humidity chamber in 

the dark. Before mounting the coverslips, cells were washed gently in 1X DPBS 3x and stained 

with DAPI for 15 min. Coverslips were mounted on microscope slides with Fluoromount-GTM.  

 

9.1. Reagents  

• Duolink® In Situ Detection Reagents Orange, Sigma-Aldrich, #DUO92007 

• Duolink® In Situ PLA® Probe Anti-Mouse MINUS, Sigma-Aldrich, #DUO92004 

• Duolink® In Situ PLA® Probe Anti-Rabbit PLUS, Sigma-Aldrich, #DUO9200 
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10. Live-Cell Imaging 

Live-Cell imaging was performed using a Leica Dmi8 M / C / A inverted microscope equipped 

with a 10x Plan Apo, a 20x Plan Apo and a 40x FLUOTAR objective. Images were recorded 

with an ORCA-Flash4.0 Digital camera using MetaMorph® versions 7.10.3.279, 7.10.5.476 

software. For recording of wound healing assays, time-lapse microscopy with the 10x Plan 

Apo objective was applied. Pictures of HUVECs were taken with Phase contrast and stained 

nuclei were imaged under 405 nm illumination every 5 min over a duration of 14-24 hours.  

HUVECs in micropatterns and during random free migration were imaged using the 40x 

FLUOTAR objective and pictures were taken every 3 s to monitor organelle dynamics, unless 

otherwise indicated. Random free migration was monitored by taking pictures every 5 min.  

Every live-cell acquisition was performed under optimal culture conditions at 37°C and 5% 

CO2 inside a humid chamber on the objective stage.  

 

11. Holotomography 

To visualize membrane dynamics and unlabelled organelles, holotomography was used, 

which combines holography and tomography. Holography describes a process where images 

are generated using variations in the phase-shift of light passing through a sample. Low-power 

light passing through a sample is altered depending on the properties of the internal structures 

in the sample. A detector encodes the light information as a phase-shift by comparing the 

object beam to a reference beam of light. To achieve a higher resolution, a rotating light-source 

is applied to illuminate the sample at an angle leading to a 200 nm resolution in x and y. Z-

stack images are combined into a 3D holotomographic reconstruction, where the refractive 

index is depicted in a grayscale (Sandoz et al. 2019).  

A WH assay in 35 mm FluoroDishes was prepared as described in section (2.). Cells were 

pre-treated, scratched and treated and incubated for 3-6 h to allow polarization of cells before 

image acquisition. Holotomographic images were acquired with the Nanolive 3D Cell Explorer-

fluo, equipped with a 60x/0.8 numerical aperture objective (Fig. 9). Refractive index (RI) 

images were taken in max speed mode (every 2 s) for 3 min to visualize membrane dynamics 

and mitochondria movement for cells migrating directionally.  All experiments were performed 

under optimal culture conditions at 37 °C and 5% CO2 inside a humid chamber on the objective 

stage. Images were reconstructed using Fiji® (ImageJ).  
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12. Electron microscopy  

HUVECs were seeded in fibronectin-coated 35 mm FluoroDishes in preparation for a WH 

assay as described above in section (2.). After cells reached ~95% confluency, AMG PERK 

44 was added as a pre-treatment for 2 h, before cells were treated and scratched as described 

above in section (2.). HUVECs were incubated for 6 h at 37°C and 5% CO2. After, cells were 

fixed in 2% formaldehyde and 2.5% glutaraldehyde in 0.1 M PHEM buffer (Karnovsky fixation). 

The fixative solution was added in an equal amount to the medium (1:1, half-strength fixative) 

for 15 min at RT. After, the half-strength fixative was replaced with full-strength fixate and cells 

were fixed for 2 h at RT. After fixation, cells were stored in 1% FA at 4°C before being 

processed further at the Klumperman Lab at the University Medical Center in Utrecht.  

Cells were postfixed with 1% OsO4/1.5% K3FE(III)(CN)6 [osmiumtetraoxide/potassium 

hexacyanoferrate (III)] in 0.065 M phosphate buffer. After post-fixation, cells were dehydrated 

in ethanol and embedded in Epon epoxy resin. Ultrathin sections of 60-70 nm were prepared 

by mounting the specimen on a holder inside an ultramicrotome for trimming. The sections 

were stained for contrast using uranyl acetate and lead citrate inside the EM AC20 “Automatic 

contrasting instrument for ultrathin sections” (Leica). After sample preparation, ultrathin 

sections were imaged in a Tecnai T20 Transmission Electron Microscope (FEI Company) 

using the serial EM software (Mastronarde 2005). Electron microscopy (EM) images were 

processed at a workstation computer and stitched together using the Etomo montage blending 
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Figure 9: Comparison of Holotomography imaging to Phase contrast imaging.  

(A) Holotomography utilizes the fact that cellular structures and organelles like mitochondria interact 
with light in different ways, which is interpreted in different refractive index (RI) values. The RI values 
are indicated in different brightness scales. A low RI corresponds to darker tones (e.g. cytoplasm and 
nucleus), while higher RIs are shown in brighter areas like lipid droplets. Scale bars: 10 µm.  
(B) Phase contrast imaging also uses the different refractive indices of light shifting through a sample. 
Here, lipid droplets and mitochondria are indicated in darker areas as these structures are more dense, 
letting less light pass through. Scale bar: 20 µm.  
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software (IMOD 4.11) (Mastronarde and Held 2017). EM images were analysed using Fiji® 

(ImageJ) version 1.53t and 1.54p.  

 

13. Data Analysis  

13.1 Tracking of cell nuclei using Fiji® software 

Before tracking cell nuclei during WH, the positions making up the field of view of the wound 

area were stitched together using the “Stitching” plugin (Preibisch, Saalfeld, and Tomancak 

2009). Stitched pictures were compared and the condition where the wound area closes first 

was chosen for analysed duration time. A ROI of 850-1100 um (depending on the wound area) 

was drawn from the frame where both sides of the wound first touch. This ROI was transferred 

onto the other conditions. To analyze random migration, the left half of the drawn ROI was 

chosen, for directional migration the right half was chosen. Migrating cells were tracked using 

the TrackMate Batcher v.1.4.1. TrackMate settings were checked using TrackMate v7 (Ershov 

et al. 2022) and adapted individually for every experiment. The main settings used for tracking 

the migration of cell nuclei with TrackMate were the following: 

• Detector: LoG Detector, target channel: nucleus, estimated object diameter: 15-20 micron 

• Tracker: Nearest-neighbor tracker, maximal linking distance 15-20 micron (nucleus-

dependent)  

Quality filters were applied to exclude non-cellular particles and avoid “ghost” tracks. Once 

applied, the software generated data sets that allow reconstitution of cellular tracks over time 

for single cells as well as cells migrating collectively. The generated data sets also included 

the calculated mean speed of each cell analysed.  

 

13.2 MotilityLab software 

MotilityLab is used as an online community resource to study cell tracks utilizing quantitative 

and statistical analysis (Wortel et al. 2021). It was used to visualize the individual cell tracks 

for the analyzed conditions over the entire acquisition duration by generating a “Track display” 

graph.  

 

13.3 Analysis of immunofluorescence pictures using Fiji® software 

Organelle directionality was analyzed using the “Directionality” tool. The Directionality method 

chosen was “Fourier components”, organelle directionality was displayed as a histogram 

starting at 0° and ending at 180°. The histogram was chosen as an index of the alignment of 

individual organelles with the migratory axis. Values close to 0° and 180° indicated a parallel 
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alignment to the migratory axis, while values around 90° stood for a perpendicular alignment 

to the migratory axis. Before Directionality analysis, cells were turned in the same direction, 

so every cell analyzed displayed a migratory phenotype towards the right.  

Mitochondrial membrane potential was visualized with the “Surface Plot” plugin. TMRE signal 

and MitoGFP signal were analyzed independently at indicated timepoints and mitochondria 

populations were indicated in the generated plot profile with dashed boxes.  

 

14. Statistics  

GraphPad Prism 9 is an analysis and graphing solution software that was used to visualize 

the tracks obtained from image analysis using TrackMate®. Statistical analysis was performed 

using Prism 9 to show relevant statistical differences between different treatment conditions. 

Statistical values are presented in the corresponding figure legends. P values are represented 

as follows: *** P-value < 0.001, ** P-value < 0.01, * P-value < 0.05, and ns = not significant, 

P-value ≥ 0.05. Number of biological repeats is indicated as follows: N = number of 

independently performed experiments, n = number of analyzed cells per conditions.  

 

15. Devices 

• Corning® tissue-culture treated culture dishes, D x H = 100 mm x 20 mm, surface area: 55 

cm2, Sigma-Aldrich, #CLS430167 

• Cell culture flask, T-75, standard surface, filter cap, surface area: 74.2 cm2, Sarstedt, 

#83.3911.002 

• FluoroDish, glass bottom, clear wall, 35 mm diameter, 10 mm well, World Precision 

Instruments, #FD3510-100 

• Tissue culture plates, 12-well, surface area: 3.9 cm2, Th.Geyer, #4672527 

• Cell culture plate, 48-well, surface area: 85.6 mm2, EppendorfTM, #0030723015 

• Basic Plasma Cleaner, Harrick Plasma, #PDC-32G-2 

• Zeiss Axio Examiner.Z1 with LSM 980 and Airyscan 2, Zeiss ZEN software 3.12, DFG 

code: INST 152/876-1 FUGG 

• Nanolive, 3D Cell Explorer-fluo, STEVE FULL software v1.6.3496 

• Leica DMi8 Inverted Microscope, MetaMorph (64-bit) software 7.10.5.476  
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Results 

Impact of ER stress on mesenchymal cell migration 

1. ER stress reduces single and collective mesenchymal cell migration  

To study collective mesenchymal cell migration in a 2D microenvironment, a wound healing 

assay with HUVECs was performed. After scratching the cell monolayer, HUVECs were left 

untreated and imaged under culture conditions for a minimum of 15 h. Under control 

conditions, HUVECs exhibited coordinated collective cell migration and closed the wound 

completely after around 15 h. Analysis of cell migration in 2D revealed that cells under control 

conditions exhibited two distinct types of migratory behaviors corresponding to the leader-

follower model, random and directional movement (Fig. 10A, 10B). Leader cells near the 

wounded area moved in a directional manner towards the right (or left) to close the area (Fig. 
10B), whereas follower cells showcased random movement in multiple directions (Fig. 10B). 

In addition, image analysis of the cell trajectories revealed that HUVECs moving directionally 

showed an increase in speed compared to those moving randomly (Fig. 10C).  

 
Wound Healing, duration 15 hours, 30 minutes, scale bar: 200 µm
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Figure 10: Collective migration of HUVECs conforms to the leader-follower model.  

(A) Representative composite pictures of HUVECs undergoing random or directional migration at 0 h 
and 15 h 30 min. Phase contrast of HUVECs is shown in grey, the nucleus was stained with Hoechst 
(magenta). Dotted lines depict the area where cells move randomly (left) and directional (right). Scale 
bar: 200 µm. 
(B) Track display of individual HUVECs moving randomly (light grey, top) and directionally (dark grey, 
bottom). Both plots show individual tracks of n > 500 cells for each population. Scale bar: 200 µm.  
(C) Graph shows the instantaneous mean speed of HUVECs under control conditions in µm/min for 
random migration (light grey) and directional migration (dark grey) as truncated violin plots. The dark 
line indicates the median. ***P < 0.001, two-tailed Mann-Whitney test. n = 1605 cells of a representative 
experiment.  
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Disease-induced ER stress is mimicked in vitro by the pharmacological inhibition of 

chaperones and distortion of signalling pathways (Sáez et al. 2014; Villalobos-Labra et al. 

2018, 2019). Therefore, different treatments that induce ER stress and activate the three 

branches of the UPR, such as TN and azetidine, were used to evaluate migratory changes of 

HUVECs. TN as an analogue of UDP-N-acetylglucosamine inhibits the first step of N-linked 

glycosylation which causes a buildup of misfolded or unfolded proteins that lead to ER stress 

(Adel and Abduljabar 2020). L-Azetidine-2-Carboxylic acid is a proline analogue that is 

incorporated incorrectly during protein synthesis leading to misfolded proteins and their 

aggregation (Roest et al. 2018).  

Treatment with either 10 µM TN or 3 mM azetidine activated the three branches of the UPR 

(Fig. 11A). While control cells closed the wound after around 18 h of collective migration, cells 

under ER stress were unable to do the same in the same amount of time (Fig. 11B). Compared 

to control leader cells moving directionally, TN-treated cells displayed random movement in 

all directions and lost their capacity to move in a directional manner into the wounded area 

(Fig. 11C). Image analysis of speed revealed that cells treated with TN as well as azetidine 

showed a reduction in overall speed compared to control HUVECs (Fig. 11D). Moreover, TN-

treated cells presented an impaired acceleration capacity (Fig. 11E).  

Because TN and azetidine are dissolved in dimethyl sulfoxide (DMSO), collective migration 

under exposure to this vehicle was analyzed (Supplementary Fig. 1). While cells under 

DMSO showed an increase in speed, comparison between random and directional migration 

showed no significant decrease or increase in speed. Overall, cells increased their speed 

slightly, proving that the decrease in speed under ER stress is TN-dependent.   
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The above-mentioned data shows that ER stress reduces cell migration, but whether this 

effect is cell-autonomous or not is yet unknown. Therefore, HUVECs were analyzed during 

single random migration in a 2D microenvironment. Image analysis of cell trajectories revealed 

that treatment with 10 µM TN reduced the speed of single random migration, indicating a cell-

autonomous response to ER stress (Fig. 12A). Comparing individual cell tracks, control cells 

(Fig. 12B) as well as cells under ER stress (Fig. 12C) showed the same random movement 

during single cell migration with similar length of individual tracks.  
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Figure 11: ER stress reduces collective mesenchymal cell migration.  

(A) Scheme depicting that treatment with TN as well as azetidine activates the three UPR signalling 
branches, ATF6, IRE1 and PERK, through ER stress induction. 
(B) Representative composite pictures of HUVECs under control conditions and ER stress conditions 
at 0 h and 18 h. Phase contrast of HUVECs is shown in grey, the nucleus was stained with Hoechst 
(magenta). Red dotted lines depict the scratched area representing the original wound. Scale bar: 100 
µm. 
(C) Track display of individual HUVECs moving directionally under control conditions (dark grey) and 
TN-treatment (purple). Both plots show individual tracks of n > 500 cells for each treatment. Scale bar: 
200 µm.  
(D) Graph shows the instantaneous mean speed of collectively migrating HUVECs in µm/min for control 
conditions (grey), TN-treatment (purple) and azetidine treatment (petrol) as truncated violin plots. The 
dark lines indicate the median of each condition, the dotted line corresponds to the median of the 
control. ***P < 0.001, Kruskal Wallis test. n > 1000 cells for each treatment.  
(E) Analysis of the median of mean speed in µm/min for random and directional control HUVECs (grey) 
and random and directional TN-treated HUVECs (purple). control: N = 9, n = 16544 cells. TN-treatment:  
N = 9, n = 14584 cells.  
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To corroborate that ER stress triggers a cell-autonomous response, HUVECs were plated on 

1D micropatterned lines to increase (lateral) confinement without squeezing the cells. Their 

movement over 20 µm wide printed lines was analyzed and depicted with a kymograph 

describing the spatial position inside the line over time. Kymographs are a useful tool to 

visualize movements of a cell in a single picture by slicing through a time along the time-axis 

(t) (Heyn, Rädler, and Falcke 2024). 

Two example cells, one for each condition – control and TN-treated –, were chosen and 

followed for a duration of 337 min. Their migration over 20 µm micropatterned fibronectin lines 

was analyzed by following their trajectories. 20 µm width were chosen based on the mean 

diameter of the nucleus HUVECs displayed during migration. 

Control cells presented a stable and persistent migration towards the right over time, which is 

consequent with a well polarized cell (Fig. 13A, left panel). In comparison, TN-treated cells 

displayed lower directional persistence over time and showed a marked biphasic motility with 

more sessile phases (Fig. 13A, right panel). The kymographs depict this behaviour, showing 

stable migration towards the right over time under control conditions (Fig. 13B, left panel). In 

contrast, the TN-treated cell showed no significant motion towards the right for roughly 60 min 

(from 139-200 min), staying stuck in one place before restarting the migration towards the right 

(Fig. 13B, right panel). 

Figure 12: ER stress reduces single random mesenchymal cell migration.  

(A) Graph shows the instantaneous mean speed of single migrating HUVECs in µm/min for control 
conditions (grey) and TN-treatment (purple) as truncated violin plots. The dark lines indicate the median 
of each condition, the dotted line corresponds to the median of the control.  ***P < 0.001, Kruskal Wallis 
test. n > 500 cells for each treatment. 
(B) Track display of individual HUVECs moving as single cells under control conditions (dark grey). The 
plot shows individual tracks of n > 500 cells. Scale bar: 100 µm.   
(C) Track display of individual HUVECs moving as single cells after TN-treatment (purple). The plot 
shows individual tracks of n > 500 cells. Scale bar: 100 µm.   
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Figure 13: ER stress leads to less directional persistence on 1D micropatterned lines. 

(A) Composite images of a representative control HUVEC (grey, left panel) and TN-treated HUVEC 
(grey, right panel) migrating inside a 1D micropatterned line of 20 µm width (light red) over a duration 
of 337 min. Scale bar: 100 µm.  
(B) Kymograph of control HUVEC (left panel) and TN-treated HUVEC (right panel) with migration 
towards the right (x) depicted over time (t). Indicated are the timepoints chosen in (A). Scale bar: 100 
µm.      
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2. PERK-inhibition restores collective mesenchymal cell migration 

Treating HUVECs with either TN or azetidine activates the three branches of the UPR: ATF6, 

IRE1 and PERK (Sáez et al. 2014). To determine the contributions of the UPR branches to 

the observed reduction in speed during mesenchymal migration, specific inhibitors for each 

UPR branch were tested: Ceapin A7 selectively inhibits ATF6, AMG 18 hydrochloride inhibits 

IRE1a, and AMG PERK 44 inhibits PERK signalling (Fig. 14A). Cells under control conditions 

closed the wound area after around 18 h of collective migration while TN-treated cells were 

unable to do so. PERK inhibition increased wound closure and after around 18 h leader cells 

migrating at the front started to meet and close the wound (Fig. 14B). Image analysis of mean 

instantaneous speed revealed that only PERK inhibition with 2.5 µM of AMG PERK 44 was 

successful in preventing the reduction in the speed of migration after TN-treatment and display 

a speed similar to the one observed under control conditions. Inhibition of ATF6 or IRE1 

showed a higher reduction in speed compared to TN-treatment. Using a mix of all three 

inhibitors was insufficient to prevent the decrease in the speed of migration after TN-treatment, 

indicating that only the PERK branch of the UPR is responsible for the observed reduction in 

speed under ER stress conditions (Fig. 14C), while suggesting differential roles for ATF6 and 

IRE1.   
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3. PERK-inhibition restores alignment of cellular networks during collective migration 

For migration, in particular directed cell migration, to take place, cell symmetry needs to be 

broken to develop a cell front and a cell rear that are aligned to a migratory axis which is 

continuously realigned to the direction of locomotion (Cramer 2010). This cellular polarization 

extends to the organelle level where organelles like the ER, Golgi and mitochondria show an 

asymmetric distribution and functional specialization downstream of the cytoskeleton. The 

cytoskeleton is often described as a cellular network with different protein filaments – actin, 

microtubules and intermediate filaments –, crosslinking to form a dynamic meshwork (Fletcher 

and Mullins 2010). Other organelles like the ER and mitochondria also form reticular networks. 

Mitochondrial connectivity is set by a balance of fusion and fission events. The morphology of 
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Figure 14: PERK inhibition restores collective mesenchymal migration after TN-treatment.  

(A) Scheme depicting the specific inhibitors for each UPR branch used to illucidate which UPR protein 
is responsible for the observed changes in cell migration after ER stress induction. 
(B) Representative composite pictures of HUVECs under control conditions (top panel), TN-treatment 
(middle panel) and PERK44 + TN treatment (bottom panel) 18 h after WH. Phase contrast of HUVECs 
is shown in grey, the nucleus was stained with Hoechst (magenta). Red dotted lines depict the scratched 
area representing the wound. Scale bar: 200 µm. 
(C) Graph shows the instantaneous mean speed of HUVECs undergoing directional migration in 
µm/min for control conditions (grey), TN-treatment (purple), Ceapin A7 + TN-treatment (orange), AMG 
18 + TN-treatment (pink), PERK44 + TN-treatment (petrol), and all 3 inhibitors combined + TN-treatment 
(brown) as truncated violin plots. The dark lines indicate the median of each condition, the dotted line 
corresponds to the median of the control. **P < 0.01, ***P < 0.001, ns = not significant, Kruskal Wallis 
test. n > 1000 cells each treatment.  
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the ER is often referred to as a cellular network of ER sheets and tubules, extending 

throughout the cytoplasm (Giorgi et al. 2009).  

As polarized cells show a distinct organization of their organelles and because ER stress is 

triggered by TN-treatment, ER morphology and alignment was analyzed. ER alignment was 

examined by calculating the directionality of ER tubules inside the front part of each cell 

migrating towards the right. Directionality of ER tubules was depicted from 0° to 180°: values 

of 0° or 180° meant complete alignment to the migratory axis, while values around 90° 

depicted a perpendicular/antiparallel alignment to the migratory axis. Overall, ER morphology 

did not show significant differences. All conditions presented perinuclear ER sheet-like 

structures and ER tubules spanning throughout the cell and reaching the tips of the cell (Fig. 
15A). Control HUVECs showed a distribution of ER tubule direction that corresponds to an 

alignment with the migratory axis. Most tubules were oriented at around 0° or 180°, while the 

rest were distributed almost equally in every other direction. As ER tubules are a complex 

interconnected network, ER tubule directionality analysis should be consistent in representing 

this complexity, which is why every other possible orientation was found for some ER tubules 

(Fig. 15B, top panel). In comparison, TN-treated HUVECs showed ER tubule orientation with 

a peak around 80° reflecting a misalignment to the migratory axis (Fig. 15B, middle panel). 

PERK44 pre-treatment was sufficient to prevent the perpendicular alignment under ER stress 

conditions, showing most ER tubules with an orientation around 0° or 180° (Fig. 15C, bottom 

panel). 
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Although it has been established recently that the shape of the ER is generated by 

evolutionary conserved membrane proteins that act independently of microtubules, it is a well 

known fact that the cytoskeleton, in particular the microtubules, is actively involved in 

distributing membrane-bound organelles like the ER (Tikhomirova et al. 2022). As ER tubules 

span throughout the whole cell and are found in the outermost tip of the cell front, a co-staining 

of microtubules in live and fixed control cells was performed. Live-cell imaging of transfected 

HUVECs revealed that ER tubules associate with microtubules at the cell front during 

migration (Fig. 16A). IF staining of fixed cells revealed that ER tubules reaching the outermost 

tip of the cell co-localize with microtubules (Fig. 16B).  

Figure 15: ER stress-induced ER tubule misalignment depends on PERK signalling.  

(A) Representative confocal pictures of control cells (top panel), TN-treated cells (middle panel) and 
PERK44 + TN-treated cells (bottom panel) migrating towards the right. Cells were stained for F-actin 
(grey), ER (orange) and nucleus (pink). Scale bar: 10 µm, same for each image. Dashed boxes indicate 
area of the zoom-in pictures on the right of each large field of view, where F-actin is shown to depict the 
cell border. Scale bar of zoom: 3 µm, same for each image.  
(B) Directionality analysis of ER tubules at the front of the cell. Graphs show the average directionality 
of 8 analyzed cells for control (top panel), TN-treatment (middle panel) and PERK44 + TN-treatment 
(bottom panel) each. 0° or 180° correspond to a total alignment with the migratory axis, while 90°  
correspond to a perpendicular alignment. 
Of note: From this figure onwards, cells will always be depicted migrating towards the right, 
which will be indicated with a black arrow without the written caption.  
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To determine whether microtubule distribution is similar to that observed for ER tubules, 

HUVECs were co-stained for ER and microtubules and directionality under the different 

conditions was analyzed.  

Microtubules in control conditions showed a strong alignment to the migratory axis, extending 

throughout the cell into the leading edge (Fig. 17A, top panel). Directionality analysis showed 

most microtubules with a direction of 0° and 180° (Fig. 17B, top panel). TN-treatment showed 

a distortion of microtubule dynamics. While microtubules extended into the outermost parts of 

the cell (Fig. 17A, middle panel), their orientation was distributed around 80° proving a 

misalignment to the axis of migration (Fig. 17B, middle panel). PERK-inhibition was successful 

in preventing the misalignment, showing microtubules with a phenotype observed under 

control conditions (Fig. 17A, bottom panel). Their direction was determined at 0° and 180° 

showing their orientation aligned with the migratory axis (Fig. 17B, bottom panel). 

 

 

 

  

Figure 16: ER tubules associate with microtubules at the cell front during migration.  

(A) Composite pictures of migrating HUVEC transfected with EMTB-3XGFP for microtubules (green) 
and DsRed2-ER-5 for ER (orange) at indicated timepoints. Dashed box indicates area of the zoom-in 
pictures below to highlight ER tubule and microtubule dynamics. Scale bar whole field of view: 5 µm for 
each image. Scale bar of zoom: 3 µm for each image. Credit to Svitlana Palii for performing the 
experiment.  
(B) Representative confocal picture of control cells migrating towards the right. Cells were stained for 
F-actin (grey), ER (orange), microtubules (green) and nucleus (pink). Scale bar whole field of view: 10 
µm, scale bar zoom: 2 µm for each image.  
Black arrow indicates the direction of migration. 

00:10 min:sec 01:25 min:sec
ER

| m
ic

ro
tu

bu
le

s
A B

F-actin | ER | microtubules | nucleus

10 µm

5 µm

2 µm1 µm

co
nt

ro
l



 51 

 

As shown before, TN-induced ER stress led to a decrease in directional migration and a lack 

of proper intracellular ER alignment. Because the actin cytoskeleton provides the major forces 

for migration through pushing and pulling dynamics (Wedlich 2005), and its localization is 

regulated by PERK signalling in other cellular models (Sánchez-Álvarez et al. 2021; van Vliet 

and Agostinis 2017), F-actin fiber orientation was evaluated in fixed cells after 6 h of WH.  

Analysis of F-actin fibers at the ventral plane showed a strong alignment with the axis of 

locomotion in control conditions (Fig. 18A, 18B, top panel), which was confirmed through 

directionality analysis (Fig. 18C, top panel). TN-induced ER stress resulted in a strong 

perpendicular alignment of F-actin fibers (Fig. 18A, 18B, middle panel). Directionality analysis 

proved this observation with most analyzed fibers showing an orientation around 75°-110° 
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Figure 17: ER stress-induced microtubule misalignment depends on PERK signalling.  

(A) Representative confocal pictures of control cells (top panel), TN-treated cells (middle panel) and 
PERK44 + TN-treated cells (bottom panel) migrating towards the right. Cells were stained for F-actin 
(grey), microtubules (green) and nucleus (pink). Scale bar: 10 µm, same for each image. Black arrow 
indicates the direction of migration. 
(B) Directionality analysis of microtubules at the front of the cell. Graphs show the average directionality 
of 10 analyzed cells for control (top panel), TN-treatment (middle panel) and PERK44 + TN-treatment 
(bottom panel) each. 0° and 180° correspond to a total alignment with the migratory axis, while 90°  
correspond to a perpendicular alignment. 
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(Fig. 18C, middle panel). PERK-inhibition was successful in preventing this misalignment. 

Leader cells at the front showed most F-actin fibers aligned with the migratory axis (Fig. 18A, 
18B, bottom panel) which was again corroborated by directionality analysis showing most F-

actin fibers with an orientation of 0° and 180° (Fig. 18C, bottom panel).  
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Figure 18: TN-treatment leads to a misalignment of F-actin fibers to the migratory axis.  

(A) Representative confocal pictures of control cells (top panel), TN-treated cells (middle panel) and 
PERK44 + TN-treated cells (bottom panel) migrating towards the right. Cells were stained for F-actin 
(grey) and nucleus (pink), inverted LUT. Scale bar: 10 µm, same for each image. Black arrow indicates 
the direction of migration. 
(B) Schematic pictures showing F-actin fibers visible in (A) to conceptualize the F-actin fibers at the 
ventral plane that were analyzed for their directionality.  
(C) Directionality analysis of F-actin fibers at the ventral plane. Graphs show the average directionality 
of 10 analyzed cells for control (top panel), TN-treatment (middle panel) and PERK44 + TN-treatment 
(bottom panel) each. 0° and 180° correspond to a total alignment with the migratory axis, while 90°  
correspond to a perpendicular alignment. 
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In general, directionality analysis of F-actin fibers showed less fibers in total as it was limited 

to the fibers at the furthest ventral plane.  

In addition, at the dorsal plane of the cell, F-actin fibers cover the nucleus and are aligned with 

the migratory axis (Supplementary Fig. 2, left bottom panel). These F-actin fibers, termed 

actin cables that form an actin cap, are reported to interact directly with proteins from the 

nuclear envelope allowing nuclear movement. In migrating cells, these actin cables are 

associated to the ER structure and its localization (Janota et al. 2022). Thus, the dorsal F-

actin fibers were analyzed under TN-treatment and PERK44 pre-treatment conditions. 

Surprisingly, TN-treatment showed a strong reduction of these dorsal F-actin fibers. The F-

actin present at the dorsal plane showed a perpendicular orientation (Supplementary Fig. 2, 

middle bottom panel), a response that was prevented by the inhibition of PERK 

(Supplementary Fig. 2, right bottom panel). PERK-inhibition was also successful in 

preventing the disappearance of F-actin cables at the dorsal plane. These results underline 

the hypothesis that ER stress modifies cytoskeleton dynamics – of actin and microtubules – 

which could lead to modifications in organelle positioning during cell migration.  

 

Furthermore, the disruption of F-actin fiber alignment under ER stress would suggest a 

possible disturbance of membrane dynamics during directional migration. To explore these 

results in living cells, holotomographic imaging was performed. Different membrane dynamics 

were observed under control conditions, as well as TN-treatment. Under control conditions, 

the membrane spread out in the direction of migration and showed adherence to the substrate 

(Fig. 19, top panel). These stable protrusions were lamellipodia-like and were constantly 

turned over by new protrusions (Fig. 19, top panel, e.g. transition from 00:36 min:sec to 01:24 

min:sec). TN-treatment showed accumulation of thicker and more dynamic protrusions 

(membrane “ruffles”), but less forward movement was observed. Even though the membrane 

was constantly turned over, TN-treated cells did not move forward and seemed stuck in the 

same place for longer time intervals (Fig. 19, middle panel, e.g. transition from 01:24 min:sec 

to 02:12 min:sec). PERK44 pre-treatment prevented the effect of TN-treatment. Leader cells 

at the front showed similar membrane dynamics to those observed under control conditions. 

The main protrusions remained flat and stable over time and showed alterations between 

protrusion and retraction of the membrane (Fig. 19, bottom panel, e.g. transition from 00:00 

min:sec to 00:36 min:sec). Similar to fixed cells analyzed before, control cells and PERK44 

pre-treated cells showed an alignment to the migratory axis.   
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Figure 19: ER stress leads to non-productive membrane dynamics at the leading edge.  

Holotomographic acquisition of control (top panel), TN-treated (middle panel) and PERK44 + TN-treated 
(bottom panel) cells during collective directional migration. Images were acquired every 2 s over a 
duration of 3 min to visualize membrane dynamics. Dashed boxes indicate the area of the zoom-in 
pictures on the right showing membrane dynamics at the leading edge for each cell under each 
condition at indicated time points. Scale bar whole field of view: 10 µm. Scale bar of zoom: 5 µm, same 
for each image.  
Light orange arrows indicate thick membrane turn-over events (membrane ruffles) under TN-treatment. 
Black arrow indicates the direction of migration. 
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During collective mesenchymal cell migration in 2D, cells display strong interactions to the 

substrate through FAs. These FAs are dynamic in nature, switching between assembly and 

disassembly, a process that requires the actin cytoskeleton. The actin cytoskeleton is attached 

to integrins via proteins within FA structures and this attachment is critical in controlling the 

spatiotemporal dynamics of protrusions (extension and retraction). One of the proteins found 

in the FA complexes is paxillin which is also found in nascent adhesions (Le Clainche and 

Carlier 2008; Hu et al. 2014).  

To examine whether the observed changes in membrane dynamics were a result of differential 

FA locations, fixed HUVECs were stained with an antibody against paxillin to visualize FA 

structures under control and ER stress conditions. Control HUVECs displayed FAs at the end 

of thick F-actin fibers that were aligned to the migratory axis. Because the paxillin staining 

created background noise, FA structures at the cell rear were less distinguishable (Fig. 20, 

top panel). FAs varied in size at the cell front with some FAs being well developed and larger 

(Fig. 20, top panel, zoom 1) while others looked smaller and associated with thinner F-actin 

fibers (Fig. 20, top panel, zoom 2 and zoom 3). TN-treated cells showed similar FA 

distributions, but a lower amount of FA spots at the front of the cell oriented towards the 

direction of migration suggesting a lower adhesive capacity. Because the F-actin fibers under 

ER stress were aligned perpendicular to the migratory axis, FAs showed the same 

misalignment, anchoring them antiparallel to the direction of locomotion (Fig. 20, middle 

panel). However, similar to control conditions, larger FA structures (Fig. 20, middle panel, 

zoom 1 and zoom 2) as well as smaller (Fig. 20, middle panel, zoom 3) FAs were observed. 

PERK inhibition prevented the misalignment of F-actin fibers showing F-actin organization and 

therefore FAs orientated towards the direction of migration (Fig. 20, bottom panel). Similar to 

control and TN-treated cells, FAs were associated with thicker F-actin stress fibers (Fig. 20, 

bottom panel, zoom 1) and smaller fibers at the leading edge of the cell (Fig. 20, bottom panel, 

zoom 2 and zoom 3). Altogether, these results suggest that while the structure of FAs under 

ER stress conditions is similar to those observed in control conditions, the dynamics of FA 

assembly and disassembly likely changed which remains to be studied.  
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Figure 20: Focal adhesions link intracellular F-actin fibers to the extracellular matrix.  

Representative confocal pictures of control cells (top panel), TN-treated cells (middle panel) and 
PERK44 + TN-treated cells (bottom panel) migrating towards the right. Cells were stained for F-actin 
(grey), focal adhesions (FAs, red) and nucleus (pink). Scale bar: 10 µm, same for each image. 
Dashed boxes indicate the areas of the zoom-in pictures on the right showcasing FAs at the leading 
edge of each cell under each condition. Scale bar of zoom: 2 µm, same for each image.  
Black arrow indicates the direction of migration. 
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Impact of ER stress on mitochondria organization and crosstalk 

4. ER stress distorts mitochondria organization during collective cell migration 

To summarize the findings of the first chapter: ER stress reduced mesenchymal cell migration 

in a PERK signalling-dependent manner which causes a distortion of the cytoskeletal 

organization. ER stress generated a misalignment of F-actin fibers leading to non-productive 

membrane dynamics at the leading edge of the cell. Moreover, PERK activation led to ER 

structure changes as a consequence of microtubule disorganization. Therefore, as the 

cytoskeleton, especially microtubules, is the main cellular network providing intracellular 

organization, stability and cell shape (Hohmann and Dehghani 2019), it is likely that other 

organelle dynamics, localization and crosstalk are impaired under ER stress conditions.  

Interestingly, during visualizing of membrane dynamics during collective mesenchymal 

migration with holotomography, the dynamics of other cellular structures were also observed 

providing additional insights on the effects of ER stress. Focusing on the front part of the 

moving cell, string-like structures with a rather high RI were observed moving into the 

lamellipodial protrusion. These structures were identified as mitochondria (Fig. 21). While 

mitochondria under control conditions were dynamic and moved into the lamellipodium at the 

front of the cell (Fig. 21, top panel), mitochondria in TN-treated cells were less dynamic and 

were rarely found in the front area of the cell. While still showing movement inside the cell, the 

speed of mitochondria was slower and they showed less displacement over time compared to 

control conditions (Fig. 21, middle panel). Inhibition of PERK-signalling showed increased 

mitochondrial dynamics and movement towards the anterior part of the cell, similar to control 

conditions (Fig. 21, bottom panel).   
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Figure 21: Mitochondria move into the protrusion of leader cells. 

Holotomographic pictures of HUVECs migrating directionally at the front of the cell monolayer after WH. 
Pictures of refractive index (RI, greyscale) were taken in max-speed mode every 2 s over a duration of 
3 min.  
Top panel: HUVECs migrating under control conditions at the beginning and end of acquisition, scale 
bar: 10 µm, same for each image. Right panels show a zoom in (location indicated by dashed box) of 
mitochondria movement at the anterior part of the cell, scale bar: 5 µm, same for each image. Arrows 
point to single mitochondria over time.  
Middle panel: HUVECs migrating after TN-treatment at the beginning and end of acquisition, scale bar: 
10 µm, same for each image. Right panels show a zoom in of mitochondria movement at the anterior 
part of the cell, scale bar: 5 µm, same for each image. Arrows point to single mitochondria over time. 
Bottom panel: HUVECs migrating after pre-treatment with PERK44 at the beginning and end of 
acquisition, scale bar: 10 µm, same for each image. Right panels show a zoom in of mitochondria 
movement at the anterior part of the cell, scale bar: 5 µm, same for each image. Arrows point to single 
mitochondria over time. 
Black arrow indicates the direction of migration. 
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To analyze mitochondria organization in detail, HUVECs were fixed after 6 h of WH and 

stained with an antibody against TOM20. Mitochondrial intracellular distribution was examined 

with the directionality analysis previously described to compare their alignment to the 

migratory axis. Under control conditions, mitochondria showed an elongated phenotype and 

strong alignment to the axis of migration. Most mitochondria were found anterior to the nucleus 

and reached into the leading edge (Fig. 22A, top panel). Directionality analysis revealed that 

most mitochondria showed a direction of around 0° or 180°, confirming the visual finding of 

complete alignment with the migratory axis (Fig. 22B, top panel). TN-treatment led to a 

different phenotype of mitochondria inside the cell as they were found throughout the whole 

cell while showing a similar, more elongated phenotype. However, those mitochondria were 

distorted in comparison with the direction of migration (Fig. 22A, middle panel). Directionality 

analysis confirmed this misalignment by showing most mitochondria with a direction around 

80° to 110° (Fig. 22B, middle panel). Pre-treatment with PERK44 was successful in preventing 

this misalignment, showing a phenotype similar to that found in control conditions. Elongated 

mitochondria were found at the leading edge of migrating cells (Fig. 22A, bottom panel). 

Analysis of directionality showed most mitochondria with a direction of 0° and 180°, proving 

the complete alignment to the axis of migration (Fig. 22B, bottom panel). As mentioned before, 

microtubules are actively involved in the distribution of membrane-bound organelles like the 

ER and mitochondria inside the cell (Tikhomirova et al. 2022). Long-distance transport of 

mitochondria inside the cell takes place on microtubule filaments via microtubule-based motor 

proteins, such as kinesins and dyneins. This direction of transport is dictated by microtubule 

filaments displaying an intrinsic polarity: plus-ends extend towards the cell periphery, while 

minus ends are anchored inside the MTOC (Melkov and Abdu 2018). Because of this strong 

interaction, microtubule distribution inside polarized HUVECs after 6 h of WH was 

investigated, as previously described (Fig. 17). Co-staining of microtubules and mitochondria 

showed a strong co-localization between the two (Fig. 22C). Both were aligned to the 

migratory axis and smaller mitochondria at the cell front showed association to microtubules 

close to the leading edge (Fig. 22C, zoom 1 and zoom 2).  

It has been shown previously that mitochondria move and tether to FAs in NIH3T3 fibroblasts 

and regulate their size (Redaet et al. 2019). To examine whether a similar response takes 

place in HUVECs during mesenchymal migration, co-staining of FAs and mitochondria was 

performed after 6 h of WH (Supplementary Fig. 3). While mitochondria could be found in the 

vicinity of FAs under control conditions, only the smaller mitochondria at the leading edge 

could be hypothesized to co-localize with FAs (Supplementary Fig. 3, top panel). TN-

treatment showed less proximity of mitochondria and FAs, especially at the part of the cell 

oriented towards the migratory axis (Supplementary Fig. 3, middle panel). PERK-inhibition 

was sufficient to re-direct mitochondria towards the front of the cell, where smaller fragmented 
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mitochondria were observed to co-localize with FAs (Supplementary Fig. 3, bottom panel). 

However, it remains to be studied whether a direct interaction of mitochondria and FAs plays 

a role in the observed dynamics of the cytoskeleton during mesenchymal cell migration.   

Figure 22: ER stress-induced mitochondria misalignment depends on PERK-signalling. 

(A) Representative confocal pictures of control cells (top panel), TN-treated cells (middle panel) and 
PERK44 + TN-treated cells (bottom panel) migrating towards the right. Cells were stained for F-actin 
(grey), mitochondria (blue) and nucleus (pink). Scale bar: 10 µm, same for each image.  
(B) Directionality analysis of mitochondria at the front of the cell. Graphs show the average directionality 
of 9 analyzed cells for control (top panel), TN-treatment (middle panel) and PERK44 + TN-treatment 
(bottom panel) each. 0° and 180° correspond to a total alignment with the migratory axis, while 90°  
correspond to a perpendicular alignment. 
(C) Representative confocal pictures of control cells stained for microtubules (green), mitochondria 
(blue) and nucleus (pink). Scale bar: 10 µm. Dashed boxes indicate the areas of the zoom-in pictures 
on the right showcasing microtubule and mitochondria co-localization. Scale bar of zoom: 3 µm, same 
for each image. Black arrow indicates the direction of migration. 
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To study mitochondria organization during migration in a more controlled manner, 

micropatterns were used. Micropatterns of a circle, an ellipse and a crossbow were used to 

mimic possible orientation distributions in different polarized cell states. The circle pattern 

mimics a non-polarized state with zero cellular poles, the ellipse mimics a dual pole state 

where front and back are equally polarized, and the crossbow mimics one pole where the cell 

adopts a mono-polarized state (Fig. 23A, top panel). Because the cell could only attach inside 

the micropattern, live-cell imaging of organelle dynamics was simplified as the cell was unable 

to migrate out of view. Mitochondria inside the circle showed a distribution in every direction 

and no preferred alignment. Mitochondria inside the ellipse showed a distribution along one 

vertical axis connecting both poles. Mitochondria inside the crossbow pattern showed most 

mitochondria perinuclear with smaller mitochondria extending into the front area of the cell 

(Fig. 23A, bottom panel). Because the crossbow mimics a polarized cell during mesenchymal 

cell migration, this shape was chosen for live-cell imaging. During live-cell imaging, 

mitochondria under control conditions were aligned with the migratory axis and elongated to 

reach the front of the cell (Fig. 23B, top panel). Cells under ER stress showed mitochondria 

at the front of the cell, but displayed an orientation that was perpendicular to the axis of 

polarization Fig. 23B, bottom panel). 
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Figure 23: Mitochondria alignment along different poles, ER stress prevents alignment of 
mitochondria inside the cell front.  

(A) Top panel: schematic depiction of micropatterns used to observe mitochondria organization in 
different polarized conditions. The red area corresponds to the adhesive pattern the cell attaches to, 
while the grey area is non-adhesive, preventing the cell to migrate out of the pattern. Bottom panel: 
Average mitochondria (stained with 100 nM TMRE, blue) distribution inside different micropatterns. 
Pictures show a z-projection of mitochondria from a minimum of 4 cells each. Scale bar: 50 µm.  
(B) Composite picture of HUVEC (grey) and stained mitochondria (blue) for control conditions (top 
panel) and ER stress conditions (bottom panel) inside crossbow micropattern. Picture shows 
mitochondria distribution at the start of image acquisition. Dashed boxes indicate area of mitochondria 
analyzed for their orientation at the cell front.    
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The strong misalignment of organelles under ER stress conditions led to further investigation 

of the possible underlying crosstalk of the ER and other cellular components. Because the ER 

shows a strong association to mitochondria, forming physical connections via junctions termed 

mitochondria-associated membranes (MAMs) or mitochondria-ER contacts (MERCs) 

(Stacchiotti et al. 2019), ER and mitochondria dynamics inside migrating cells were analyzed.  

Co-staining of ER and mitochondria inside fixed cells showed a strong visual correlation 

between ER tubules and mitochondria. Under control conditions, the ER and mitochondria are 

aligned to the migratory axis, and high resolution microscopy strongly suggested the 

association between these organelles (Fig. 24, top panel). TN-treatment showed similar co-

localization between ER and mitochondria, although both display an orientation antiparallel to 

the direction of locomotion (Fig. 24, middle panel). PERK-inhibition was sufficient to prevent 

the misalignment of both organelles, showing the ER and mitochondria aligned to the 

migratory axis. Because both organelles show association patterns on the same plane, contact 

between the two organelles is suggested (Fig. 24, bottom panel).  

Because co-staining the two organelles does not prove contact, the PLA method was used to 

prove proximity between the two organelles. Under control conditions, PLA signals indicated 

strong proximity between ER and mitochondria as each signal technically proves contact 

between the two organelles (Supplementary Fig. 4, left panel). TN-treatment led to a strong 

reduction of PLA signals, indicating a reduction in MERCs (Supplementary Fig. 4, middle 

panel). PERK-inhibition restored the strong association observed under control conditions. 

The increase in PLA signals suggested an increased proximity between ER and mitochondria 

(Supplementary Fig. 4, right panel).  
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The PLA method is technically advanced and the method’s high sensitivity can lead to positive 

signals even in the absence of interaction between the two proteins of interest (Tower and 

Chang 2025). To prove actual contact between the ER and mitochondria, ultrastructural 

analysis was done by visualizing these two organelles through electron microscopy. Electron 

micrographs of control cells revealed elongated mitochondria at the front of the cell. These 

mitochondria showed contact with ER tubules at different areas (Fig. 25, top panel). TN-

treatment induced a morphology change, showing more fragmented mitochondria (Fig. 25, 

middle panel). Longer mitochondria showed misalignments to the direction of migration (Fig. 
25, middle panel, zoom 1). Under ER stress, the distance between mitochondria and ER 

tubules seems to be increased. In control conditions, ER tubules are directly in contact with 
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Figure 24: Co-localization between ER and mitochondria suggests contact.  

Representative confocal pictures of control cells (top panel), TN-treated cells (middle panel) and 
PERK44 + TN-treated cells (bottom panel) migrating towards the right. Cells were stained for ER 
(orange), mitochondria (blue) and nucleus (pink). Scale bar: 10 µm, same for each image. Black arrow 
indicates the direction of migration. 
Dashed boxes indicate area of the zoom-in pictures on the right of each large field of view, where ER 
and mitochondria association is shown. Scale bar: 2 µm, same for each image.  
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the OMM, while cells after TN-treatment showed a slight distance between the two 

membranes. PERK-inhibition was successful in re-establishing direct contact between the two 

organelles. While mitochondria at the cell front were not as straight as mitochondria under 

control conditions, they were longer compared to the ones under ER stress (Fig. 25, bottom 

panel). Altogether, these data show that through the strong association between ER and 

mitochondria, ER stress induces morphological changes in mitochondria that could further 

lead to impaired mitochondrial function.  

  

Figure 25: ER and mitochondria are in contact at the cell front of migrating cells.  

Representative electron micrographs of control cells (top panel), TN-treated cells (middle panel) and 
PERK44 + TN-treated cells (bottom panel). One whole cell picture was reconstituted by stitching 
multiple smaller electron micrographs together. Scale bar: 5 µm for control, 3 µm for TN-treatment and 
2.5 µm for PERK44 + TN-treatment. Black arrow indicates the direction of migration. 
Dashed boxes indicate area of zoom-in pictures on the right showing direct contact between ER 
(orange) and mitochondria (blue). Scale bar: 1 µm, same for each image.  
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Single and collective mesenchymal cell migration and mitochondria function 

5. Mitochondria anticipate the polarity axis during directional migration 

After establishing that mitochondria organization is distorted under ER stress conditions which 

could be directly coupled to the observed migratory defects, the possible role of mitochondria 

during directional migration still needs to be investigated.  

Observing mitochondria during random 2D live-cell migration revealed that mitochondria 

movement inside the cell is dynamic. While mitochondria could be found in all parts of the cell, 

it was shown that they accumulated inside cellular protrusions and were redirected to one 

protrusion that eventually determined the direction of migration (Fig. 26, focus on 83:00 

min:sec to 113:00 min:sec). This data suggests a significant involvement of mitochondria in 

determining which direction the cell ends up migrating into.  

 

One of the main roles of mitochondria is providing energy in the form of ATP synthesis through 

OXPHOS for various physiological processes including cell migration (Denisenko, Gorbunova, 

and Zhivotovsky 2019). During OXPHOS, the mitochondrial membrane potential (∆Y) that is 

generated by proton pumps is an essential component (Zorova et al. 2018). To visualize and 

quantify changes in membrane potential, fluorescent probes like TMRE are used. TMRE is a 

positively charged dye that accumulates in physiologically healthy mitochondria as their net 

negative charge is maintained around -180 mV (Crowley, Christensen, and Waterhouse 2016).  

Visualization of TMRE fluorescence changes allows to determine whether mitochondria 

display a higher or lower ∆Y. While using TMRE as a tool to study ∆Y, FCCP is used as a 
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Figure 26: Mitochondria align with the polarity axis during single random cell migration.  

Single random cell migration in a 2D microenvironment was observed with a 40x objective over a 
duration of 2 hours.  
Upper panel: Composite pictures of HUVEC (grey, phase contrast) and mitochondria (cyan, channel 
Cy3) at indicated timepoints. Scale bar: 15 µm, same for each image.  
Lower panel: Pictures of single mitochondria (black) channel at indicated timepoints. Scale bar: 15 µm, 
same for each image.  
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control. FCCP as a protonophore uncouples OXPHOS by dissipating the proton gradient 

across the IMM and therefore eliminating the negative net charge. Treating cells with FCCP 

leads to strong depolarization events that are visualized by fluorescence signal loss of TMRE 

(Crowley, Christensen, and Waterhouse 2016). Staining mitochondria with TMRE in live-cells 

revealed dynamic changes in ∆Y. While moving randomly, stochastic depolarization events 

were observed (Fig. 27A, white arrows indicate depolarization events). Acute addition of 

FCCP during live-cell acquisition led to a permanent depolarization of ∆Y which was not re-

established over time. Upon FCCP addition to the full media, TMRE signal was fully lost after 

roughly 14 min of acquisition (Fig. 27B, complete TMRE signal loss at 00:24 h:min).  
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Considering that FCCP is a protonophore that uncouples OXPHOS, the effect of FCCP on 

collectively migrating HUVECs was analyzed. Two different concentrations of FCCP treatment 

– 10 µM and 50 µM – were added to full media and HUVECs were imaged during WH. As 

expected, 10 µM and 50 µM led to a significant reduction in overall speed of collective 

migration (Fig. 28A). Differentiating between random and directional movement, cells showed 

a significant reduction for speed in both migratory modes after FCCP treatment (Fig. 28B). 

A
HUVECs: Phase Contrast, y Mitochondrial Membrane Potential (TMRE): LUT Fire

B

y Mitochondrial Membrane Potential (TMRE): LUT Fire
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Figure 27: FCCP treatment induces strong, irreversible depolarization events. 

(A) Composite pictures of HUVECs (grey, phase contrast) and mitochondria (TMRE staining depicted 
in LUT Fire, images acquired in channel Cy3) were taken every 30 s over a duration of 30 min. Dynamic 
TMRE signal is shown at indicated timepoints (white arrows). Scale bar: 20 µm for each image.  
(B) HUVECs (grey, phase contrast) and mitochondria (TMRE staining depicted in LUT Fire, images 
acquired in channel Cy3) were observed for 30 min with pictures taken every 30 s. After 10 min of image 
acquisition, 50 µM FCCP treatment were added to the media and not washed out. Scale bar: 20 µm for 
each image. Top panel: Composite pictures of HUVECs and mitochondria at indicated time points. 
Bottom panel: Pictures of mitochondria stained with TMRE at indicated timepoints.  
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Treatment with 10 µM FCCP significantly reduced random (Fig. 28C, top panel), and 

directional migration (Fig. 28C, bottom panel). Surprisingly, despite a significant reduction in 

their motility capacity, cells treated with 50 µM FCCP remained motile throughout 20 h of 

acquisition time and exhibited both migratory modes: random and directional, but with a 

smaller magnitude (Fig. 28C). 

 

To compare the effect of FCCP over collectively migrating cells with single cell migration, cells 

were treated with 50 µM FCCP during 2D random motility. While cells under control conditions 

displayed the already described membrane dynamics (see Fig. 19) of lamellipodia extension 

towards the direction of movement (Fig. 29, top panel), cells treated with FCCP showed 

almost no displacement of the cell body. However, while the cell body was not actually moving 

forward, the membrane was very dynamic, switching between phases of extension and 

retraction (Fig. 29, bottom panel). The observed membrane dynamics resembled those seen 

under ER stress conditions with thicker membrane “ruffles” (Fig. 29, bottom panel, zoom at 

02:23 min:sec) and shuffling of the membrane over time without actually displacing further. 
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Figure 28: FCCP treatment reduces speed of collective migration, but cells stay motile. 

(A) Graph shows the instantaneous mean speed of collectively migrating HUVECs in µm/min for control 
conditions (grey), 10 µM FCCP-treatment (dark red) and 50 µM FCCP-treatment (brown) as truncated 
violin plots. The dark lines indicate the median of each condition, the dotted line corresponds to the 
median of the control ***P < 0.001, Kruskal Wallis test. n > 500 cells each for overall motility.  
(B) Graph shows the instantaneous mean speed of collectively migrating HUVECs in µm/min for control 
conditions (grey), 10 µM FCCP-treatment (dark red) and 50 µM FCCP-treatment (brown) for random 
migration (yellow) and directional migration (light purple) as truncated violin plots. The dark lines 
indicate the median of each condition.. ***P < 0.001, Kruskal Wallis test. n > 500 cells each for the two 
motility modes. 
(C) Top panel: Track display of individual HUVECs moving randomly under control conditions (light 
grey), 10 µM FCCP-treatment (light red) and 50 µM FCCP-treatment (light brown). All track displays 
show individual tracks of n > 500 cells each. Scale bar: 100 µm. Bottom panel: Track display of individual 
HUVECs moving directionally under control conditions (dark grey), 10 µM FCCP-treatment (dark red) 
and 50 µM FCCP-treatment (dark brown). All track displays show individual tracks of n > 500 cells each. 
Scale bar: 100 µm. 
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Overall, these data reveal that mitochondria activity is required for random and directional 

migration.  

 

6. Higher frequency of depolarisation events occur during directional migration 

After establishing that ∆Y is dynamic and showed fluctuations during random 2D migration, 

∆Y was monitored in cells via live-cell acquisition of HUVECs during WH. To guarantee that 

the observed fluctuations in TMRE signal are the result of depolarization events of ∆Y and not 

mitochondria moving out of focus, HUVECs were transfected with a plasmid for mitochondria 

that shows stable fluorescent signal that is independent of ∆Y, mitoGFP. This way, 

depolarization events could be depicted by pseudo-ratiometric measurement by overlapping 

the two fluorescent signals (TMRE will be shown as a blue color, stable plasmid fluorescence 

will be shown as a red color): If a depolarization occurs, the blue TMRE signal will be reduced, 

whereas the red signal will be unaffected, allowing to monitor mitochondrial location. This 

method was used to observe changes in ∆Y under control conditions as well as ER stress 

conditions.  
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Figure 29: FCCP treatment induces membrane ruffles similar to TN-treatment.  

Top panel: Membrane dynamics of HUVEC (grey) under control conditions at the start and end point of 
acquisition. Scale bar: 20 µm for both whole field of view pictures. Dashed boxes indicate the area of 
zoom-ins showcasing membrane dynamics at the leading edge at indicated time points. Scale bar: 10 
µm for each zoom-in picture. 
Bottom panel: Membrane dynamics of HUVEC (grey) after 50 µM FCCP-treatment at the start and end 
point of acquisition. Scale bar: 20 µm for both whole field of view pictures. Dashed boxes indicate the 
area of zoom-ins showcasing membrane dynamics at the leading edge at indicated time points. Scale 
bar: 10 µm for each zoom-in picture. 
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Under control conditions, TMRE signal was dynamic and random depolarization events 

occurred in every cell. However, it became evident that polarized cells migrating directionally 

showed repeated depolarization events, especially in mitochondria oriented in the direction of 

migration. These cells were found at the front of the cell monolayer. While some cells were 

elongated, others were smaller, but still polarized in their shape (Fig. 30A, zoom of cell 1 

smaller, but polarized; and zoom of cell 2, elongated shape).  

Quantification of TMRE signal and therefore changes in ∆Y was technically very challenging,  

as the segmentation did not allow to distinguish between single mitochondria and mitochondria 

networks. Thus, to depict the changes in ∆Y, especially the depolarization events, 3D surface 

plot profiles of an area of mitochondria were generated. For optimal visualization, the 

mitochondria analyzed were turned to be orientated downward. The 3D surface plot allowed 

for visualization of the fluctuations both signals (TMRE and mitoGFP) depict. One 

representative time frame per cell was shown to prove depolarization events over time. The 

main depolarization event during directional movement of cell 1 lasted roughly 1 min 50 sec 

(Fig. 30B, time frame from 02:50 min:sec till 04:40 min:sec). While the mitoGFP signal stayed 

consistent during that time period (Fig. 30B, bottom panel, area marked with dashed box for 

mitoGFP), a small mitochondria population showed strong depolarization events which were 

quantified by complete signal loss of TMRE signal. While TMRE fluorescence was still present 

at 02:50 min:sec for that mitochondria population, the signal was lost for around 40 sec (time 

frame 03:30 min:sec till 04:10 min:sec), and re-established around 04:40 min:sec, showing 

repolarisation events (Fig. 30B, top panel, area marked with dashed box for TMRE).  

Cell 2 showed another, less strong depolarization pattern. TMRE signal was present from 

08:30 min:sec onwards and showed a slight decrease at 08:40 min:sec, which increased again 

at 09:50 min:sec (Fig. 30C, top panel, area marked with dashed box for TMRE). The main 

depolarization event happened at 10:00 min:sec, with the TMRE signal of those mitochondria 

completely lost. The mitoGFP signal for those mitochondria stayed consistent over time (Fig. 
30C, bottom panel, area marked with dashed box for mitoGFP), proving fluctuations in ∆Y that 

were either very strong with complete signal loss of TMRE or weaker with only small decreases 

in TMRE fluorescence signal.  
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TN-treatment induced changes in the duration of depolarization events. While ∆Y was still 

dynamic and TMRE signal showed fluctuations in most cells, the signal loss indicating 

depolarizations was significantly longer compared to control conditions. Cells were analyzed 

during collective migration at the front of the cell monolayer. While some cells appeared 

polarized and displaced over time (Fig. 31A, zoom of cell 1), others were enlarged and 

showed little displacement over time (Fig. 31A, zoom of cell 2). Consequently, the 

depolarizations occurred in different mitochondria populations. The more motile cells showed 

main depolarization events in mitochondria oriented towards the direction of movement, while 

the more sessile cell showed strong depolarization events all over the cell (Fig. 31A, 

comparison between cell 1 over time and cell 2 over time).  

Quantification of ∆Y changes over time was done as previously described through 3D surface 

plot visualization. While the surface plot analysis revealed similar changes in both TMRE 

signal and mitoGFP signal, the depolarization lasted longer in both cell types after TN-

treatment. The main depolarization event of cell 1 during movement lasted roughly 06 min 50 

sec (Fig. 31B, time frame from 00:00 min:sec till 06:50 min:sec, top panel, area marked with 

dashed box for TMRE). TMRE signal re-appeared slightly around 02:00 min:sec, but was lost 

again at 02:50 min:sec. In comparison, mitoGFP signal stayed consistent over time for 

mitochondria populations analyzed (Fig. 31B, bottom panel, area marked with dashed box for 

mitoGFP). It should be mentioned that depolarization events occurred mostly in the same 

mitochondria populations. While the main depolarization depicted through 3D surface plot 

reconstruction lasted longer for about 06:50 min:sec, the same mitochondria population 

showed another depolarization event at 09:00 min:sec (Fig. 31A, zoom of cell 1 at last 

indicated timepoint).  

Similar observations were made for the less motile cell 2. The main depolarization event 

shown lasted around 02:30 min:sec with small TMRE fluctuation changes at 01:50 min:sec 

(Fig. 31C, time frame from 00:00 min:sec till 02:30 min:sec, top panel, area marked with 

dashed box for TMRE). The same mitochondria populations showed another depolarisation 

event at 05:10 min:sec (Fig. 31A, zoom of cell 2 at last indicated timepoint). Here, mitoGFP 

Figure 30: High frequency of depolarization events during directional migration. 

(A) Composite pictures of control HUVECs mitochondria transfected with mitoGFP (red) and stained 
with TMRE (blue) during directional migration. Pictures were taken every 10 s over a duration of 10 min. 
Scale bar: 100 µm. Dashed boxes indicate area of zoom-in pictures of two chosen cells showing 
depolarization events at indicated timepoints. Scale bar: 50 µm, same for each image.  
(B) 3D surface plots of one mitochondria population at the cell front of cell 1 (same as in (A)) for TMRE 
signal (blue plots) and mitoGFP signal (red plots) at indicated time points. Dashed boxes indicate 
mitochondria displaying depolarization events during acquisition.  
(C) 3D surface plots of one mitochondria population at the cell front of cell 2 (same as in (A)) for TMRE 
signal (blue plots) and mitoGFP signal (red plots) at indicated time points. Dashed boxes indicate 
mitochondria displaying depolarization events during acquisition. 
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signal stayed consistent over time for all mitochondria populations analyzed as well, ruling out 

potential changes in focus or other microscopy-related artifacts (Fig. 31C, bottom panel, area 

marked with dashed box for mitoGFP).  
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PERK-inhibition led to similar depolarization patterns observed under control conditions. ∆Y 

was dynamic and stochastic depolarization events occurred in every cell. To show changes 

during directional migration, polarized motile cells at the front of the cell monolayer were 

analysed. PERK-inhibition led to polarized cell states with different cell sizes. While some cells 

were smaller, others were well-polarized and elongated in the direction of migration (Fig. 32A).  

As mentioned before, the main depolarization events occurred in the same mitochondria 

populations over time (Fig. 32A, zoom of cell 1 and cell 2 during directional movement at 

indicated time points).  

Reconstruction of fluorescent signal changes over time through 3D surface plots showed 

depolarization patterns similar to those observed in control conditions, with depolarization 

events lasting slightly longer. The main depolarization event in cell 1 lasted around 2 min (Fig. 
32B, time frame from 07:30 min:sec till 10:00 min:sec, top panel, area marked with dashed 

box for TMRE). Before the main depolarization event with complete TMRE signal loss, a slight 

reduction in ∆Y occurred around 07:00 min:sec, with re-establishment of ∆Y at 07:30 min:sec 

(Fig. 32B, top panel, area marked with dashed box for TMRE). MitoGFP signal stayed 

consistent over the indicated timepoints (Fig. 32B, bottom panel, area marked with dashed 

box for mitoGFP).  

Cell 2 showed similar depolarization patterns with the main depolarization of ∆Y lasting around 

1 min (Fig. 32C, depolarization shown from 09:40 min:sec till 10:00 min:sec, top panel, area 

marked with dashed box for TMRE). Again, a slight reduction in ∆Y occurred before the 

complete signal loss at 07:20 min:sec and TMRE signal was not completely re-established to 

the one observed before the slight reduction (Fig. 32C, top panel, comparison between 07:10 

min:sec and 08:30 min:sec). MitoGFP signal showed no significant changes over time, proving 

that the observed changes in TMRE signal are ∆Y-dependent and results of depolarization 

events happening over time (Fig. 32C, bottom panel, area marked with dashed box for 

mitoGFP). 

 
  

Figure 31: ER stress leads to longer depolarization events during directional migration.  

A) Composite pictures of TN-treated HUVECs mitochondria transfected with mitoGFP (red) and stained 
with TMRE (blue) during directional migration. Pictures were taken every 10 s over a duration of 10 min. 
Scale bar: 100 µm. Dashed boxes indicate area of zoom-in pictures of two chosen cells showing 
depolarization events at indicated timepoints. Scale bar: 50 µm, same for each image.  
(B) 3D surface plots of one mitochondria population at the cell front of cell 1 (same as in (A)) for TMRE 
signal (blue plots) and mitoGFP signal (red plots) at indicated time points. Dashed boxes indicate 
mitochondria displaying depolarization events during acquisition.  
(C) 3D surface plots of one mitochondria population at the cell front of cell 2 (same as in (A)) for TMRE 
signal (blue plots) and mitoGFP signal (red plots) at indicated time points. Dashed boxes indicate 
mitochondria displaying depolarization events during acquisition. 
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To summarize the observations made for depolarisation events during directional migration, a 

time frame of 3 min was chosen to compare the depolarisation durations in the different 

conditions (Fig. 33A). The main depolarisation event under control conditions lasted around 

1 min 50 sec, with repolarisation occurring shortly after (Fig. 33A, top panel). In comparison, 

the depolarisation under TN-induced ER stress lasted significantly longer with 6 min 50 sec 

(see Fig. 31B) and no repolarisation could be observed during the 3 min time frame (Fig. 33A, 

middle panel). PERK inhibition prevented the increase in depolarisation duration with the main 

depolarisation lasting around 2 min (Fig. 32B), but repolarisations occurring in between (Fig. 
33A, bottom panel). 

To examine possible ion channel candidates that could play a role in the observed ER-

mitochondria dynamics and the changes in ∆Y under ER stress conditions, a new pipeline for 

protein interaction inside tissues, termed multiplexing, was developed (method described in: 

(Kuehl et al. 2025). Standard pipelines use acquisition of cells or tissues incubated with 

antibodies of interest, then thresholding and segmentation of the acquired images to show 

interactions between proteins of interest. The new pipeline uses dimensionality reduction to 

blur the acquired images. This reduction allows for recognition of broader clusters or patterns 

of proteins. Applying this new pipeline to healthy tissue and tissues associated with ER stress 

conditions, a relevant cluster was found linking transient receptor potential channel type 6 

(TRPC6) signalling to mitochondrial and ER stress, and further to changes in cell migration 

(Fig. 33B). Because TRPC6 was found as a key link between mitochondria stress and ER 

stress, HUVECs were stained with a TRPC6 antibody which has been previously validated 

(Kuehl et al. 2025). TRPC6 is mainly responsible for regulating calcium influx into the 

cytoplasm (M. Wang et al. 2024). Surprisingly, TRPC6 was not only found at the plasma 

membrane, but also in some places co-localizing with mitochondria (Fig. 33C).   

Figure 32: PERK-inhibition prevents prolonged duration of depolarization events during 
directional migration. 

A) Composite pictures of PERK 44 + TN-treated HUVECs mitochondria transfected with mitoGFP (red) 
and stained with TMRE (blue) during directional migration. Pictures were taken every 10 s over a 
duration of 10 min. Scale bar: 100 µm. Dashed boxes indicate area of zoom-in pictures of two chosen 
cells showing depolarization events at indicated timepoints. Scale bar: 50 µm, same for each image.  
(B) 3D surface plots of one mitochondria population at the cell front of cell 1 (same as in (A)) for TMRE 
signal (blue plots) and mitoGFP signal (red plots) at indicated time points. Dashed boxes indicate 
mitochondria displaying depolarization events during acquisition.  
(C) 3D surface plots of one mitochondria population at the cell front of cell 2 (same as in (A)) for TMRE 
signal (blue plots) and mitoGFP signal (red plots) at indicated time points. Dashed boxes indicate 
mitochondria displaying depolarization events during acquisition. 
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To test whether inhibition of TRPC6 could rescue the migratory defect found in ER stress 

conditions, HUVECs were pre-treated with two different inhibitors of TRPC6, GsMTx4 (a broad 

blocker of ion channels like Piezo and TRPC6) and BI-749327 (a highly selective blocker of 

TRPC6). Pre-treatment with both TRPC6 blockers was not able to fully prevent the reduction 

in motility induced by TN-treatment (Fig. 34A), but several interesting observations were 

made. Broad blocker GsMTx4 prevented the effect of TN under random, but not directional 

migration (Fig. 34B, green plots in yellow and violet area). These data suggest that the ion 

channels involved in random migration are different from those required for directional 

migration. To test the specific contribution of TRPC6, different concentrations of BI-749327 

were tested. Interestingly, the effects of TRPC6 inhibition were different under random and 

directional migration conditions. While TN-treatment led to reduced speed of randomly 

migrating cells (Fig. 34B, yellow area, violet plot), treatment with 1 µM BI-749327 and 10 µM 

BI-749327 led to random migration speeds similar to those observed under control conditions 

(Fig. 34B, yellow area, blue plots). This effect, however, was lost during directional migration. 

Neither pre-treatment with 10 µM nor 5 µM and 1 µM BI-749327 was successful in preventing 

the loss of migration speed observed during ER stress conditions (Fig. 34B, light violet area, 

blue plots). 

 

 

 

Figure 33: TRPC6 as a possible candidate linking mitochondria function to ER stress.  

(A) Representative composite pictures of depolarization events in control cells (top panel), TN-treated 
cells (middle panel) and PERK44 + TN-treated cells (bottom panel). Cells were transfected with 
mitoGFP (red) and stained with TMRE (blue). Depolarisation events are shown over a duration of 3 min 
at indicated timepoints. Scale bar: 50 µm, same for each image per condition.  
(B) Old pipeline to reveal protein interactions: Image acquisition, image thresholding and image 
segmentation. New multiplexing pipeline uses dimensionality reduction to recognize broader clusters 
or patterns of protein interaction. Multiplexing revealed a cluster linking TRPC6 signalling to 
mitochondrial and ER stress and further to disruptions in cell migration (red boxes).  
(C) Representative confocal pictures of control cells migrating towards the right. Cells were stained for 
mitochondria (outline shown in white), TRPC6 (LUT fire), and nucleus (green). Scale bar: 10 µm. 
Dashed box indicates area of zoom-in below showing TRPC6 signal co-localizing with mitochondria. 
Scale bar: 3 µm. Black arrow indicates the direction of migration. 
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The expression of TRPC6 in HUVECs is unclear as its functional expression has been shown 

(Ge et al. 2009; Weber et al. 2015), whereas in other conditions its expression has not been 

detected (Bruneel et al. 2003).  

Since the previous observations showed that the reduction in migration related to ER stress 

does not depend on TRPC6, the function of other key mitochondrial ion channels was 

explored. Voltage-dependent anion channel 1 (VDAC1) is present in the outer membrane of 

mitochondria, plays a role in the flux of metabolites regulating OXPHOS as well as in 

regulating Ca2+ uptake and ROS release (Shoshan-Barmatz, Maldonado, and Krelin 2017). 

Its presence in HUVECs (Groten et al. 2024) and its important role in mitochondrial health 

makes him an interesting candidate to study for its impact on collective mesenchymal cell 

migration. VBIT-12 was used as a selective oligomerization inhibitor for VDAC1 to test whether 

pre-treatment with VBIT-12 would have protective effects for ER stress induction.  

Pre-treatment with VBIT-12 at different concentrations – 10 µM, 20 µM and 50 µM – had no 

significant protective effects against the reduction in motility induced by ER stress. 

Independent of the concentration used, inhibition of VDAC1 oligomerization was not 

successful in preventing the reduction in speed of collective mesenchymal migration after TN-
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Figure 34: Inhibition of TRPC6 does not prevent the migratory effects observed under ER 
stress conditions. 

(A) Graph shows the instantaneous mean speed of collectively migrating HUVECs in µm/min for control 
conditions (grey), TN-treatment (purple), GsMTx4 + TN-treatment (green), and 1 µM, 5 µM and 10 µM 
BI-749327 + TN-treatment (different shades of blue) as truncated violin plots. The dark lines indicate 
the median of each condition, the dotted line corresponds to the median of the control ***P < 0.001, 
Kruskal Wallis test. n > 500 cells each for overall motility.  
(B) Graph shows the instantaneous mean speed of collectively migrating HUVECs in µm/min for control 
conditions (grey), TN-treatment (purple), GsMTx4 + TN-treatment (green), and 1 µM, 5 µM and 10 µM 
BI-749327 + TN-treatment (different shades of blue) for random migration (yellow) and directional 
migration (light purple) as truncated violin plots. The dark lines indicate the median of each condition. 
***P < 0.001, Kruskal Wallis test, ns = not significant. n > 500 cells each for the two motility modes. 
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treatment (Fig. 35A, pink plots). Of note, VDAC1 function inhibition significantly reduced  

speed during collective mesenchymal migration (Fig. 35A, red plot). Distinguishing between 

random and directional migration showed no differences compared to overall motility. Cells 

migrating randomly as well as directionally showed no rescue effect of VDAC1 function 

inhibition during ER stress conditions. In both migratory populations, inhibition of VDAC1 led 

to a significant decrease in speed as well (Fig. 35B, yellow and light violet areas). These 

observations suggest that VDAC1 is required for the spontaneous migration of HUVECs, 

without playing a significant role during ER stress. 
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Figure 35: VDAC1 functions as a key regulator of collective migration in resting conditions. 

(A) Graph shows the instantaneous mean speed of collectively migrating HUVECs in µm/min for control 
conditions (grey), TN-treatment (purple), VBIT-12 (red), and 20 µM, 10 µM and 50 µM VBIT-12 + TN-
treatment (different shades of pink) as truncated violin plots. The dark lines indicate the median of each 
condition, the dotted line corresponds to the median of the control ***P < 0.001, Kruskal Wallis test. n > 
500 cells each for overall motility.  
(B) Graph shows the instantaneous mean speed of collectively migrating HUVECs in µm/min for control 
conditions (grey), TN-treatment (purple), VBIT-12 (red), and 20 µM, 10 µM and 50 µM VBIT-12 + TN-
treatment (different shades of pink) for random migration (yellow) and directional migration (light purple) 
as truncated violin plots. The dark lines indicate the median of each condition. ***P < 0.001, **P < 0.01, 
Kruskal Wallis test. n > 500 cells each for the two motility modes. 
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To summarize, induction of ER stress leads to extreme changes in overall cell shape and 

intracellular distributions of organelles. These changes result in migratory defects with cells 

losing their capacity to properly polarize and migrate in a directional manner. The strong 

association between the ER and mitochondria makes mitochondria an important organelle to 

study for their contribution to the observed effects that happen under ER stress. Because 

mitochondria are the main organelles providing energy, and this energy productions depends 

strongly on ∆Y, the connection between mitochondria metabolism and ER signalling needs to 

be further investigated in HUVECs, as inhibition of some of the relevant ion channels was 

unable to rescue the effect of induced ER stress on the collective migration of endothelial cells. 

This suggests that a cryptic protein controls both mitochondria membrane potential and 

directional migration.  
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Discussion 

Endothelial dysfunction is a characteristic of different diseases, ranging from obesity and 

diabetes to atherosclerosis and insulin resistance (Rajendran et al. 2013). It has been shown 

that many of these diseases show a disproportionate activation of the ER stress triggered UPR 

which further contributes to endothelial dysfunction (Cimellaro et al. 2016). This endothelial 

dysfunction corresponds to vascular dysfunction and distorted angiogenesis (Sáez et al. 

2014). As endothelial cells have to migrate during angiogenesis (Auerbach et al. 2003), this 

thesis aimed at determining the role of ER stress on endothelial migration. To monitor 

endothelial migration, HUVECs were observed during single and collective migration in 

different microenvironments. During collective mesenchymal migration in 2D, two distinct 

migratory phenotypes were observed under control conditions: directionally migrating cells 

close to the wounded area, and randomly migrating cells behind. These migratory behaviours 

correspond to the leader-follower model where leader cells occupy the leading edge and 

determine the speed and direction of collective migration. Follower cells comprise the majority 

of the moving group and show different FA and adherent protein distributions (Qin et al. 2021; 

Haeger et al. 2015; Mayor and Etienne-Manneville 2016).  

 

Using TN to mimic maternal obesity-induced ER stress in vitro, it was shown that ER stress 

induction led to a significant decrease in speed during single and collective mesenchymal cell 

migration in 2D. Further, cells under ER stress were unable to migrate directionally and 

showed no acceleration capacity compared to control conditions. During single migration in a 

1D microenvironment ER stress induction led to lower directional persistence and, compared 

to control cells in 1D, TN-treated cells showed more sessile phases. One of the main functions 

of endothelial cells is angiogenesis, the formation of new vessels from pre-existing ones 

(Auerbach et al. 2003). To corroborate whether findings in 1D and 2D microenvironments 

could be extended to a 3D microenvironment, tubule formation under control and ER stress 

conditions inside a Matrigel was visualized to test whether ER stress also affects endothelial 

cell migration in 3D. Interestingly, TN-induced ER stress did not prevent the initial formation of 

3D structures (tube formation). However, while control cells were still organized in tubes 72 h 

later (Fig. 36, top panel), neither TN-treated cells nor PERK44 pre-treated cells were able to 

keep the tube organization, showing clusters of rounded cells (Fig. 36, middle and bottom 

panel). Compared to treatment with 50 µM FCCP in which cells completely failed to form any 

type of collective structure (Supplementary Fig. 5), cells under ER stress were able to line 

up inside the Matrigel and form polygonal tube structures, showing that VEGF-A signalling 

was still intact under ER stress. The inability to maintain the tube formation suggests 

perturbation in the cell-cell adhesions which are mediated through cellular junctions mainly 
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composed of vascular endothelial cadherin (VE-cadherin)-based adherens junctions, and tight 

junctions (primarily through the proteins claudins and occludins) (Schimmel and Gordon 

2018). VE-cadherin is found in the junctions between ECs and it is crucial in maintaining 

vascular integrity and regulating endothelial permeability (Nan et al. 2023). These findings are 

in line with previous research showing that ER stress in human retinal endothelial cells led to 

increased addition of N-acetyl-glucosamine acylation to serine/threonine residues of VE-

cadherin affected barrier integrity (Lenin et al. 2019).  
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Figure 36: ER stress impacts stability of three-dimensional tube formation.  

Representative pictures of control cells (top panel), TN-treated cells (middle panel) and PERK44 + TN-
treated cells (bottom panel) during tube formation [angiogenesis assay] at indicated timepoints. Cells 
were plated inside a Matrigel with media containing VEGF-A, and tube formation was observed by 
taking pictures every 20 min. Scale bar: 100 µm, same for every image per condition.   
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ER stress affected endothelial cell behaviour across different migratory strategies (single vs. 

collective) in every dimension. Distorted collective migration in 2D was exclusively dependent 

on PERK-signalling as inhibition of PERK prevented the decrease in speed and directionality. 

After activation of PERK upon ER stress induction, PERK phosphorylates eIF2a leading to 

the attenuation of global translation which reduces the folding demand on the ER. 

Phosphorylated eIF2a also leads to the translation of ATF4. ATF4 as a transcription factor 

induces the expression of genes involved in protein folding, amino-acid metabolism, the 

antioxidant response, autophagy and apoptosis. Under prolonged ER stress, the PERK-eIF2a 

pathway activates ATF4/CHOP expression and induces apoptosis of the cell (Limia et al. 

2019). Inhibition of PERK with PERK44 showed positive effects in HUVECs during collective 

mesenchymal migration. In contrast, inhibiting ATF6 or IREa with Ceapin A7 or AMG 18 

hydrochloride, respectively, negatively impacted collective migration showing an even further 

decrease in speed after ER stress reduction. These findings suggest that ATF6 and IRE1a 

signalling are required in HUVECs for collective migration whereas PERK signalling negatively 

impacts migration in terms of speed and directionality after ER stress induction.  

 

Intracellular analysis of cells during collective migration revealed that all cytoskeletal 

components, in particular the actin cytoskeleton and FAs, showed strong misalignments to the 

migratory axis. F-actin fibers on the ventral and dorsal plane were orientated perpendicular to 

the migratory axis. The distortion in actin cytoskeleton and FA dynamics led to non-productive 

membrane dynamics in TN-treated HUVECs. Interestingly, cells under ER stress showed 

more dynamic protrusions and a constant turnover of the membrane (membrane “ruffles”), yet 

the cells did not move forward and seemed stuck in place for longer time periods (a similar 

phenotype to the one observed during single migration on 1D micropatterned lines). As TN-

treatment reduced the number of FA spots at the leading edge, it can be hypothesized that the 

membrane at the front is less anchored to the ECM explaining the observed increase in 

membrane dynamics. Further, missing adhesions at the front prevent the capacity of the cell 

to generate traction forces and move forward. The central transducer of forces that controls 

FA assembly and disassembly is FAK (Hu et al. 2014). FAK regulates important 

mechanosignalling pathways like RhoA and ROCK, but also mechanosensitive ion channel 

components (e.g. Piezo1). Recently, the mechanism by which force generation at FAs 

increases FAK phosphorylation and therefore activity was revealed (Fernández-Yagüe et al. 

2025). FAK activity showed a highly polarized pattern where high traction forces generated by 

growing FAs at the leading edge precede FAK activity. In summary, traction forces and higher 

FAK activity is found at the leading edge, while smaller FAs at the rear exhibit reduced traction 

forces and less FAK activity (Fernández-Yagüe et al. 2025).  
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It can be suggested that ER stress induction affects the speed of migration through a 

combination of misaligned F-actin fibers, decreased FA size and therefore likely less FAK 

activity at the front. Since actin retrograde flow is also required for efficient migration 

(Hohmann and Dehghani 2019), aligned F-actin fibers and FAs at the front provide the 

necessary protrusion forces for efficient migration under control conditions. The misaligned F-

actin fibers could slow down the actin retrograde flow and in combination with smaller FAs and 

less traction force prevent successful movement forwards.  

PERK inhibition prevented this misalignment, suggesting that PERK signalling directly affects 

cytoskeletal dynamics. Previous studies support this notion as PERK was shown to directly 

interact with the actin regulator filamin A in other cellular models. Filamin A interacts with the 

F-actin cytoskeleton, forming crosslinked, orthogonal networks (van Vliet and Agostinis 2017). 

Filamins are known regulators of plasma membrane-localized Ca2+ receptors and connect the 

ER to the actin cytoskeleton. In HEK293T cells, PERK deficiency led to a peripheral and strong 

cortical distribution of F-actin, suggesting that PERK signalling influences actin polymerization 

and polarization through filamin A. F-actin deposition directly underneath the plasma 

membrane was found in PERK-lacking cells, which led to a significant reduction in ER-plasma 

membrane contacts. Interestingly, this study found an unprecedented role of PERK in the 

regulation of the actin cytoskeleton and ER-plasma membrane signalling (van Vliet et al. 

2017). While this would suggest that PERK inhibition further disturbs the actin cytoskeleton 

organization, it should be mentioned that the interaction of PERK and filamin A in this study 

was proven in an UPR-independent context. It should therefore be evaluated, if the same 

signalling pathways occur during ER stress conditions and whether PERK inhibition would 

result in a decrease in ER-plasma membrane contacts in HUVECs during collective migration 

as well. ER-plasma membrane contacts have already been proven to play a role during 

persistent directional migration. The contact gradient was shown to be proportionate to the 

migration speed, with contacts predominantly found at the leading edge. Loss of the contact 

gradient played an inhibitory role in cell migration (Gong et al. 2024). Taken together, these 

findings suggest that ER stress induction leads to a decrease in ER association to the plasma 

membrane.  

 

A compelling new study revealed different ER-cytoskeleton dynamics depending on the edge 

curvature of the surrounding cell monolayer. While lamellipodia crawling is found at convex 

edges, string-like movements occur at concave edges. During lamellipodia crawling, epithelial 

cells display branched actin polymerization and FAs that are oriented perpendicularly. String-

like movements happen through actin bundle formation and parallely oriented FAs. Upon 

inspection of the organelle response to the large-scale geometrical cue, the authors found that 

especially the ER showed a significant change in morphology with ER tubule formation 
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observed at convex edges and ER sheet-like morphology found at concave edges which 

proves a clear curvature-dependent structural organization of the ER (Rawal et al. 2025). 

While this data was obtained in epithelial cells without the context of ER stress induction, it 

suggests an interesting correlation between the intracellular organization and the morphology 

of the cell monolayer. It should be considered that while ER stress induces morphological 

changes in cytoskeleton distribution and organelle organization, the large-scale geometrical 

cues might play into the misalignments observed during collective migration under ER stress. 

In addition, this organization can emerge from single cell signalling dependent on the ER, e.g. 

the ER frequently reaches the plasma membrane at the cell front of leader cells. This could 

lead to local and global Ca2+ signalling, as recently shown (Benedetti et al. 2025), which is 

known to control cytoskeleton and membrane dynamics providing an alternative mechanism 

for this response.  

 

In this thesis, PERK-dependent ER stress was shown to impact cytoskeletal dynamics. The 

misalignments of the F-actin cytoskeleton together with a change in FA dynamics led to 

changes in migratory speed, while the disturbed orientation of microtubules impacted cell 

polarity and directionality of cell migration. Microtubule organization is essential for proper 

intracellular organelle distribution and polarized trafficking to the cell front and cell rear 

(Wehrle-Haller and Imhof 2003). Microtubules directly interact with organelles like the ER and 

mitochondria (Tikhomirova et al. 2022). ER stress induction distorted microtubule organization 

and consequently organelle distribution inside the cell. Though ER morphology did not change 

significantly, with ER sheet and ER tubules still being distinguishable, ER alignment mirrored 

the misalignment already described for the cytoskeleton: ER tubules were oriented 

perpendicular to the migratory axis, a distortion that could be prevented through PERK 

inhibition. Previous studies support the connection between ER and microtubule organization 

showing PERK as direct regulator of ER distribution. Using different epithelial cells (MCF10A, 

HeLa and MDA-MB231), the study reported that PERK depletion resulted in an impairment of 

ER subcellular distribution upon TN-treatment. As several ER membrane proteins engage with 

microtubules, e.g. ribosome-binding protein 1 (RRBP1) and Climp63, the interaction between 

ER and microtubules was shown. The authors found that ER-microtubule anchoring occurs 

through RRBP1/p180-atubulin interaction. This interaction is decreased upon TN-treated ER 

stress induction and increased after PERK knockdown in epithelial cells (Sánchez-Álvarez et 

al. 2025). While the same impaired ER subcellular distribution could not be observed in 

HUVECs during directional migration, the connection between ER and microtubules should 

be considered for further evaluation. This thesis clearly showed that the misalignment 

observed for ER tubules was also found in microtubule distribution. The anchoring between 
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ER and microtubules indicates a coordinated phenotype with microtubule organization 

influencing ER distribution and vice versa.  

 

Mitochondria showed the same perpendicular orientation which is consequent with the ER 

and microtubule misalignments. The interest in the mechanisms that regulate mitochondria 

dynamics under ER stress has grown in recent years. It was shown that the PERK arm of the 

UPR was responsible for the adaptive remodelling of phosphatidic acid in the OMM which 

results in protective mitochondria elongation upon acute ER stress. This elongation aims at 

reducing premature mitochondria fragmentation and keeps mitochondrial respiratory chain 

activity intact (Perea et al. 2023). A previous study found a similar phenotype of ER stress-

induced mitochondrial hyperfusion being dependent on PERK signalling. Here, 

pharmacological or genetic inhibition of PERK leads to increased mitochondria fragmentation 

and impaired mitochondria activity (Lebeau et al. 2018). Both of these studies reported PERK-

dependent changes in mitochondria morphology in HeLa cells upon ER stress reduction. 

While the phenotype of hyperfused mitochondria could be suggested in HUVECs after TN-

treatment, blockade of PERK activation was insufficient to prevent this response, suggesting 

that other signalling pathways activated by ER stress are required for mitochondria fusion.  

 

As ER and mitochondria are closely associated and form direct contacts (MERCs), the 

question arises how ER stress influences the signalling between these organelles. ER and 

mitochondria are known to interact. Both use microtubules for transport (Tikhomirova et al. 

2022), so changes in microtubule organization and ER distribution strongly suggest that the 

interaction patterns of MERCs are also changed under the ER stress phenotype. The data 

obtained in this thesis proves that ER stress leads to a decrease in the number of MERCs. 

Ultrastructural analysis of MERCs also indicates that the distance between ER and 

mitochondria is increased upon ER stress induction with TN-treatment. Previous studies 

already investigated the relationship between MERCs under different conditions. MERCs play 

an important role in different cellular processes like Ca2+ transfer, lipid metabolism, 

mitochondrial dynamics and cell death through apoptosis and autophagy (C. Chen et al. 2025). 

One study found that ER stress promoted the Ca2+ transfer from the ER to mitochondria which 

led to Ca2+ overload, decreased mitochondria membrane potential, increased mitochondrial 

fission and mitophagy. Further, depolarisation is known to fragment mitochondria, leading to 

smaller mitochondria. Damaged or dysfunctional mitochondria undergo increased 

fragmentation from the healthy mitochondrial network to keep mitochondria homeostasis intact 

(C. Li et al. 2022). These findings are in line with the results of this thesis and offer a potential 

explanation for the changes in ∆Y observed during ER stress. TN-treatment led to an 

increased duration of depolarization events during directional migration. The observed 



 88 

mitochondrial “flickers” were reduced upon ER stress induction as repolarisation events 

occurred less frequently compared to control conditions. Even though PLA and ultrastructural 

analysis suggest less contact between ER and mitochondria, the increased Ca2+ leak though 

remaining contacts could be responsible for the longer depolarizations observed. Another 

study further reported that the distance between ER and mitochondria is a critical parameter 

for optimal Ca2+ transfer efficiency. The Ca2+ transfer occurs through ER-located inositol-1,4,5-

trisphosphate receptors (IP3Rs) on the ER membrane and VDAC1 on the OMM. Interestingly, 

the study revealed that there is an optimal distance for high efficient Ca2+ transfer of 20 nm. A 

distance of 10 nm still allowed Ca2+ transfer, but it was significantly less efficient (Dematteis et 

al. 2024). To put these findings in the context of the observed MERC dynamics upon ER stress 

induction, it could be hypothesized that the increase in MERC distance after TN-treatment 

observed in ultrastructural analysis leads to more “efficient” Ca2+ leak from ER to mitochondria 

even if the number of MERCs is reduced. Taking Ca2+ signalling into consideration, it should 

be mentioned that while the ER stress in this thesis was induced through TN-treatment which 

directly affects protein binding, changes in the Ca2+ homeostasis of the ER are also a known 

inducer of ER stress. As the ER is the main intracellular store for Ca2+, consequently even 

moderate changes in Ca2+ concentration have been shown as ER stress inducers. Inhibitors 

like thapsigargin act on the sarcoplasmic/endoplasmic reticulum Ca2+-ATPase (SERCA) pump 

and prevent Ca2+ uptake from the cytosol into the ER therefore depleting the ER’s luminal Ca2+ 

concentration (Abdullahi et al. 2017). IRE1a and PERK sense these changes in luminal Ca2+ 

and initiate the UPR. While IRE1a reacts more rapidly than PERK, it is feasible that the 

observed dynamics in MERCs upon TN-treatment might ultimately affect the ER luminal Ca2+ 

concentration leading to a positive feedback loop and continuous ER stress induction over 

time.  

 

As key ion channels like TRPC6 (predominantly found in the plasma membrane) and VDAC1 

are known players in the intracellular Ca2+ signalling, their contribution to the observed 

migratory changes was determined. Neither inhibition of TRPC6 nor VDAC1 was successful 

in preventing the decrease in speed and directionality upon ER stress induction. However, it 

was found that inhibition of VDAC1 in absence of ER stress led to a significant decrease in 

speed during collective mesenchymal cell migration. This suggests that VDAC1 activity is 

required for directional migration under resting conditions. Consequently, inhibition of VDAC1 

could not restore the reduced migration during ER stress, as both individually negatively 

impact collective migration. Using both a broad blocker of Piezo and TRPC6 and a selective 

blocker for TRPC6 showed that while neither were effective in preventing the reduction in 

directional migration after TN-treatment, they effectively prevented the decrease in speed 
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during random migration. This suggests the contribution of TRPC6 during random migration, 

proposing that the role of these channels is more prominent in follower cells than in leader 

cells. However, how these and other channels differentially regulate the behaviour of leader 

and follower cells during directional and random migration, respectively, should be further 

explored. 

 

When evaluating mitochondria function, it is important to mention the contributions of organelle 

pH. In mitochondria, the transmembrane pH gradient is used together with the electrical 

gradient (∆Y) to generate ATP through OXPHOS. Until very recently, pH within a single 

organelle was assumed to be uniform. Using a new pH-sensitive reporter called SeRapHin 

and targeting it to mitochondria made it possible to map the pH in single mitochondria. 

Preliminary experiments with this reporter obtained during the internship at the laboratory of 

Yamuna Krishnan (University of Chicago) showed that SeRapHin can be targeted to 

mitochondria and allows long-term pH mapping (Fig. 37A). To calibrate SeRapHin and avoid 

interference of the probe with autofluorescence, it was targeted to the cell surface where it 

showed different fluorescent properties depending on the extracellular pH (Fig. 37B). The 

detailed method to analyze the fluorescent ratios obtained during pH mapping is described in 

this recently published study (Lee et al. 2025). Importantly, this study revealed that single 

mitochondria do not harbour a uniform pH, but rather display up to 4-fold variation in pH 

spanning from pH 7.8-8.4 (Lee et al. 2025). These pH variations are in line with previous report 

proving that individual cristae in the same mitochondria harbour different ∆Y and act 

functionally independent from each other (Wolf et al. 2019). Overall, these findings suggest 

that more than the contribution of single distinct proteins, the observed changes in directional 

migration upon ER stress induction might emerge from a combination of spatially distributed 

changes in pH and ∆Y that lead to alternate mitochondria functions compared to the ones 

observed under control conditions. The latter means that several ion channels, transporters 

and enzymes could contribute to this response, and therefore the blockade or perturbations 

in the expression of single proteins might mask their contribution by the functional 

compensation of other clusters of proteins.  

Recently, the concept of mechano-metabolism has been used to define the relation between 

the mechanical sensing of the microenvironment (mechanobiology) and its coupling to the 

energetic state of the cell or metabolism (Dupont 2025).The data obtained during this thesis 

suggest that the mechano-metabolic profile of migrating cells is changed during ER stress, 

which leads to changes in mitochondrial structure and function downstream of the UPR. One 

of the key enzymes that control the mechano-metabolism signalling required for cell migration 

is AMP-activated protein kinase (AMPK), as shown recently (Crosas-Molist et al. 2023; 
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reviewed in: Fabiano, Poole, and Reinhart-King 2025). Interestingly, AMPK activation is, in 

general, associated with prevention or alleviation of ER stress (Dong et al. 2010). Therefore, 

it would be interesting to test whether more than specific mitochondrial ion channels, the 

activation of this pathway could restore the migratory capacity of HUVECs.  

  

Figure 37: SeRapHin maps intracellular pH changes.  

(A) Representative pictures of control HeLa cells 1 hour (top panel) and 6 hours (bottom panel) after 
SeRapHin incubation. Pictures show HeLa cells in brightfield, SeRapHin signal in the green channel 
(G) and red channel (R), a merge of (G) and (R) and the generated G/R value.  
(B) Representative pictures of control HeLa cells at extracellular pH 5.5 (top panel) and pH 8.5 (bottom 
panel). To calibrate SeRapHin signal, the reporter was targeted to the cell surface. Pictures show HeLa 
cells in brightfield, SeRapHin signal in the green channel (G) and red channel (R), a merge of (G) and 
(R) and the generated G/R and R/G values, respectively. 
These pictures show preliminary results obtained during an internship at the Krishnan laboratory at the 
University of Chicago. HeLa cell pictures and analysis of G/R and R/G values were generated with the 
help of Sangyoon Lee.  
For a brief explanantion: (G) shows a higher fluorescence at acidic pH values, while (R) shows a higher 
fluorescence at basic pH values. The generated G/R or R/G calibration curve allows for pH mapping of 
pH in the range of pH 5.5-10.5. Lee et al. (2025).   
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Outlook 

The results of this thesis suggest a key role for mitochondria during single and collective 

migration, in particular during directional migration. Cells migrating in a complex 

microenvironment, e.g. during branching in angiogenesis, often face obstacles like bifurcating 

junctions where they have to decide on one direction to continue their migration. Until recently, 

it was unknown how cells behave when encountering a symmetric bifurcation without any 

external cue or geometrical constraints (Ron et al. 2024). In vitro studies have shown that 

while deciding on a path inside a junction, cells form multiple protrusions that explore the 

possible arms of each junction. A new theoretical framework predicts that these polarization 

events inside a symmetric Y-shaped junction undergo deterministic actin-dependent 

oscillations of the plasma membrane, which result in cycles of elongation and retraction of the 

protrusive fronts. The dynamics of each protrusive arm are described by (1) arm length, (2) 

local actin polymerization speed at the leading edge, and (3) concentration of adhesions at 

the leading edge. This model predicted that cells with lower actin polymerization speed tend 

to get trapped inside a junction and directional decision-making takes longer compared to cells 

with a higher actin polymerization speed (HUVECs vs. human glioma propagating cells, 

respectively) (Ron et al. 2024). Very recently, this theoretical model was extended to describe 

cells that simultaneously span multiple junctions and display a highly branched phenotype. 

Effectively, the advanced model revealed a trade-off between local exploration and the 

efficiency of long-range cell migration. Indeed, while a larger number of cellular branches 

increases local sensing and exploration of the microenvironment, it reduces cell polarity 

resulting in less motility (Liu et al. 2026).  

Both models focus on the protrusion dynamics at the leading edge during directional migration 

and emphasize the importance of the actin polymerization speed. While these findings 

highlight the significance of the actin cytoskeleton during directional migration, they do not yet 

address the relevance of membrane-bound organelles, such as mitochondria. As shown in 

this thesis, mitochondria accumulate inside the protrusion that ends up determining the 

direction of migration during single random migration. Further, they were shown to move into 

the leading edge and display deterministic depolarization events. Monitoring mitochondria 

dynamics during directional migration inside symmetric Y-shaped junctions (20 µm hexagonal 

micropattern) revealed that mitochondria depolarize at the cell front before and during the 

decision-making process (Fig. 38). While there were still depolarizations observed in the 

losing arm, it can be speculated that while being trapped inside the junction, each arm explores 

the possible paths and as mitochondria are present in each exploring arm, the arm with more 

mitochondria content and higher depolarization events ends up deciding the direction (Fig. 
38, zoom 02:42:30 h:min:sec and zoom 02:50:30 h:min:sec). In addition, since mitochondria 
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are associated with FAs, it is conceivable that the arm with more mitochondria will have more 

stable protrusions, more energy available, and therefore will become the winning arm. 

Extending the current models with these preliminary observations will significantly advance 

the field by incorporating concepts of mechano-metabolism during cell migration.  

Finally, this thesis has opened several unexplored questions about the interplay between the 

cytoskeleton, membrane-bound organelles, and signalling, proving that directional migration, 

especially directional decision-making, is a very complex process where multiple intracellular 

networks are finely tuned in order to determine the direction of migration.  
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Figure 38: Mitochondria activity is increased during directional decision-making. 

Composite pictures of mitochondria transfected with mitoGFP (red) and stained with TMRE (blue) 
observed during migration over a 1D micropatterned symmetric Y-junction (hexagon shape). 
Mitochondria activity is shown at indicated timepoints, depolarisation events are indicated with red 
arrows, the direction of migration is indicated with white arrows. The zoom-in pictures on the bottom, 
respectively, show mitochondria activity at the cell front at indicated timepoints. Scale bar: 20 µm for 
whole-field of view. 
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Supplementary Figure 1: Vehicle DMSO does 
not induce significant changes in directional 
migration.  

Graph shows the instantaneous mean speed of 
collectively migrating HUVECs in µm/min for control 
conditions (grey), DMSO-treated (vehicle, green) and 
TN-treated cells (purple). Yellow area shows violin 
plots for random migration, light purple area for 
directional migration. Statistical analysis was 
performed for plots of the same condition, random 
and directional migration was compared. Cells under 
control conditions were the only ones showing a 
significant increase in speed during directional 
migration. ***P < 0.001, Kruskal Wallis test. n > 1000 
cells for each condition. 
 

Supplementary Figure 2: ER stress disrupts actin cables over the nucleus.  

Top panel: Representative confocal pictures of control cells (left), TN-treated cells (middle) and PERK44 
+ TN-treated cells (right) migrating towards the right. Cells were stained for F-actin (grey) and nucleus 
(pink), inverted LUT. Top panel shows the F-actin fibers on the ventral plane underneath the nucleus.  
Middle panel: Scheme depicting the differences in actin fibers over the nucleus: actin caps over the 
nucleus are aligned with the cell polarity axis and anchored to focal adhesions at the front and rear part. 
TAN lines over the nucleus show a perpendicular orientation to the cell polarity axis and are not 
associated to focal adhesions.  
Bottom panel: Representative confocal pictures of control cells (left), TN-treated cells (middle) and 
PERK44 + TN-treated cells (right) migrating towards the right. Cells were stained for F-actin (grey) and 
nucleus (pink), inverted LUT. Top panel shows the F-actin fibers on the dorsal plane over the nucleus. 
Scale bars: 10 µm for every corresponding picture. Black arrows indicated the direction of migration. 
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Supplementary Figure 4: ER stress reduces mitochondria-ER contacts (MERCs).  

Representative confocal pictures of control cells (left panel), TN-treated cells (middle panel) and 
PERK44 + TN-treated cells (right panel) migrating towards the right. Cells were stained for F-actin 
(grey), mitochondria (red) and nucleus (pink). Proximity Ligation Assay is depicted through dots (blue). 
Each dot corresponds to protein contact between mitochondria (TOM20) and ER (NOGO). Scale bar: 
10 µm, same for each image. Black arrow indicated the direction of migration.  
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Supplementary Figure 3: Smaller 
mitochondria co-localize with 
focal adhesion at the cell front. 

Representative confocal pictures of 
control cells (top panel), TN-treated 
cells (middle panel) and PERK44 + 
TN-treated cells (bottom panel) 
migrating towards the right. Cells were 
stained for F-actin (grey), FAs (red), 
mitochondria (blue) and nucleus 
(pink). Scale bar: 10 um, same for 
each image.  
Black arrow indicates the direction of 
migration.    
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Supplementary Figure 5: FCCP treatment prevents tube formation during angiogensis.  

Representative pictures of control cells (top panel) and  50 µM FCCP-treated cells (bottom panel) during 
tube formation [angiogenesis assay] at indicated timepoints. Cells were plated inside a Matrigel with 
media containing VEGF-A, and tube formation was observed by taking pictures every 20 min. Scale 
bar: 100 µm, same for every image per condition.   
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